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A combination of experimental J/NOE NMR data with molecular mechanics and dynamics
calculations has been used to examine the conformational behaviour and assign the configuration of
synthetically prepared epimeric 3-carboxymethyl-O-Gal-(1→1)-a-Man-fluoro-C-glycosides. It is shown
that the population distributions around the glycosidic linkages strongly depend on the configuration at
the fluorinated carbon of the pseudoacetal residue. It is also shown that these compounds resemble the
inhibition ability of sialyl LeX towards P-selectin.


Introduction


Carbohydrate–protein interactions are involved in a wide variety
of biological cell–cell recognition events such as embryogenesis,
fertilization, hormonal activities and in cell proliferation and
organization into specific tissues. These interactions are also
involved in the invasion and attachment of pathogens, inflam-
mation, metastasis, blood group recognition and immunology.1


Sugar mimics that are able to bind viral and microbial surface
lectins, thereby providing potential protection against infection,
have recently received great synthetic and structural attention.2


C-Glycosides, where the exo glycosidic oxygen in the natural O-
glycosides is replaced with a methylene group, are attractive due
to their chemical and enzymatic stability.3 It is important that
these compounds exhibit similar three-dimensional structures as
their parent O-glycosides, so that the recognition process is not
compromised.4 However, the substitution of the acetal oxygen
atoms by methylene groups results in changes in the flexibility
and population distributions around the inter-residue linkages.
In particular we have shown that C-analogues are rather more
flexible than the natural compounds, possibly because of the
absence of the exo-anomeric effect,5 and may access a larger
variety of conformations. Nevertheless, this greater flexibility
may lead to an increase in affinity if there is an enthalpic
gain that exceeds the entropic penalty. However, in cases where
the bound conformation resembles the ground state of the O-
glycoside, C-glycosides with close conformational behaviour to
O-glycosides would be desirable, and, in principle, we guessed
that this could be achieved by introducing substituents in the
methylene link.6 Sialyl Lewis X (sLex) is a terminal tetrasaccharide
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expressed on the surface of tumor cells and neutrophils and its
interaction with the selectins has been associated with cancer
metastasis and inflammation disorders. Among the drawbacks
with advancement of sLex as a drug are its relatively weak selectin
binding, the high cost of synthesis and its poor bioavailability.7


Accordingly, relatively simple mimics like the a-O-Gal-(1,1)-b-
Man 1, which we recently found to be similar in activity to
sLex in a P-selectin binding assay, have attracted attention.8 The
disaccharide of residue 1 presumably acts as a replacement for the
Gal-GlcNAc-Fuc trisaccharide of sLex, and the carboxymethyl
group incorporated into the 3-OH group of the galactose segment
plays the role of the sialic acid. The C-glycosyl analogue 2 is of
interest as a potential therapeutic agent because of its hydrolytic
stability, and its conformational properties may be of relevance to
structure–activity studies. We have previously shown that 2 is more
flexible than 1 with respect to the intersaccharide torsions.5 Herein,
using a protocol based on a combination of NMR spectroscopy
and molecular mechanics and dynamics calculations, we have
investigated the conformational behaviour of epimers 3 and 49—
analogues of 2 with a fluorine substituent in the pseudoglycoside
position (Fig. 1)—and applied this information to unambiguously


Fig. 1 Structures of 1–4.
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assign their configuration. It is shown that the conformational
distribution around the glycosidic linkages of 3 and 4 is very
different. In addition, evaluation of these compounds in a P-
selectin binding assay indicated that the analogue with a major
population of the exo-anomeric conformation with respect to the
galactose residue was approximately two-fold more active than
that showing an almost negligible presentation of this geometry.


Results and discussion


Molecular modeling studies


At the onset, the configuration at the fluorinated carbon in 3
and 4 was not known. The potential energy surfaces for both
epimers were calculated using the MM3*10 force field, as previously
described (Fig. 2).11–13 These maps are useful to delimit the
low-energy regions that are accessible to rotation around the


glycosidic torsion angles UGal (H1Gal–C1Gal–X–C1Man) and UMan


(H1Man–C1Man–X–C1Gal). Five principal low-energy conformer
types were obtained for both the R and S epimers, but with
very different populations: (A) exo-UGal/non-exo-UMan, (B) exo-
UGal/exo-UMan, (C) non-exo-UGal/exo-UMan, (D) anti-UGal/non-
exo-UMan, (E) anti-UGal/exo-UMan. These conformations are shown
in Fig. 3, and their geometries and relative energies summarized in
Table 1. The different conformers have been dubbed, exo, non-
exo and anti with respect to glyconic torsions UGal and UMan,
by analogy with the exo-anomeric notation for O-glycosides.
Thus exo-UGal and exo-UMan correspond to values of ca. +60◦


and −60◦ respectively, non-exo-UGal and non-exo-UMan to −60◦


and +60◦ respectively, and anti-UGal and anti-UMan to 180◦. For
the S epimer, the “natural” conformer B, with the double exo-
anomeric orientation, is the major one (ca. 40%) followed by
non-exo-UGal/non-exo-UMan (28%), anti-UGal/exo-UMan (15%) and
anti-UGal/non-exo-UMan (12%). For the R epimer, according to


Fig. 2 Steric energy maps (UMan, UGal) calculated by MM3* with e = 80. Left, R; right, S. Contours are given every 2.5 kJ mol−1.


Table 1 Comparison between the inter-residue proton–proton distances calculated by MM3* for the conformers A–E of the R and S epimers
(approximate UGal and UMan angles in parentheses), and the observed NOEs in the NOESY spectrum at 600 ms mixing time (S, strong; M, medium; W,
weak; VW, very weak) for 3 and 4. In all cases, NOEs or ROEs were positive, i.e. the cross peaks showed different sign to the diagonal peaks, as expected
for small molecules. Relative steric energies for R and S epimers (DE, kJ mol-1) are also given. Interproton distances corresponding to exclusive NOEs12


of the R or S epimers are shown in bold. Nevertheless, for two interproton distances, i.e., CHF–3M and CHF–5M, two different conformers, A and D,
show short interproton distances and may explain the observed NOEs


Conformer
(UGal/UMan)


A(60/60)
exo/non-exo


B(50/−50)
exo/exo


C(−70/70)
non-exo/non-exo


D(−170/60)
anti/non-exo


E(180/−70)
anti/exo


DE (R isomer) — — 0.0 0.97 4.17 5.74 10.54
DE (S isomer) — — 3.57 0.0 0.54 5.14 2.72


(3) NOE exp.
(%)/distance


(4) NOE exp.
(%)/distance


calc. distance
R/S


calc. distance
R/S


calc. distance
R/S


calc. distance
R/S


calc. distance
R/S


1G–1M — — 3.15 2.47 3.39 3.85 3.83
1G–2M S (13)/2.30 — 2.28 4.35 4.78 3.96 4.77
1G–3M Overlap Overlap 3.45 5.16 4.40 4.28 4.89
1G–5M Overlap Overlap 4.54 4.28 2.49 4.59 4.13
CHF–2G M (3)/3.16 M (3)/3.07 3.14/3.24 3.18/2.57 2.53/4.06 3.81/3.24 3.85/3.18
CHF–2M M (2)/3.19 M (3)/3.07 3.17/3.13 2.49/3.27 2.69/3.02 3.37/3.90 2.45/2.90
CHF–3M S (13)/2.32 MS (7)/2.66 2.44/2.36 3.36/2.49 3.73/2.42 2.51/4.05 3.43/2.39
CHF–5M Overlap S (11)/2.47 2.34/2.20 4.02/2.32 4.06/2.39 2.11/2.94 3.86/2.51
1M–2G VW (0.5)/4.00 M (4)/3.03 4.35 4.71 3.00 2.52 3.28
1M–3G — — 5.42 5.13 4.95 5.10 5.53
1M–5G — — 3.98 4.14 5.48 5.44 4.75
2M–G2 — — 5.02 5.34 4.82 2.73 5.11
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Fig. 3 Stereoviews of the global and local minima of R and S epimers according to MM3* calculations. (A) Conformer A; (B) conformer B; (C)
conformer C; (D) conformer D; (E) conformer E. See Table 1 for the UGal and UMan torsions of the different conformers.


MM3*, the major conformer is not the natural one, but the exo-
UGal/non-exo-UMan (65%) followed by the double exo conformer
(26%), and very minor contributions of C, D and E. In addition,
the conformational stability of the different conformers of both
epimers was checked by using MD simulations,14 also with the
MM3* force field. Some of the computed UMan/UGal distributions
are displayed in Fig. 4.


Examination of proton–proton distances for the R/S epimers
of the five different conformational families reveals several values
of close to 2.5 Å that are exclusive to one (or a maximum of


two) conformations of the R or S epimers. Observation of a
NOE15 corresponding to any of these distances could indicate
the presence of the associated geometries and may be also helpful
in the assignment of the yet unknown R/S configuration. These
exclusive NOEs are shown in bold in Table 1.


Experimental confirmation of modeling data by NMR


The predictions from the force field calculations were compared
with the experimental data as determined from NMR to deduce
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Fig. 4 Frequency of sampling of UGal/UMan torsion angles from the MD simulations (MM3*) for R (top) and S (bottom) epimers.


the stereochemical assignment and final conformational distri-
bution for 3 and 4. The chemical shifts in D2O are listed in
Table 2. The assignment of the resonances was made through
a combination of COSY, TOCSY, 1D and 2D-NOESY/ROESY,
and HSQC experiments.


The J values for the ring protons indicate that all the pyranose
chairs adopt the usual 4C1 chair, independent of the size of the
molecule and of the nature of the C- or O-glycosidic linkage
(Table 3). The intermediate observed values for the C5–C6
lateral chains are in agreement with equilibria between the tg:gt
conformers for the Gal/pseudoGal rings and the gg:gt conformers
for the Man moieties.16


Table 2 1H NMR chemical shifts (d, ppm) and vicinal coupling constants
(J, Hz) for compounds 3 and 4


Comp. 3 d/ppm (J/Hz) 4 d/ppm (J/Hz)


H1M 4.32 (16.30, 8.69) 4.34 (15.43, 7.02)
H2M 3.97 4.21
H3M 3.65 3.84 (8.78)
H4M 3.62 3.63
H5M 3.66 3.58
H6aM 3.82 (−12.0) 3.80 (−12.04)
H6bM 3.72 3.64
CHF 5.13 (47.55, 8.61) 5.09 (46.51, 6.98)
H1′G 3.39 (29.75, 10.3) 3.68
H2′G 3.93 (10.3) 3.89
H3′G 3.45 (9.56) 3.42 (8.88)
H4′G 4.07 4.06
H5′G 3.61 3.61
H6′aG 3.72 3.71 (−12.04)
H6′bG 3.66 3.69


Table 3 Expected J values (Hz) for the basic conformations around
UGal and UMan angles for R and S analogues, deduced by applying the
generalized Karplus17a equation proposed by Altona17b to the geometries
provided by MM3* molecular mechanics calculations, and by applying the
Karplus-type equation for the JH,F constants18


Expected for conformer (J/Hz) Exp. (J/Hz)


Atom pair A B C D E 3 4


R epimer
G-1′H/CHF 0.4 −0.3 7.9 4.7 4.2 <1 <1
G-1′H/F 34.2 36.2 15.1 12.2 16.2 29.6 overlap
M-1H/CHF 9.7 −0.4 0.8 8.0 0.4 8.6 7.1
M-1H/F 11.0 35.9 30.1 14.5 36.1 16.3 15.4
S epimer
G-1′H/CHF 9.5 9.5 0.8 2.9 3.3 <1 <1
G-1′H/F 8.3 11.0 33.5 14.5 14.5 29.6 overlap
M-1H/CHF 0.8 9.5 8.7 0.8 9.5 8.6 7.0
M-1H/F 32.1 11.0 14.5 33.5 15.0 16.3 15.4


In a second step, NOESY and ROESY experiments were
carried out to determine the intensities of the observed NOEs.
Experimental proton–proton distances were obtained as described
in the experimental section and compared to those estimated by the
MM3* molecular mechanics and dynamics calculations (Table 1).
Experimental and calculated interglycosidic J values between the
proton or the fluorine attached to the intersaccharide bridge
and H-1Gal and H-1Man at the pseudoanomeric carbons were
also obtained (Table 3). The Karplus-type equation developed by
Chattopadhyaya was used for the theoretical values of the JH,F


constants.18


Comparison of the calculated H,H17a and H,F coupling con-
stants for compound 3 with the corresponding J values for the
geometries obtained from molecular mechanics, suggests that the
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possibilities for the major conformer population of 3 are the exo-
Gal/non-exo-Man conformer (i.e. A) of epimer R, or the non-
exo-UGal/exo-UMan (i.e. C) of epimer S. However, the observation
of a strong 1G–2M NOE, which is exclusive for conformer A,
and is not predicted for C, points to the R-epimer/conformer A
over the S-epimer/conformer C. This assignment is supported
by the observation of a NOE between CHF and 3M which is
also expected for the R-epimer/conformer A. A CHF–3M NOE
is also predicted for conformer D but a major contribution from
this conformer is unlikely, considering the weakness of the 1M–
2G NOE and the absence of 2M–2G, both of which are exclusive
NOEs for D. Therefore, compound 3 is the R epimer and on
the basis of J value analysis exists predominantly as a non-
natural conformer19 with a major non-exo-anomeric conformation
around the UMan glycosidic linkage, i.e., the exo-Gal/non-exo-Man
conformer (90%), with a minor contribution from the natural exo-
Gal/exo-Man conformer (<10%). Thus, the exo-Gal/exo-Man
conformer for epimer R seems to be largely overestimated by the
MM3* simulations within MACROMODEL20 (from 24% to less than
10%). The absence of the 1G–1M NOE, which is predicted to be
strong for conformer B is consistent with this conclusion.


Due to signal overlapping, only three of the four vicinal J values
were discernible for compound 4. Since these are very similar
to the corresponding values for 3, the same two possibilities,
i.e. R-epimer/conformer A and S-epimer/conformer C may be
considered. However, the lack of information for JG1H/CHF requires
that a third scenario, S-epimer/conformer E (anti-UGal/exo-UMan)
be entertained. The absence of an exclusive NOE for B (and A)
weighs against the possibility of 4 being the R-epimer/conformer
A. While the absence of a NOE does not generally exclude the
possibility of the associated conformation, the fact that the 1G–
2M NOE is not observed at all for 4 (whereas it is for 3), is more
in line with S-epimer/conformer C and/or S-epimer/conformer
E than R-epimer/conformer A. Strong CHF–3M and CHF–5M
NOEs support the presence of both conformers C and E but
an estimate of the conformer ratio is not possible because the
experimentally available J values for 4 are very similar to predicted
data for C and E. The observed J values do, however, rule out
the presence of A, B, and D. In any event, as is the case for
the R-epimer, the stability of the exo-Gal/exo-Man conformer
for epimer S is also overestimated by the MM3* simulations.
Therefore, the conformational behaviour of 3 (R-epimer) and 4
(S-epimer) is very different from each other, and from that of the
parent O-glycoside. The basis for these differences is presumably
rooted in steric and polar effects and remains to be investigated.


The interaction with P-selectin


The interaction of 3 and 4 with P-selectin was evaluated using
a soluble truncated form of human P-selectin in a Biacore assay
with an immobilized monomeric truncated form of human PSGL-
1 as the reference ligand.21 At 6 and 12 mM, 3 showed 19 and
39% inhibition respectively, and 4 showed 13 and 26% inhibition
respectively. O-Glycoside 1 exhibits 33 and 48% inhibition at these
concentrations, which is similar to the activity that was previously
noted for sLex in the Biacore assay.8,21 Unfortunately, the similar
activity of 1, 3 and 4 does not allow for any clear structure–activity
conclusions. Nevertheless, it is noteworthy that 1 and 3, which both
exist mainly (>90%) as exo-Gal rotamers, are clearly more active


than 4, which does not appear to have an appreciable population
of this “natural” orientation.


Conclusions


As described in earlier studies,5 the conformational distributions
around the glycosidic linkages of the parent O-glycoside 1 and its
C-glycoside analogue 2 are rather different. 1 populates almost
entirely (>93%) the natural exo-Gal/exo-Man (B) conformation,
whereas 2 is very flexible and exists in this conformation in only
30% population, with four other conformational families, A (42%),
C (6%), D (10%) and E (12%), present in solution.5 The present
investigation indicates that their fluorinated analogues also show
rather distinct conformational features. The R-fluoro-C-glycoside
3 exists predominantly as exo-Gal/nonexo-Man conformer A
(ca. 90%) with a minor population of B. The result for the S-
fluoro-C-glycoside 4 is not as conclusive, but it appears that this
analogue populates mainly non-natural conformers C and/or E.
With respect to their interaction with P-selectin both C-fluoro
disaccharides showed similar activity as the parent O-disaccharide.
In view of the very different conformational preferences, the
similar activity of these three analogues might be an indication
that they are not preorganized in an optimal conformation for
binding, and all incur similar energetic penalties in so doing. It is
possible that fluoro-C-glycoside mimics like 3 and 4 would provide
more meaningful structure–activity information in cases where the
glycosidic oxygen of the parent O-glycoside interacts directly with
the receptor. This is an avenue for future investigation.


Experimental


General


The synthesis of these compounds has been described elsewhere.9


Molecular modeling


Potential energy surfaces and population maps were calculated
using the MM3* force field,10 as implemented in MACROMODEL


7.1.20 The torsion angle UMan is defined as H1Man–C1Man–CHF–
C1Gal and UGal as H1Gal–C1Gal–CHF–C1Man. In a first step,
a rigid UGal/UMan map was calculated by using a grid step of 18◦


at each torsion coordinate.22,23 The corresponding 400 conformers
were optimized by fixing UGal/UMan at each corresponding value
to generate the relaxed energy map. The probability distribution
was calculated from the energy values according to a Boltzmann
function at 300 K. In all the molecular mechanics and dynamics
calculations, the GB/SA solvation model for water was used.


The molecular dynamics simulations were also performed using
the MM3* force field within MACROMODEL 7.1. For molecular
dynamics simulations, several geometries, corresponding to the
different low energy minima, were used as input. A temperature of
simulation of 300 K was employed with a time step of 1.5 fs and
an equilibration time of 100 ps. The total simulation time for each
compound was 5 ns.


NMR spectroscopy


1H-NMR (500 MHz) spectra were recorded at 30 ◦C in D2O, on
a Bruker DRX 500 spectrometer. Concentrations of ca. 5 mM of
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3 and 4 were used. Chemical shifts are reported in ppm, using
external TMS (0 ppm) as reference. The 2D-TOCSY experiment
(70 ms mixing time) was performed using a data matrix of 256 ×
2 K to digitize a spectral width of 3000 Hz. Four scans were used
per increment with a relaxation delay of 2 s. 2D-NOESY (600,
800 and 1000 ms) and 2D-T-ROESY experiments (300, 400 and
500 ms) used the standard sequences. 1D-Selective NOE spectra
were acquired using the double echo sequence proposed by Shaka
and co-workers24 at 250, 350, 450, and 550 ms of mixing time.
Distances were estimated from NOESY/ROESY experimental
data as follows: NOE intensities were normalized with respect to
the diagonal peak at zero mixing time. Selective T 1 measurements
were performed on the anomeric and several other protons to
obtain the values indicated in Table 1. Experimental NOEs were
fitted to a double exponential function, f (t) = p0(e−p1t)(1 − e−p2t)
with p0, p1 and p2 being adjustable parameters.5 The initial slope
was determined from the first derivative at time t = 0, f ′(0) =
p0p2. From the initial slopes, interproton distances were obtained
by employing the isolated spin pair approximation.


All the theoretical NOE calculations were automatically per-
formed by a home-made programme, which is available from the
authors upon request.22,23


P-Selectin inhibition assay


P-Selectin inhibition assays for 3 and 4 were performed using a
surface plasmon (Biacore) assay on a Biacore 3000 instrument,
following the published protocol.21 Biotinylated 19ek (a purified
monomeric truncated form of human PSGL-1) was immobilized
on SA sensor chip 11 and a soluble recombinant truncated form
of human P-selectin was delivered to the coated 19ek sensor chip
at 30 lL min-1 and 25 ◦C in the presence or absence of the test
ligand (see supporting information†).
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Skrydstrup and J. Jiménez-Barbero, J. Am. Chem. Soc., 2002, 124,
14940–14951.


4 (a) M. S. Searle and D. H. Williams, J. Am. Chem. Soc., 1992, 114,
10690–10697; (b) H.-J. Gabius, Pharm. Res., 1998, 15, 23–30; (c) T. K.
Dam and C. F. Brewer, Chem. Rev., 2002, 102, 387–429.
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19 J. F. Espinosa, F. J. Cañada, J. L. Asensio, M. Martı́n-Pastor, H.


Dietrich, M. Martı́n-Lomas, R. R. Schmidt and J. Jiménez-Barbero,
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Lomas, R. R. Schmidt and J. Jiménez-Barbero, Tetrahedron Lett., 1995,
36, 6329–6332.


23 J. L. Asensio, M. Martı́n-Pastor and J. Jiménez-Barbero, Int. J. Biol.
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Photochemical regulation of biological processes offers a high level of control to study intracellular
mechanisms with unprecedented spatial and temporal resolution. This report summarizes the advances
made in recent years, focusing predominantly on the in vivo regulation of gene function using
irradiation with UV light. The majority of the described applications entail the utilization of
photocaging groups installed either on a small molecule modulator of biomolecular function or directly
on a biological macromolecule itself.


Introduction


In order to elucidate biological processes on a molecular level,
precise external control over these processes is required.1–4 Light
represents an ideal external control element as it possesses several
advantages over traditional modulators of gene function. Most
importantly, light irradiation can be easily controlled in a spatial
and a temporal fashion, conveying spatiotemporal control of


North Carolina State University, Department of Chemistry, Campus Box
8204, Raleigh, NC 27695, USA. E-mail: alex_deiters@ncsu.edu; Fax: +1-
919-515-5079; Tel: +1-919-513-2958


Douglas Young was born in Colorado, US, and in 2003 received BS degrees in Chemistry and Biology from the University of Puget
Sound in Tacoma, Washington. He is currently a graduate student at North Carolina State University working under the supervision of
Professor Alexander Deiters. He has received numerous awards and is currently a GAANN (Graduate Assistance in Areas of National
Need) Biotechnology fellow. His current research interests include the application of solid-supported multicomponent reactions towards the
preparation of libraries of biologically active compounds, and the development of photochemical regulation systems for the study of genes.


Douglas Young Alexander Deiters


Alexander Deiters, born in Germany, studied Chemistry at the Univer-
sity of Münster, where he received his diploma degree in 1998 and his
doctoral degree in 2000 for work in Professor Hoppe’s group on novel
cyclization reactions with enantioenriched allyllithium compounds. In
2001 he joined Professor Stephen Martin’s lab at The University of
Texas at Austin where he worked as a postdoctoral fellow on the total
synthesis of indole alkaloids. In 2002 he began another postdoctorate in
Professor Peter Schultz’s lab at The Scripps Research Institute in La
Jolla, where he was engaged in the in vivo incorporation of unnatural
amino acids into proteins. Since 2004 he has been an Assistant Professor
of Chemistry at North Carolina State University and his current research
interests include the development of novel chemical tools to answer
biological questions with a particular emphasis on the photochemical
switching of gene activity. He has received several awards in recognition
of his research accomplishments, including fellowships from the German
National Academic Foundation, the Fund of the Chemical Industry,
the Alexander von Humboldt-Foundation, and the German Research
Foundation. He was recently awarded a Basil O’Connor Starter Scholar
Award from the March of Dimes Foundation.


biological activity to the system under study. Light irradiation
is a non-invasive technique that results in minimal secondary
perturbation of cellular processes, and the potential to regulate
its amplitude enables the ability to tune the desired biological
effect. Hence, the photochemical regulation of gene function is a
rapidly advancing research field in the functional genomics area.


Several reviews regarding the photochemical activation of small
molecules and biological macromolecules exist;5–11 however, this
Emerging Area report focuses predominantly on in vivo appli-
cations of light activatable molecules, with particular attention
paid to the light-activation of gene function. It provides a non-
comprehensive overview of recent developments in the application
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of light towards controlling the activity of genes and proteins in a
cellular environment.


Light activation of molecules: photocaging


Light-induced activation of biological processes is most commonly
achieved through the initial deactivation of a particular molecule
through installation of a photoprotecting group at a critical
position. This renders the molecule inactive, in a practice known as
“caging”.6 The photoprotecting group is removed upon irradiation
with UV light, thus restoring the biological activity, in a practice
known as “decaging” (Scheme 1). Several very effective caging
groups are known, including derivatives of the 2-nitrobenzyl group
1 and the coumarin moiety 2. Nitrobenzyl groups 1 are by far
the most common caging groups due to their facile synthesis
and easy installation on the molecule under study. They are
typically decorated with electron donating groups (e.g. OCH3) to
shift the absorption maximum to a longer wavelength, allowing
efficient decaging with non-photodamaging UV light of 365 nm
(Scheme 1).


Scheme 1 General decaging reaction and caging groups mentioned in this
report. Substituents on 1 include: R1 = H, R2 = H: o-nitrobenzyl (ONB);
R1 = OCH3, R2 = H: 4,5-dimethoxy-2-nitrobenzyl (DMNB); R1 =
OCH3, R2 = CH3; (4,5-dimethoxy-2-nitrophenyl)ethyl (DMNPE). 2:
6-bromo-7-hydroxycoumarin-4-ylmethyl (BHC).


Caged small-molecule modulators of gene function


Many mechanisms of gene regulation in vivo rely on small
molecule inducers of gene expression. Due to their facile chemical
manipulation, these organic ligands have become prime targets
for the photochemical regulation of genes. In many of these
cases, gene transcription is initiated or inhibited by a small
molecule–protein interaction. Most commonly the small molecule
binds to a protein, the activator, which subsequently binds to a
promoter sequence on the DNA, thus turning on gene expression
(Scheme 2). Examples of small molecule modulators of gene
expression include doxycycline/tetracycline, lactose, b-estradiol,
and ecdysone.1–4 Several of these molecules have been caged to
achieve photoregulation of expression systems.


The first example of employing a caged small molecule in an
inducible gene control system was based on the estrogen receptor,
and was reported by the Koh group.12 The estrogen receptor (ER)
is a nuclear hormone receptor that acts as a ligand-dependent
transcriptional activator in eukaryotes. Upon binding of estradiol
(4, Fig. 1), the ER undergoes a conformational change that leads to
release from a binding protein. It then binds to a specific eukaryotic
promoter, the estrogen response element, activating transcription
(Scheme 2). Koh et al. synthesized the 3-OH photocaged estradiol


Scheme 2 General mechanism of many small molecule inducers of
gene activation. Corresponding activator–promoter pairs discussed in
this report are the estrogen receptor–estrogen response element and
the reverse tetracycline-controlled transactivator–tetracycline responsive
promoter element (Tet-ON system).


5 and exposed HEK293 cells harboring a luciferase reporter
system under control of the ER to this compound. Cells irradiated
with UV light showed 86% of maximum luciferase activity,
in contrast to non-irradiated cells which only showed minimal
background activity.


Fig. 1 Photocaged ecdysone 3 and estradiol 4–6.


Subsequently, Lawrence et al. achieved photochemical control
of an ecdysone-inducible gene expression system employing the
same strategy.13 Caging of ecdysone was accomplished on the
most reactive 2-hydroxy position, leading to 3. A luciferase
reporter under control of the ecdysone inducible system was
transfected into mammalian cells, and probed for luciferase
expression with and without light irradiation. This was achieved
in a spatial fashion via spot irradiation with a 100 W Hg lamp
through a light microscope. Luciferase expression was detected at
approximately 60% of the level induced by the natural molecule,
and spatial control was achieved in tissue culture. Advantages of
both systems include low basal expression and high inducibility
upon light irradiation. Moreover, the ecdysteroids are exogenous
to mammalian systems and appear to have no toxic effects.


A problem associated with both systems is the limited duration
of transcriptional activation through diffusion of estradiol and
ecdysone out of the cell. Recently, Koh et al. solved this problem
by creating a permanent light-induced switching event through
covalent bond formation between the activated ligand and the
estrogen receptor (Fig. 2).14 Here, they employed a tamoxifen
selective mutant of the ligand binding domain of the ER fused to
Cre recombinase. In combination with the photocaged tamoxifen
aziridine 7, which is decaged to 8 and then reacts with a cysteine
residue in the binding pocket of the ER, recombination at a level
of 26% of maximal activity (b-galactosidase reporter gene) was
observed after 3 UV irradiations at 24 h intervals. Although the low
level of gene activity, the necessity for multiple irradiations, and
the potential diffusion of decaged 8 into neighboring cells prevents
this from being a system with broad applicability, it represents a
step further towards a general light-induced gene activation.
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Fig. 2 Caged tamoxifen aziridine 7 for irreversible estrogen receptor
activation. After decaging to 8, a cysteine in the binding pocket of the
receptor undergoes covalent bond formation.


As an application to showcase the utility of photocaged nuclear
hormones in a model organism, Hayashi and co-workers recently
synthesized the estradiol 6, which is caged on the 17-OH group,
and employed it towards gene regulation in transgenic Arabidopsis
plants.15 An estrogen receptor based transactivator system was
employed to strongly express green fluorescent protein (GFP)
in the presence of the small molecule activator. As a means of
comparison the caged estradiol 5 was also employed, and in both
cases GFP expression was regulated via irradiation with light;
surprisingly, only compound 6 was capable of providing discrete
spatial resolution (Fig. 3). The researchers employed a similar
tactic to regulate a gene responsible for the development of the
lateral root and root hairs. While limited by small molecule delivery
and diffusion, the ability to use light to control developmental
processes within complex organisms was demonstrated.


Fig. 3 Spatial control over GFP expression in Arabidopsis roots using 6.
(a) No light irradiation; (b) whole root irradiation; (c) spot irradiation.
Reprinted from ref. 15, Copyright 2006, with permission from Elsevier.


The Tet system is a commonly employed conditional gene
control system in eukaryotic cells and is functional in a wide
range of model organisms.3,4,16 Cambridge and co-workers recently
developed a caged doxycycline molecule 9 (through the reaction
of doxycycline with the commercially available diazo DMNPE
14 in 16% yield), which was used to regulate GFP expression
under control of the Tet-ON system in cell culture (Fig. 4).17 In
the absence of light the doxycycline remained inactive, resulting
in no GFP expression. However, after a brief irradiation, the
caging group was removed, leading to the production of the
transgenic GFP in cell culture. To demonstrate the ability to
achieve spatial control in a higher organism, the system was
employed in the regulation of b-glucuronidase (GUS) in transgenic
tobacco leaves.17 The GUS transgene was under the control of
a Tet-ON regulated CMV (cytomegalovirus) promoter. After
incubation of the plant tissue with the caged doxycycline, followed
by partial irradiation, areas exposed to UV light expressed the
GUS protein and thus displayed a blue pigmentation (Fig. 4).


Fig. 4 Caged doxycycline 9 and its application in spatial control of gene
expression in plant tissue using the Tet-ON system. Reprinted from ref.
17, Copyright 2006, with permission from Wiley-VCH.


While successful, the Tet-ON system does suffer intrinsically from
a delayed induction, with maximal protein levels being detected
after 12–14 h, and potential diffusion problems of decaged
doxycycline. Nevertheless, this example displays photo-triggering
of a significant gene expression system and demonstrates the
feasibility of obtaining spatiotemporal control within cells and
tissues.


Recently, Dore and co-workers employed light-activation of
a small molecule towards the opposite aim: the inhibition of
protein expression.18 Although the caging of inhibitors of bio-
logical processes is not new,9,19,20 inhibitory regulation in a spatial
fashion was reported for the first time. The ribosome inhibitor
anisomycin (11) was caged by installing a BHC caging group
(Scheme 1) on the pyrrolidine ring via a carbamate linker (10).
This caging group was superior to other, more commonly used
caging groups (DMNB and p-nitrobenzyl), since it has a 10-fold
greater quantum efficiency and a large absorption cross-section,
making it amenable to two-photon decaging at 740 nm. Complete
decaging of 10 was observed after a brief 2 s irradiation at 365 nm
(Scheme 3). Its potential to control protein expression in vivo was
successfully demonstrated in cell culture using GFP as a reporter
gene. Irradiation of a subset of cells on a plate showcased the
spatial control of the developed methodology; only irradiated
cells exhibited decreased fluorescence, whereas surrounding non-
irradiated cells showed constant or increased fluorescence. Future
experiments will reveal if this approach is amenable to the study
of biological processes within a multi-cellular model organism.
It is surprising that no two-photon excitation21 studies have been
reported, since the BHC group is an excellent caging group for
this purpose.


Scheme 3 Light-activation of protein synthesis inhibitor 11 through
decaging of 10.


In addition to the photochemical regulation of gene function,
several reports describe the caging of low-molecular weight regu-
lators of other biological processes, including Ca2+,22 phosphatidic
acid,23 and nitric oxide.24


While most work towards photochemical gene regulation using
caged small molecules involves their interaction with proteins,
Deiters and Young recently achieved the photochemical regulation
of ribozyme activity using caged theophylline as an exogenous
allosteric regulator.25 This light-activated hammerhead ribozyme
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has the potential to be employed as a novel photochemical gene
regulation tool.26


Caged biological macromolecules


A more direct means of obtaining control over biological systems
is via the installation of caging groups directly on the active
biomacromolecule.6,7,9,27 Gene regulation can occur on the DNA,
RNA and protein level, and all of these macromolecules have been
investigated for photoregulation.


Proteins have traditionally been caged in a non-specific fashion
(mostly on lysine residues) through isolation, installation of a
reactive caging group in vitro, and subsequent purification. This
approach affords little control over photochemical regulation
as multiple caging groups are installed, and caging of essential
residues is not guaranteed. Additionally, this is limited to acces-
sible amino acid residues, and often to only those exposed at the
surface of the protein. An alternative approach is the chemical
synthesis of caged peptides and proteins and their subsequent
introduction into the biological system.28–30 The stepwise synthesis
of proteins limits both their size and their quantity. These prob-
lems have been addressed through the native chemical ligation31


allowing for the semi-synthesis of caged proteins.32


An alternative approach involves site-specific caging using
unnatural amino acid mutagenesis with chemically synthesized
misacylated tRNAs, as developed by Schultz and co-workers.33


Although, this technology provides site-specific incorporation
of caged amino acids into proteins and has been demonstrated
to regulate the activity of ion channels in Xenopus oocytes by
the groups of Dougherty and Lester,34 a limiting factor is the
laborious chemical synthesis of the misacylated tRNA. Recently,
the Schultz group modified the translational machinery of yeast
and bacterial cells by introducing a completely orthogonal tRNA–
tRNA synthetase pair.35 Two tRNA synthetases were engineered
to only accept a caged tyrosine36 12 and a caged cysteine37 13
as the substrate (Fig. 5), and to charge the corresponding tRNA
with these amino acids. This tRNA then allows for site-specific
in vivo incorporation of the caged amino acid into proteins by
the ribosome, in response to the amber stop codon, TAG. The
in vivo incorporation of 12 was employed in the caging of a b-
galactosidase reporter gene at the essential residue Tyr503. Cells
incorporating the caged tyrosine displayed greatly reduced b-
galactosidase activity, which was subsequently restored through
UV irradiation at 365 nm (67% of wild-type activity, as demon-
strated by a Miller assay). This technology removes limitations
associated with the previous misacylation approach and enables
the production of substantial quantities of site-specifically caged
proteins in vivo. However, it is currently limited to tyrosine and
cysteine amino acids and the employed ONB caging group is not
optimal for irradiation with non-photodamaging UV light.


Fig. 5 Caged tyrosine 12 and caged cysteine 13.


While proteins have been the traditional targets to achieve
photoregulation of biological processes, more recently nucleic acid


photocaging has been explored. Oligonucleotides have been found
to be regulators of the expression of genetic information via a
multitude of means, including siRNA, ribozymes, antisense, and
aptamers.38 The majority of nucleic acid photocontrol involves the
statistical caging of the phosphorus backbone of both DNA and
RNA.


Friedman and co-workers demonstrated the caging of a siRNA
molecule targeting the GFP gene.39 They conducted a non-specific
caging of double stranded RNA using the diazo caging group 14
(Scheme 4). This reactive intermediate is readily generated from
a commercially available kit (Invitrogen/Molecular Probes), and
can be used to photoprotect a wide range of weak acids with a
pKa of 3–7, including carboxylic acids, phenols, and phosphates
(Scheme 4).11 They determined a caging efficiency of 3% with
approximately 1.4 caging groups per RNA molecule. A significant
difference in GFP expression was observed between the caged and
irradiated siRNAs in mammalian cell culture; however, some GFP
down-regulation was still observed with the caged siRNA. This
was resolved by increasing the caging efficiency to 15%, but
resulted in decreased photoinduced activation, potentially due
to the lack of removal of all caging groups. Future work will
reveal if this approach is amenable to the spatial control of RNA
interference.


Scheme 4 (a) Diazo derivatives of caging groups 14 and 15, and (b) their
application in the non-specific caging of RNA.


The groups of Okamoto and Tsien recently reported light-
activated gene expression in zebrafish embryos by employing
chemically modified, caged mRNA.40,41 Specifically, in vitro gener-
ated mRNA encoding GFP or b-galactosidase reporter genes was
treated with diazo-modified hydroxycoumarin 15, resulting in the
formation of caged mRNA (Scheme 4). This RNA was injected
into the cytoplasm of one-cell-stage zebrafish embryos which were
subsequently incubated at 28 ◦C in the dark. After irradiation with
UV light, two-thirds of the embryos showed expression of GFP,
whereas non-irradiated zebrafish displayed little to no fluorescence
(Fig. 6). Quantification of b-galactosidase activity indicated a
4.5-fold increased expression level after irradiation. Moreover,
spatially restricted activation of caged mRNA was achieved
by using a microscope equipped with a special illumination
system. Although an interesting approach, the level of activation
achieved is modest and the necessity to transcribe mRNA in vitro,
followed by caging with varying efficiency, hampers a widespread
application of this technology.


Light regulation can also be accomplished by specific in-
stallation of a caging group on a nucleotide base followed by
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Fig. 6 Photochemical regulation of gene function in zebrafish through
injection of caged mRNA. (a) wtGFP mRNA; (b) caged GFP mRNA;
(c) caged GFP mRNA, followed by irradiation with UV light (365 nm,
10 s). Reprinted by permission from Macmillan Publishers Ltd from ref.
40, copyright 2001.


chemical synthesis of the nucleic acid oligomer. This principle
was demonstrated in the caging of a DNAzyme,33 and the caging
of a DNA aptamer.42,43 Although photoactivation assays were
only conducted in vitro, both approaches have conceivable in vivo
applications.38,44


Photocleavable biological macromolecules


Dougherty and co-workers demonstrated the photolytic cleavage
of 2-nitrophenylglycine (Npg) incorporated into proteins in vivo
(Scheme 5).45 Specifically, this approach was employed to probe
the structure–function relationships of ion channel domains. The
Npg residue was site-specifically incorporated into intracellular,
extracellular, and transmembrane positions of both a potassium
ion channel and the nicotinic acetylcholine receptor by employing
the tRNA misacylation approach. In all cases protein cleavage
was observed after UV irradiation. While the cleavage efficiency
was only approximately 50%, these studies were still effective in
the assignment of vital structural motifs for ion channel function.
This methodology provides an alternative means to photocaging
when probing protein function with light; however, prolonged
irradiation times of 4 h might not be compatible with most
biological systems and prevent a high temporal resolution.


Scheme 5 Photochemical cleavage of a peptide/protein containing
2-nitrophenylglycine (Npg).


In vitro applications of the photochemical cleavage of a variety
of biological macromolecules, including DNA,46 proteins,47 and
peptides48,49 have been reported as well.


Photoswitchable biological macromolecules


Although the vast majority of light-regulated biological processes
involve the application of caging groups, the potential to photoreg-
ulate biological macromolecules through the incorporation of
photoswitchable small organic molecules has also been realized.50


Typically, this is achieved by incorporating a diazobenzene moiety,
whose configuration can be reversibly switched from trans to
cis through light irradiation (Scheme 6), into a polypeptide,51 a
protein,52 double-stranded DNA,53–55 or single-stranded RNA.56


Scheme 6 Configurational light-switching of a diazobenzene group at-
tached to a biological macromolecule, thus converting the macromolecule
from an inactive into an active form.


Recently, Loudwig and Bayley generated a protein pore which
was modified with a single diazobenzene residue.57 This was
achieved by introducing a single cysteine residue into one subunit
of the a-hemolysin heptamer, and subsequent bioconjugation of
a thiol-reactive diazobenzene molecule. The pore was assembled
within a lipid bilayer by combining this subunit with wild-type
subunits. The photochemical switching event could be detected
on the single molecule level by applying an electric potential
and measuring the current across the bilayer. Isacoff, Trauner,
and co-workers successfully applied the same approach in vivo
using GluR6, a glutamate responsive ion channel.58 Here, the
diazobenzene was not only covalently linked to a cysteine residue
which was engineered into the pore, but was also connected to
a glutamate allosteric activator. Photochemical switching to the
cis form allowed binding of the glutamate to the binding pocket
of GluR6, thus opening the ion channel and allowing the flow of
Na+, K+, and Ca2+. This was conducted in transfected HEK293
cells and the cation flow into the cell was measured by Ca2+ imaging
and whole-cell patch clamping. These experiments revealed that
the engineered channel does not open completely upon irradiation
with UV light of 380 nm, but it is fully closed when exposed to
500 nm light.


Engineering of cellular light receptors


A fundamentally different way to obtain regulation of gene
expression on a transcriptional level has been achieved via the
engineering of natural proteins which respond to light. This has
been recently demonstrated by the groups of Quail, Ellington, and
Voigt in the development of photoresponsive cells.59,60


Quail and co-workers reported a truly light-switchable cellular
system which is based on the classical yeast two-hybrid technology,
allowing the regulation of gene expression in eukaryotic cells.60


Here, a phytochrome chromophore domain (Phy) is fused to
the DNA binding domain of a GAL4 transcriptional activator.
Through absorption of a red photon, the phytochrome is converted
from its inactive form (Pr) into an active conformer (Pfr). This
active conformer Phy(Pfr) then undergoes a specific interaction
with a basic helix–loop–helix protein (PIF3), which itself is fused
to the activating domain of the GAL4 transcriptional activator.
Hence, irradiation with red light recruits the transcriptional
machinery towards expression of a reporter gene (lacZ or HIS3)
downstream of the GAL4 promoter sequence. Detectable increase
of the lacZ reporter was present five minutes after a 60 s irradiation
and reached a maximal 1000-fold increase after three hours.
Furthermore, photochemical control of the HIS3 reporter gene
conveyed growth to a histidine auxotroph strain on histidine
deficient media in the presence of light (Fig. 7). Upon irradiation
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Fig. 7 Yeast two-hybrid assay employing a HIS3 reporter gene on
selective media. Cell growth is only observed in case of irradiation with red
light for three days (a). No growth was observed in the dark (b). Reprinted
by permission from Macmillan Publishers Ltd from ref. 60, copyright 2002.


with light of a different wavelength (far-red), it was possible to
turn off gene expression instantly.


In a related approach, Ellington et al. created photoresponsive
bacteria by fusing a membrane bound cyanobacterial photore-
ceptor (PCB) to a histidine kinase domain (EnvZ).59 The kinase
domain is responsible for phosphorylation of a transcriptional
activator (OmpR), which then binds to a corresponding promoter
region (ompC promoter), thus effectively turning on gene expres-
sion (Scheme 7). In the absence of light the kinase domain is
active, promoting gene expression. However, upon light exposure
a conformational change inhibiting kinase activity is induced, thus
turning both phosphorylation of OmpR and gene expression off.


Scheme 7 Assembled multi-component system to achieve transduction
of a light irradiation event to the deactivation of a reporter gene.


This method was employed in bacterial lithography using
a b-galactosidase reporter system encoded by the lacZ gene,
demonstrating the feasibility of obtaining excellent spatial control
of gene expression using light (Fig. 8).


Fig. 8 Bacterial photographs using two different inverted image masks.
Reprinted by permission from Macmillan Publishers Ltd from ref. 59,
copyright 2005.


An intrinsic limitation of both systems is the need for the
complete exclusion of ambient light, which interferes with the
selective activation. Moreover, the phycocyanobilin cofactor is
not naturally produced in yeast and bacterial cells, and needs to
be added to the cell media. Ellington et al. elegantly solved this
problem through the addition of the phycocyanobilin biosynthetic
pathway to Escherichia coli.59


Conclusions


The photochemical regulation of biological processes can be
achieved via multiple methodologies. These initial studies demon-
strate the potential to successfully elucidate biological function
through the spatiotemporal regulation of both genes and proteins
with light. This photochemical regulation enables studies that are
not possible with traditional methodologies, and paves the way for
a bright future for this emerging field of research.


While in vivo applications of photoactivatable systems have
been demonstrated by a variety of research groups, significant
work must still be achieved to make photoregulation generally
applicable, especially for use in multicellular organisms. Virtually
all applications involve the regulation of simple reporter systems,
and further studies must strive to probe endogenous gene function
in a reliable fashion. Additionally, two-photon excitation has the
potential to provide a higher level of spatial resolution with mini-
mal photodamaging effects to the irradiated tissue. Finally, more
general, and perhaps switchable, techniques for photochemical
control of biological processes need to be developed.
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The lipase-catalysed transesterification reaction of methyl acetoacetate in toluene as a solvent has been
studied using carefully controlled conditions. Results suggest that microwave heating does not have a
noticeable effect on reaction rate or product conversion.


Introduction


Microwave heating is a valuable tool for synthetic chemists. It
is possible to improve product yields and enhance the rate of
reactions as well as being a safe and convenient method for heating
reaction mixtures to elevated temperatures.1,2 It is possible to
perform reactions even at modest reaction temperatures and still
see great improvements in rate and yield. Sealed reaction vessels
are only one option, standard reflux and open vessel chemistry can
benefit from microwave irradiation. As the range of techniques for
microwave heating has expanded, so have the areas in which it can
have a profound impact. One case is its application to biologically
relevant processes such as the synthesis of peptides,3 peptoids,4


oligopeptides5 and carbohydrates6 and in the field of proteomics.7


Also included in this broad area is the application of microwave
heating to enzyme-catalyzed organic synthesis.8 Over the last
few years there have been a number of reports suggesting that
enzyme activity can be enhanced by using controlled microwave
irradiation and suggesting that these effects are non-thermal in
origin. Much of this work has been focused around the use
of lipases: researchers stating that reaction rates and product
yields obtained in esterification and transesterification reactions
catalysed by lipases are significantly higher when using microwave
heating.9–13 Also, enzymatic stability is reportedly higher under
microwave heating than under conventional thermal heating.14


Very recently, a paper by some of the authors of these previous
reports10,12 was published. It suggests that identical initial rate and
conversion yield were obtained under microwave and conventional
heating for the transesterification reaction between ethyl butyrate
and butanol in a solvent-free system but that the kinetics of
inactivation of the lipase are influenced differently depending on
the heating method used.15 This has prompted us to report recent
findings from our laboratory directed around the investigation
of microwave-promoted lipase-catalysed transesterification reac-
tions.


Department of Chemistry, University of Connecticut, 55 North Ea-
gleville Road, Storrs, CT 06269-3060, USA. E-mail: nicholas.leadbeater@
uconn.edu; Fax: +1 860 486 2981; Tel: +1 860 486 5076
† Electronic supplementary information (ESI) available: Power and tem-
perature vs. time profiles for the microwave-promoted reactions. See DOI:
10.1039/b617544a


Results and discussion


Since the transesterification reaction between methyl acetoacetate
and primary alcohols had been the subject of several previous
investigations, we decided to start our study using this as a
model.13 As the enzyme, we used lipase from Candida antartica.
Our initial objective was to compare the rate of reaction using
microwave and conventional heating. To achieve this, we knew that
it was key to perform the reactions under as closely comparable
reaction conditions as possible. For microwave experiments we
used a scientific monomode apparatus, equipped with a fiber-
optic temperature measurement device. Reactions were performed
in a round-bottomed flask with the temperature probe inserted
into the reaction mixture by means of a sapphire thermal well.
Conventional experiments were performed in the same vessel using
the same temperature probe but were placed into a pre-heated oil
bath. In both cases, the reaction mixture was stirred throughout.
We focused on the reaction of methyl acetoacetate and n-propanol
using toluene as a solvent. Toluene was chosen both because it
has been used previously but also because it is not particularly
microwave absorbent, a characteristic that would be useful in later
experiments.


Reaction mixtures were heated to the desired temperature in the
absence of the enzyme and only when this was stabilized did we
add the lipase (the reaction did not occur in the absence of the
enzyme). We performed the reaction at 50 ◦C and at 70 ◦C for
2.5 h. Plots of product conversion vs. time are shown in Figs. 1
and 2. The plots show that there is negligible difference in rate
when using microwave and conventional heating.


When running the reaction at 70 ◦C, the microwave apparatus
holds the reaction mixture at temperature using intermittent pulses
of 25 W power. This is a relatively low irradiation power and
thus we next wanted to determine the effect, if any, of varying
microwave power delivered from the magnetron while keeping the
bulk temperature of the reaction mixture the same. To achieve
this we applied controlled cooling in conjunction with microwave
heating. Data are shown in Table 1. By irradiating a reaction
mixture with microwaves while simultaneously cooling the outer
vessel walls with compressed air or cryogenic fluid, it is possible
to irradiate the sample with significant microwave power while
holding it at a set bulk temperature during the whole period of the
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Fig. 1 Lipase catalysed transesterification between methyl acetoacetate
and n-propanol at 50 ◦C.


Fig. 2 Lipase catalysed transesterification between methyl acetoacetate
and n-propanol at 70 ◦C.


Table 1 Effect of microwave power on the lipase-catalysed transesterifi-
cation reaction of methyl acetoacetate in toluene as a solvent at 50 ◦Ca


Entry Reaction conditions Product conversion/%


1 Conventional heating 31
2 Microwave heating, no cooling 32
3 Microwave heating, air cooling 28
4 Microwave heating, cryogenic


cooling
30


a Microwave power defined as that delivered from the magnetron.


reaction.16,17 We performed reactions using compressed air cooling
and cryogenic fluid as coolant. In both cases it was necessary to
move from working in a round-bottom flask to a glass tube. We
foresaw the change in vessel as having an effect on the product
conversion due to differences in scale, dimensions and stirring


efficiency. Thus, both to address this and act as a control, we
first performed the reaction conventionally using a glass tube. The
reaction mixture was equilibrated at 50 ◦C in an oil bath before
adding the enzyme and running the reaction for 1 h. A product
conversion of 31% was obtained (Table 1, entry 1), compared to
49% when using a round-bottomed flask.


We next performed the reaction in the microwave with no
external cooling. The reaction was performed using the CEM
Coolmate apparatus. This comprises of the same monomode
apparatus as used previously but equipped with a jacketed
vessel around which microwave-transparent cryogenic fluid can
be passed.18,19 Due to the dimensions of the vessel (∼0.6 cm i.d.),
it was hard to ensure complete delivery of the enzyme while the
equipment was running. As a result, rather than equilibrate
the reagents at the desired temperature of 50 ◦C and then add
the enzyme, we took a different strategy. We pre-equilibrated a
toluene solution of propanol and the enzyme at 50 ◦C and then
added the methyl acetoacetate. After 1 h microwave irradiation of
the complete reaction mixture a product conversion of 32% was
obtained (Table 1, entry 2); this being almost identical to that from
the control reaction using oil-bath heating.


We performed the reaction using air cooling in conjunction
with microwave heating. To do this, we used a 10 mL glass tube
as the reaction vessel. Significantly more microwave power was
applied during the course of the reaction as compared to the
case with no cooling but a similar product conversion (28%) was
obtained (Table 1, entry 3). We finally ran the reaction with cooling
using cryogenic fluid. In this case it was possible to introduce the
maximum power possible with the apparatus (300 W) but with no
increase in product conversion (30%, Table 1, entry 4).


Our results suggest that the microwave power applied does
not have a noticeable effect on product conversion in the lipase-
catalysed transesterification reaction of methyl acetoacetate in
toluene as a solvent. Also, because the enzyme was added
before the equilibration stage, it is also apparent that microwave
irradiation does not have a noticeable effect on the inactivation of
the lipase during this period.


Kerep and Ritter recently reported the results of studies on the
microwave-assisted lipase-catalysed ring-opening polymerization
of e-caprolactone in boiling solvents.20 They found that in the case
of boiling toluene or benzene, the microwave reaction proceeded
slower compared to oil bath heating. On the other hand, using
boiling diethyl ether as solvent, the product yield was about
10% higher when using microwave heating as opposed to oil
bath heating. We believe that these results can be interpreted
in terms simply of the temperature at which the reactions are
performed. When refluxing toluene or benzene using significant
microwave energy input, instantaneous local temperatures could
be significantly higher than the boiling point and this could lead
to rapid denaturing of the lipase. Using conventional heating,
the lifetime could be somewhat extended and thus more product
could be formed before the enzyme denatures. With diethyl ether,
because the boiling temperature is lower, denaturing of the enzyme
is less of a concern. The fact that the authors obtained a higher
product yield in diethyl ether using microwave heating made
us want to probe the effect of moving from toluene to diethyl
ether on our reaction. Thus, we performed the lipase catalysed
transesterification reaction between methyl acetoacetate and 1-
propanol in boiling diethyl ether using both conventional and
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microwave heating. When using microwave heating we obtained
a 38% yield of the desired product after a reaction time of 1 h.
Performing the identical experiment using conventional heating
resulted in a 36% product yield.


Conclusions


While more studies are clearly required in order to be able to
determine the effects of microwave irradiation across a broad
range of enzyme-catalysed transformations, we find no differences
between conventional and microwave heating in the reaction
studied here. We have used carefully controlled comparisons to
probe the effects both of reaction temperature and microwave
power delivered by the magnetron.


Experimental


General


All reagents were obtained from commercial suppliers and used
without further purification. Lipase acrylic resin from Candida
antartica was used. The lipase was kept in a sealed dry environment
and while it is hygroscopic no evidence of macroscopic water
uptake was noted during the course of the study. 1H- and 13C-NMR
spectra were recorded at 293 K on a 400 MHz spectrometer.


Description and use of the microwave apparatus


Microwave reactions were conducted using a commercially avail-
able monomode microwave unit (CEM Discover). The machine
consists of a continuous focused microwave power delivery system
with operator selectable power output from 0–300 W. Reactions
were performed either in round-bottom flasks or glass tubes. The
temperature of the contents of the vessel was monitored using a
calibrated fiber-optic probe inserted into the reaction vessel by
means of a sapphire immersion well. In all cases, the contents
of the vessel were stirred by means of a rotating magnetic plate
located below the floor of the microwave cavity and a Teflon-coated
magnetic stir bar in the vessel. Temperature, pressure and power
profiles were monitored using commercially available software
provided by the microwave manufacturer. For reactions performed
using cryogenic cooling, a specially designed jacketed reaction
vessel was used through which a microwave transparent fluid was
passed continuously by means of a pump (CEM Coolmate).


General experimental procedures


Representative example of a transesterification reaction using
a round-bottom flask. In a 50 mL round-bottom flask were
placed propanol (1.5 mL, 1.202 g, 20 mmol), methyl acetoacetate
(2.15 mL, 2.32 g, 10 mmol) and toluene (8 mL). The temperature
probe was inserted into the reaction mixture and the vessel placed
into the microwave cavity. Initial microwave irradiation of 35 W
was used, the temperature being ramped from rt to 50 ◦C. Once
this temperature was reached and held steadily, lipase (106 mg)
was added and the reaction mixture held at 50 ◦C for 2.5 h.21


Samples were removed over time, diluted in CDCl3, the 1H-NMR
spectrum recorded and the product conversion determined.


Transesterification reaction with no cooling using a glass tube.
In a dedicated jacketed glass tube were placed propanol (0.75 mL,
0.601 g, 10 mmol), lipase (53 mg) and toluene (4 mL). The
temperature probe was inserted into the reaction mixture and the
open vessel placed into the microwave cavity. Initial microwave
irradiation of up to 300 W was used, the temperature being ramped
from rt to 50 ◦C. Once this temperature was reached and held
steadily, methyl acetoacetate (1.08 mL, 1.16 g, 10 mmol) was added
and the reaction mixture held at 50 ◦C for 1 h. At the end of
the reaction, the 1H-NMR spectrum of the product mixture was
recorded and the product conversion determined.


Transesterification reaction with air cooling using a glass tube.
In a 10 mL glass tube were placed propanol (0.75 mL, 0.601 g,
10 mmol), lipase (53 mg) and toluene (4 mL). The temperature
probe was inserted into the reaction mixture and the open vessel
placed into the microwave cavity. Initial microwave irradiation of
up to 300 W was used, the temperature being ramped from rt to
50 ◦C with compressed air (40 psi) being passed constantly over
the outer vessel walls. Once this temperature was reached and
held steadily, methyl acetoacetate (1.08 mL, 1.16 g, 10 mmol) was
added and the reaction mixture held at 50 ◦C for 1 h. At the end of
the reaction, the 1H-NMR spectrum of the product mixture was
recorded and the product conversion determined.


Transesterification reaction with cryogenic fluid cooling using
a glass tube. In a dedicated jacketed glass tube were placed
propanol (0.75 mL, 0.601 g, 10 mmol), lipase (53 mg) and toluene
(4 mL). The temperature probe was inserted into the reaction
mixture and the open vessel placed into the microwave cavity.
Initial microwave irradiation of up to 300 W was used, the
temperature being ramped from rt to 50 ◦C with cryogenic fluid
being passed constantly over the outer vessel walls at a rate such
as to maximise microwave input. Once the target temperature was
reached and held steadily, methyl acetoacetate (1.08 mL, 1.16 g,
10 mmol) was added and the reaction mixture held at 50 ◦C for 1 h.
At the end of the reaction, the 1H-NMR spectrum of the product
mixture was recorded and the product conversion determined.


Representative example of a transesterification reaction using a
round-bottom flask using diethyl ether as a solvent. In a 50 mL
round-bottom flask were placed propanol (1.5 mL, 1.202 g,
20 mmol), methyl acetoacetate (2.15 mL, 2.32 g, 10 mmol) and
diethyl ether (16 mL). The temperature probe was inserted into the
reaction mixture and the open vessel placed into the microwave
cavity. Initial microwave irradiation of 100 W was used, the
temperature being ramped from rt to 37 ◦C. Once this temperature
was reached and held steadily, lipase (105 mg) was added and the
reaction mixture held at 50 ◦C for 1 h. Samples were removed over
time, diluted in CDCl3, the 1H-NMR spectrum recorded and the
product conversion determined.
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Synthetic supramolecular zipper complexes have been used to quantify substituent effects on the free
energies of aromatic stacking interactions. The conformational properties of the complexes have been
characterised using NMR spectroscopy in CDCl3, and by comparison with the solid state structures of
model compounds. The structural similarity of the complexes makes it possible to apply the double
mutant cycle method to evaluate the magnitudes of 24 different aromatic stacking interactions. The
major trends in the interaction energy can be rationalised using a simple model based on electrostatic
interactions between the p-faces of the two aromatic rings. However, electrostatic interactions between
the substituents of one ring and the p-face of the other make an additional contribution, due to the
slight offset in the stacking geometry. This property makes aromatic stacking interactions particularly
sensitive to changes in orientation as well as the nature and location of substituents.


Introduction


For decades, researchers from across the chemical sciences
have used ‘aromatic interactions’ to rationalise their observa-
tions.1Aromatic interactions have been exploited in template-
directed synthesis to prepare topologically complex molecules
and to control the enantioselectivity of reactions in asymmetric
syntheses.2–5 The arrangements of molecules in solids, liquid
crystals and solution are known to be influenced by aromatic
stacking interactions.6–8 In biological systems, aromatic stacking
interactions have been identified as key factors in determining the
structural and molecular recognition properties of nucleic acids,
peptides and proteins.9–11 For example, X-ray crystal structures
have identified stacked aromatic contacts between drug molecules
and the aromatic side-chains of proteins.12–14 These observations
have motivated interest in the prediction of stacking interaction
energies for use in quantitative structure activity relationships.15


Whilst ab initio calculations16–22 and qualitative models23 that
describe aromatic stacking interactions exist, experimental data
are required to test these theories. Aromatic interactions have
been investigated in a range of model systems, which have been
extensively reviewed,24–27 and new studies continue to emerge.


One approach involves the study of intramolecular aromatic
stacking interactions using rotameric or conformationally flexible
molecules.28–37 Other studies have taken a supramolecular host–
guest approach to the assessment of intermolecular aromatic
interactions.1,38–40 In the work presented here, we exploit a


aCentre for Chemical Biology, Department of Chemistry, Krebs Institute
for Biomolecular Science, University of Sheffield, Sheffield, UK S3 7HF.
E-mail: c.hunter@sheffield.ac.uk; Fax: (+44)114 2738673; Tel: (+44)114
2229476
bJames Black Foundation, 68 Half Moon Road, London, UK SE24 9JE
cSyngenta, Jealott’s Hill International Research Centre, Bracknell, Berk-
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† Electronic supplementary information (ESI) available: detailed synthetic
procedures and characterisation data for new compounds; crystallographic
data (CCDC reference numbers 238547 and 615388–615406). See DOI:
10.1039/b617576g


conformationally well-defined system to measure intermolecular
interactions, using hydrogen bonding to force two aromatic rings
into a stacked geometry.


The double-mutant cycle is a robust thermodynamic tool that
has been employed by numerous researchers to isolate individual
weak non-covalent interactions from a noisy background of
multiple secondary interactions.41,42 We have previously used
supramolecular zipper complexes in conjunction with the double-
mutant cycle approach to quantify a wide range of aromatic
interactions, including the effects of substituents on edge-to-face
aromatic interactions and cation–p interactions.43–53 The method
was successfully adapted to quantify a number of aromatic
stacking interactions (see Fig. 1).54,55 Since those studies our
compound library has been significantly expanded. Here we
present a thorough conformational analysis of the complexes and
a complete analysis of the entire data set. In the light of the
work presented here and the studies of other investigators, we


Fig. 1 A chemical double-mutant cycle for measuring the free energy
contribution of the aromatic stacking interaction in complex A.
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draw new conclusions concerning the main factors influencing the
magnitudes of aromatic stacking interactions.


Design and synthesis


Fig. 1 shows an example of a double-mutant cycle used in
this study. The stacking interaction highlighted in complex A is
measured by chemical mutations that remove it. A single mutation
(e.g. comparing the stabilities of complexes A and B) is not
sufficient, because this has secondary effects, such as changing
the H-bond strength. The double-mutant complex D quantifies
these secondary interactions, and the free energy difference of any
two parallel mutations in Fig. 1 allows the interaction of interest
to be dissected out of the complicated array of weak interactions
present in complex A.


The compounds used in this work were prepared as outlined
in Fig. 2 and 3. Isophthaloyl derivatives 8a–e, 9 and 10 were
synthesised from the appropriate substituted anilines, which are
available commercially or via relatively simple syntheses (Fig. 2;
ESI†). Bisaniline derivatives 15a–c, 15e–g and 20d–f were prepared
according to the routes shown in Fig. 3.


1H NMR titrations were used to measure association con-
stants for 34 different combinations of the isophthaloyl and
bisaniline compound libraries. The structural properties of the
complexes have been analysed using 1H NMR complexation-


induced changes in chemical shifts, ROESY experiments and X-
ray crystallography‡ on model compounds. These conformational
insights have been used to establish which of the many possible
double-mutant cycles can be reliably used to systematically survey
the effects of substituents on aromatic stacking interactions.


Solid state conformational studies


Isophthaloyl derivatives 8d, 8e, 9 and bisaniline derivatives similar
to those used in the 1H NMR titrations of the present study have
been successfully crystallised. The conformational attributes of
the bisaniline derivatives in the solid state have been discussed
previously.54 The crystal structures of the individual components
of a complex are of limited utility, since they provide little informa-
tion regarding the geometry of the aromatic interactions present in
the supramolecular zipper complexes. However, the X-ray crystal
structures of simple model compounds have been able to provide a
useful indicator of the likely geometry of the edge-to-face aromatic
interactions in zipper complexes in solution (Fig. 4a).43,46,49 The
X-ray crystal structures of the model compounds for the edge-
to-face zipper complexes reveal H-bonded chains with the head-
to-tail packing arrangement shown in Fig. 4a. Based on the


‡ CCDC reference numbers 238547 and 615388–615406. For crystallo-
graphic data in CIF or other electronic format see DOI: 10.1039/b617576g


Fig. 2 Synthesis and proton labelling scheme for isophthaloyl derivatives 8a (Y = NMe2), 8b (Y = H), 8c (Y = OMe), 8d (Y = Cl), 8e (Y = NO2), 9 and
10.
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Fig. 3 Synthesis and proton labelling scheme for the 15x and 20x series of bisaniline derivatives.


success of this approach, new model compounds were synthesised
and crystallised (Fig. 4b and 5). Compounds 21a–24f held the
promise of revealing the geometry of the aromatic stacking
interactions in the ‘full-sized’ zipper complexes (the structures of


compounds 21a, 21b and 23d have been previously deposited in
the CCDC).54,56,57


Each of the model compounds 21a–24f were found to form H-
bonded chains in the solid state, as expected. However, none of
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Fig. 4 a) Solid state structures of simple model compounds (right)
have previously been used to infer the geometry of edge-to-face aromatic
interactions in zipper complexes in solution (left). b) Complex proposed
for the measurement of aromatic stacking interactions in solution (left)
and the corresponding model compound for X-ray crystallisation studies
(right).


Fig. 5 Model compounds designed to probe the geometry of aromatic
stacking interactions in the solid-state. X group labels are shown in Fig. 3.


these compounds crystallised in the desired head-to-tail conforma-
tion seen for the edge-to-face model compounds (Fig. 4a). Instead,
the stacking compounds crystallised in head-to-head or twisted
H-bonded chains. Both of these packing modes were present in
the structures of compound 21f, which was crystallised in two


polymorphic forms (Fig. 6). Based on the propensity of pentaflu-
orophenyl groups to form stacks with electron-rich aromatic
systems in the solid state,6,58–61 it was anticipated that compound
21f would crystallise in H-bonded chains with head-to-tail stacks
in line with the intended design. However, the molecules in the a-
polymorph were found to form twisted H-bonded chains accom-
modating close phenyl–pentafluorophenyl stacking interactions
between adjacent H-bonded chains (Fig. 6a). In contrast, the b-
polymorph forms a parallel head-to-head arrangement containing
offset phenyl-phenyl, and pentafluorophenyl–pentafluorophenyl
stacks within the H-bonded chain (Fig. 6b).


Whilst the design of the model compounds containing edge-
to-face aromatic interactions was successful, the new stacking
analogues 21a–24f fall short of the mark. Fig. 4b shows that
formation of a stacking interaction on one side of the H-bonded
amide chain would create a cavity between the aromatic rings on
the opposite side of the dimer. The model compounds shown
in Fig. 4a do not suffer from this problem, because edge-to-
face aromatic contacts occur on both sides of the H-bonded
amide chain, with the 2,6-isopropylated aniline rings providing an
additional conformational constraint.46 In contrast, the aromatic
groups in stacking compounds 21a–24f are free to rotate about
the H-bonded amide chain. Head-to-head and twisted amide H-
bonded chains form in preference to the intended head-to-tail
orientation because of the free energy penalty associated with the
loss of dispersion interactions in a poorly packed, cavity-filled
crystal.


The range of structures obtained for compounds 21a–24f,
and the identification of polymorphic forms of 21f are evidence
that there is not a single well-defined pathway involved in the
crystallisation of this series of compounds. Nevertheless, useful
conformational information can be gained from the X-ray crystal
structures of these molecules. Fig. 7 shows that anthracene,
acridine, 2,6-dimethylphenyl, or 2,6-fluorophenyl aromatic groups
provide sufficient steric influence to twist the aromatic rings out
of the plane of the amide bond, which is an essential feature of
the supramolecular designs used in this investigation. The aniline
rings in compounds 21a–24f are tilted out of the plane of the amide
bond by 70◦ ± 10◦ (Fig. 7d), and the aromatic rings on the other
side of the amide are oriented at 65◦ ± 15◦ to the plane of the amide
(Fig. 7b). Furthermore, the presence of intermolecular aromatic
stacks in the crystal structures demonstrate that close stacking of
the terminal aromatic rings in the supramolecular complexes is not
sterically compromised by the 2,6-dimethyl and fluorine aromatic
substituents.


Fig. 6 Interaction motifs in the twisted a-polymorph a) and head-to-head b-polymorph b) of 21f.


This journal is © The Royal Society of Chemistry 2007 Org. Biomol. Chem., 2007, 5, 1062–1080 | 1065







Fig. 7 Overlays of the structures of model compounds in the solid state. a) View of model compounds 21a–24f orthogonal to the amide group. b) View
of model compounds 21a–24f along the axis indicated in a). c) View of model compounds 21a–24f in the plane of the amide bond. d) View of model
compounds 21a–24f along the axis indicated in a). e) View of N-methylamide model compounds 26a, 26e and 26f orthogonal to the amide group. f) View
of N-methylamide model compounds 26a, 26e and 26f in the plane of the amide bond.


Self-association studies of the isophthaloyl derivatives
8a–10


The solubilities of the isophthaloyl derivatives (Fig. 2) in CDCl3


are in the range 0.2–4 mM. Attempts to determine accurate self-
association constants of the isophthaloyl derivatives using 1H
NMR dilution experiments were hampered by small observed
changes in chemical shift and the limited solubility of these
compounds. The dimerisation constants are less than 5 M−1, and
since the isophthaloyl derivatives were used as the host at mM
concentrations in the 1H NMR titrations, this has a negligible
effect on the binding experiments.48


Self-association studies of the 15x and 20x bisaniline
derivatives


The nitropyrrole moiety in the bisaniline derivatives (Fig. 3 and
8) is known to promote self-association of these compounds
in CDCl3.54 1H NMR dilution experiments were performed for
each of the bisaniline derivatives, and the data were fit to a
dimerisation model. The limiting dimerisation-induced changes in
chemical shift and dimerisation constants for each of the bisaniline
derivatives are given in Table 1. The large downfield shifts on the
nitropyrrole NH (p1) and the adjacent amide NH (n1) suggest that
both of these protons are acting as H-bond donors (Fig. 8c). Each
of the bisaniline derivatives also have minor conformers, as seen
before in the 1H NMR spectra of 15b, 15f and 15g in CDCl3.54


The minor conformer (10%) is in slow exchange with the major
conformer on the NMR timescale. The minor conformer differs
in the chemical shifts of p1 and p3: 9.3 and 5.4 ppm respectively,
compared to 9.6 and 7.3 ppm in the major conformer. These
differences in chemical shift are consistent with the cis-amide
shown in Fig. 8b. Although it has previously been shown that


Fig. 8 Conformations of nitropyrrole amides. a) The major conformer
of the nitropyrrole moiety in the unbound state. b) 1H NMR experiments
indicate a 10% population of the cis-amide is in slow exchange with a). The
geometry of the cis-conformer explains the large upfield change in chemical
shift of p3. c) In the bound state, the pyrrole NH (p1) and the adjacent
amide NH (n1) signals experience large downfield shifts consistent with
the formation of two hydrogen bonds.


the free energy effects of dimerisation cancel in the double-mutant
cycle,54 it is important to account for the effects of dimerisation to
obtain accurate Dd values for the bisaniline guest from 1H NMR
titration data (see Experimental section).


Binding studies using the 15x bisaniline derivatives


The 15x series of bisaniline derivatives were titrated into the isoph-
thaloyl derivatives 8a, 8b, 8c, 8e and 10. 1H NMR titration data
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Table 1 Dimerisation constants Kdim (M−1) and limiting dimerisation-induced changes in 1H chemical shift (ppm) for the bisaniline derivative series 15x
and 30x in CDCl3 at 298 Ka


Signal


Compound Kdim p1 p2 n1 n2 b1 b2 b3 b4 a1 a2 a3 a4 a5 m1/m2


15a 9 ± 2 2.4 −0.7 2.3 0.7 −0.3 −0.2 0.0 −0.1 −0.3 −0.3 −0.2 — — —
15b 13 ± 2 2.2 −0.8 2.0 0.6 −0.4 −0.3 −0.1 −0.2 −0.3 −0.3 −0.3 −0.2 −0.3 —
15c 14 ± 2 2.5 −0.7 2.1 1.9 −0.3 −0.2 −0.1 −0.1 −0.6 −0.5 −0.4 −0.4 — —
15f 11 ± 2 2.2 −0.5 2.7 1.2 −0.2 −0.1 −0.1 −0.1 — — — — — —
15g 20 ± 2 2.5 −0.7 2.0 1.1 −0.3 −0.2 −0.1 −0.2 −0.2 — — — — −0.2
20d 33 ± 5 2.3 −0.7 2.2 — −0.3 −0.2 0.0 −0.1 — −0.2 −0.2 — — −0.1
20e 30 ± 4 2.6 −0.7 2.5 — −0.5 −0.3 −0.1 −0.1 −0.3 −0.2 — — — −0.1
20f 16 ± 6 2.7 −0.6 2.4 — −0.3 −0.2 −0.2 −0.1 — — — — — −0.2


a See Fig. 3 for proton labelling scheme. p3 shifts could not be accurately determined due to overlap with the residual CHCl3 peak throughout most of
the 1H NMR experiments. There were no significant changes in the chemical shift of the signals for protons on the piperidine ring or solubilising group.
Dilution experiments were repeated at least twice, and Kdim is the weighted mean based on the observed changes in chemical shift for all signals monitored.
The error is twice the standard error.


were fit to a 1 : 1 binding isotherm that allowed for dimerisation
of the guest. The bisaniline derivatives contain a large solubilising
group, intended to facilitate their use as guest molecules in 1H
NMR titrations. Despite the solubilising group, the nitro derivative
15e was poorly soluble in CDCl3 (∼3 mM). Analysis of host 1H
NMR chemical shifts from titration experiments with 15e gave
less than 15% coverage of the binding isotherm, preventing the
simultaneous determination of reliable 1 : 1 host–guest association
constants and Dd values. Accordingly, further studies with 15e were
abandoned. The pentafluorophenyl compound 15f also suffered
from low solubility in CDCl3 (∼10 mM); in the worst case 30% of
compound 10 was bound at the end of the 10 : 15f titration,
although the favourable binding of 8a with 15f allowed 70%
coverage of the 8a : 15f binding isotherm. All of the other
compounds in the 15x series had sufficient solubility in CDCl3


(∼35–40 mM) to allow the accurate determination of association
constants and Dd values.


ROESY studies of complexation


Valid application of the double-mutant cycle methodology re-
quires that the core structure of each complex is conserved. It
is therefore important to check the geometries of the complexes
before attempting to determine (and interpret) interaction free
energies. Intermolecular NOEs from two-dimensional ROESY
experiments provide limited, but useful information about the
structures of the complexes (Table 2 and Fig. 9). The NOEs b1–d
and b4–d are consistently observed indicating that the isophthaloyl
group is docked into the bisaniline pocket in the core of the
complex. Other NOEs confirm that the nitropyrrole group sits over
the terminal aromatic ring in at least three of the complexes (p2–
me), and that on the opposite side of the complex the anthracene
group in bisaniline derivative 15b is in close proximity to the
terminal aniline rings of the isophthaloyl derivatives (a1–me and
a2–me).


Table 2 Intermolecular NOEs observed in two-dimensional ROESY experimentsa


Bisaniline compound


Isophthaloyl compound 15a X = o-Me2-phenyl 15b X = anthracene 15c X = acridine 15f X = F5-phenyl 15g X = Me


8a b4–d b1–d b1–d b1–d b4–d
Y = NMe2 p2–me b4–d b4–d


a1–me
a2–me


8b b1–d b1–d b b1–d b1–db b1–d b


Y = H b4–d b4–d b4–d b4–d
p2–me
a1–me
a2–me


8c b1–d n.d.c n.d. b1–d n.d.
Y = OMe b4–d b4–d


p2–me


10 b1–d b1–db b4–d b1–d b b1–db


b4–d b4–d b4–d b4–d
a1–nh


a See Fig. 2 and 3 for proton labelling schemes. Experiments were carried out on 1 : 1 mixtures of the two components in CDCl3 at the maximum
concentration possible 0.2–5 mM. Intermolecular NOEs of complexes with compounds 8d, 8e and 9 were not detectable because of their low solubilities
in CDCl3. b Previously reported but included for comparison purposes. c Not determined.
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Fig. 9 Intermolecular NOEs observed for the complexes of the 15x series
of bisaniline derivatives with compounds 8a–c and 10.


Complexation-induced changes in chemical shift of the
isophthaloyl hosts 8x, 9 and 10


Complexation-induced changes in chemical shift (Dd) can be
determined from 1H NMR titrations and are a particularly rich
source of structural information. Dd Values for the hosts are easily
obtained from the direct extrapolation of 1H NMR binding curves
to the 100% bound state. Table 3 lists the Dd values for all of the
isophthaloyl hosts 8a–8e, 9 and 10 in each titration experiment.
There are consistent patterns in the changes in chemical shift.
The large upfield shifts of the d and t signals indicate that these
protons are docked into the bisaniline aromatic cleft. The large
downfield shifts on the amide nh show that it is involved in
hydrogen bonding. The signals on the terminal aromatic rings (me,
aa) experience moderate upfield shift changes that are consistent
with the shielding effect of the aromatic stack that is formed upon
complexation. The magnitude of these changes is generally larger
in the anthracene (15b) and acridine (15c) complexes, where there
are extended aromatic surfaces with larger ring currents, and lower
in the single mutant (15g) complexes, where the aromatic group is
replaced by a methyl group.


Not all of the complexes are so well behaved. Attention is
immediately drawn to the s signal of the 8b·15c complex that
experiences a surprisingly large upfield shift. In addition to this
unusual chemical shift behaviour, the titration data did not fit well
to a 1 : 1 complexation model but was well described by a 2 : 1
(guest–host) model which included dimerisation of the bisaniline
guest. Molecular modelling using XED62 provided a plausible
explanation for this anomalous behaviour. The 1 : 1 8b·15c
complex is the ideal geometry to bind a second 15c molecule.
The structure of the XED-minimised 2 : 1 complex is shown in
Fig. 10 and accounts for the strange patterns of chemical shifts
that we observe for this complex. The acridine nitrogen of the
first 15c molecule is capable of accepting two H-bonds from the
nitropyrrole group of the second 15c molecule. The s proton is held
directly over the acridine ring of the second 15c molecule, and this
is the reason for the large upfield shift of s. Similarly, the aa and
y protons form a favourable edge–face interaction with one of
the 15c aniline rings, explaining their large upfield complexation-
induced changes in chemical shift. The other signals are unaffected
relative to the other complexes, since their environment is not
altered by formation of the 2 : 1 complex. The final piece of
support for the assembly presented in Fig. 10 comes from the
binding properties of 15c with the other isophthaloyl derivatives.
Both 8a (Y = NMe2) and 8e (Y = NO2) bind to 15c following a 1 :
1 binding isotherm (rather than 2 : 1), with very similar Dd values
to those obtained with the anthracene bisaniline derivative 15b.
This is because the p-nitro and p-dimethylamino Y-substituents of
compounds 8a and 8e are too large to be accommodated in the
same the position as the y proton in the bisaniline pocket of the
second 15c molecule in the 2 : 1 complex.


The s proton in the isophthaloyl hexyl mutant 10·15c complex
also experiences an upfield complexation-induced change in
chemical shift. This indicates that the complex may be similar
to the 8b·15c complex discussed above. Accordingly, the acri-
dine complexes will not be used to construct double-mutant
cycles.


Fig. 10 Energy minimised structure showing how the 8b·15c complex (blue H-bonds) is able to bind a second molecule of 15c (red H-bonds). This
structure is consistent with the unusual complexation-induced chemical shift changes of the labelled protons. The DDd values are the additional changes
in chemical shift for this complex compared to the simple 1 : 1 complexes. The solubilising group and non-polar protons of 15c are omitted for clarity.
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Table 3 Limiting complexation-induced changes in 1H chemical shift (Dd in ppm) from NMR titrations in CDCl3 at 298 K for isophthaloyl host series
8a–e, 9 and 10


Signal


Guest Aromatic group Host Y d t nh aa me s y


Complex A
15a o-Me2-phenyl 8a NMe2 −0.34 −1.07 1.46 −0.14 −0.20 0.21 −0.02
15b anthracene 8a NMe2 −0.32 −1.08 1.55 −0.37 −0.38 0.16 −0.06
15c acridine 8a NMe2 −0.41 −1.09 1.54 −0.47 −0.46 0.02 −0.11
15f F5-phenyl 8a NMe2 −0.51 −1.23 1.10 −0.12 −0.19 0.03 0.01
20d o-F2-phenyl 8a NMe2 −0.49 −1.35 1.59 −0.17 −0.23 0.16 −0.02
20e p-NO2-o-Me2-phenyl 8a NMe2 −0.49 −1.48 1.66 −0.23 −0.24 0.15 −0.02
20f F5-phenyl 8a NMe2 −0.57 −1.47 1.62 −0.14 −0.20 0.13 0.03
15a o-Me2-phenyl 8b H −0.29 −0.97 1.58 −0.19 −0.25 0.25 sob


15b anthracene 8b H −0.34 −1.04 1.70 −0.40 −0.42 0.24 −0.19
15c acridine 8b H −0.73c −1.16c 2.09c −0.73c −0.42c −1.12c −0.75c


15f F5-phenyl 8b H −0.48 −1.20 1.31 −0.15 −0.24 0.10 −0.08
20d o-F2-phenyl 8b H −0.44 −1.22 1.78 −0.19 −0.25 0.23 −0.12
20e p-NO2-o-Me2-phenyl 8b H −0.45 −1.32 1.82 −0.21 −0.27 0.17 −0.10
20f F5-phenyl 8b H −0.52 −1.34 1.74 −0.12 −0.22 0.19 −0.04
15a o-Me2-phenyl 8c OMe −0.30 −0.96 1.48 −0.18 −0.25 0.21 −0.04
15f F5-phenyl 8c OMe −0.51 −1.14 1.51 −0.14 −0.20 0.07 −0.01
20d o-F2-phenyl 8c OMe −0.46 −1.33 1.67 −0.20 −0.26 0.20 −0.02
20f F5-phenyl 8c OMe −0.53 −1.39 1.76 −0.14 −0.24 0.18 0.01
15a o-Me2-phenyl 8d Cl −0.24 −0.82 1.66 −0.39 −0.29 0.25 —
20d o-F2-phenyl 8d Cl −0.38 −1.14 1.81 −0.29 −0.26 0.20 —
20f F5-phenyl 8d Cl −0.38 −1.09 1.81 −0.32 −0.30 0.23 —
15a o-Me2-phenyl 8e NO2 −0.06 −0.49 1.70 −0.34 −0.26 0.44 —
15b anthracene 8e NO2 −0.27 −0.83 1.67 −0.61 −0.46 0.20 —
15c acridine 8e NO2 −0.18 −0.83 1.61 −0.42 −0.34 0.17 —
15f F5-phenyl 8e NO2 −0.05 −0.30 1.31 −0.30 −0.24 0.41 —
20d o-F2-phenyl 8e NO2 −0.28 so 1.80 −0.32 −0.29 0.26 —
20d p-NO2-o-Me2-phenyl 8e NO2 −0.19 −0.62 1.76 −0.31 −0.26 0.40 —
20f F5-phenyl 8e NO2 −0.19 −0.59 1.68 −0.34 −0.30 0.40 —
15a o-Me2-phenyl 9 — −0.33 −0.74 1.76 −0.22 — 0.23 so
20d o-F2-phenyl 9 — −0.31 −0.74 2.09 so — 0.24 so
20f F5-phenyl 9 — −0.36 −0.82 1.87 −0.21 — 0.24 so
Complex B
15g — 8a NMe2 −0.48 −1.23 1.34 −0.06 −0.12 0.14 0.00
15g — 8b H −0.43 −1.12 1.65 −0.15 −0.18 0.23 −0.09
15g — 8c OMe −0.43 −1.02 1.45 −0.12 −0.18 0.18 −0.06
15g — 8d Cl −0.33 −0.92 1.88 −0.36 −0.31 0.29 —
15g — 8e NO2 −0.15 −0.53 1.86 −0.33 −0.25 0.53 —
15g — 9 — −0.44 −0.89 1.95 so — 0.23 so
Complex C
15a o-Me2-phenyl 10 — −0.38 −1.00 1.07 — −0.28 0.08 —
15b anthracene 10 — −0.42 −1.11 1.02 — −0.41 0.03 —
15c acridine 10 — −0.63 −1.06 0.89 — −0.55 −0.24 —
15f F5-phenyl 10 — −0.49 −0.69 0.58 — −0.27 0.02 —
20d o-F2-phenyl 10 — −0.45 −1.00 1.21 — −0.26 0.05 —
20e p-NO2-o-Me2-phenyl 10 — −0.41 −1.02 1.22 — −0.27 0.11 —
20f F5-phenyl 10 — −0.45 −0.91 1.22 — −0.32 0.09 —
Complex D
15g — 10 — −0.43 −0.89 1.01 — −0.21 0.06 —


a See Fig. 2 for proton labelling scheme. Titrations were performed at least twice. b so—Not determined due to signal overlap. c Data for the 8b·15c complex
were fit to a 2:1 model (guest:host) including dimerisation of the guest.


Complexation-induced changes in chemical shift of the
15x bisaniline guests


The qualitative interpretations of host Dd values presented above
can provide a lot of information about the structure of a complex,
but this is only half the story, as the complexation-induced
changes in chemical shift of the bisaniline guests have yet to be
discussed. Dd Values for the guest molecules can be determined
by separating the contributions of guest dimerisation and host–
guest complexation to the observed chemical shifts changes (see


Experimental section). The Dd values for all of the bisaniline guests
in the complexes with isophthaloyl derivatives 8a, 8b, 8c and 10, are
given in Table 4. The intermolecular hydrogen bonds in the zipper
complexes are a crucial part of the supramolecular design. They
have a central role in stabilising and controlling the geometry of the
complexes. The bisaniline derivatives in the 15x series contain three
substantial H-bond donors. The Dd values of these NH protons
enable any structural irregularities in the complexes to be easily
identified. The nitropyrrole p1 and n1 signals should have large
positive Dd values from the formation of H-bonds in the complex
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and the n2 signal should have zero (or a small) change in chemical
shift, since it should not be involved in H-bonding. This was found
to be the case for all of the 15x complexes, except in two situations.
Firstly, the 10·15c complex, which has already been identified as
having conformational problems from the host Dd values, has a
larger than expected shift for n2, consistent with the structure of
the 2 : 1 complex shown in Fig. 10. The second case affects all
complexes containing 15f. Dd Values of n2 in complexes with 15f
range from +0.5 ppm in the complex with 8a, to +2.2 ppm in
the complex with 8c. Previous observation of this anomalous shift
in the 8b·15f complex was attributed to dimerisation.54 However,
dimerisation cannot be the cause, because it has been taken into
account in determination of the guest Dd values presented in
Table 4.


Comparing the Dd values of the 15f complexes with the others in
Tables 3 and 4 also exposes reduced complexation-induced shifts
for the nitropyrrole p1 and n1 guest signals. The shifts of the isoph-
thaloyl host signals nh and aa are also reduced in these complexes,
but the d and t signals remain relatively unaffected. Clearly, the n2
amide proton adjacent to the pentafluorophenyl group is acting as
a H-bond donor in the 15f complexes. The shift patterns described
above can be explained by the equilibria shown in Fig. 11. When
Y = NMe2 (8a) the equilibria lie to the left (conformers a and
c) as indicated by the smallest n2 Dd of the 15f complexes. In
conformers b and d on the right-hand side of the equilibria in
Fig. 11, the nh amide breaks its H-bond with the carbonyl adjacent
to the pentafluorophenyl ring. The n2 Dd values signify that the
intermolecular stacking interaction that we wish to measure is
not present to a significant extent in the 8x·15f complexes. The
physical basis for this conformational problem seems to lie with
the electron-withdrawing pentafluorophenyl group in 15f, which
makes the amide adjacent to the pentafluorophenyl ring a poor
H-bond acceptor, but a good H-bond donor. This problem should
affect all bisaniline derivatives containing electron-withdrawing
aromatic rings, but there is a simple solution. New bisaniline
derivatives 20d, 20e and 20f were synthesised by the route shown in
Fig. 3 to replace the offending amide proton with a methyl group,
blocking access to conformers b and d in Fig. 11.


Conformational properties of the 20x N-methylamide
bisaniline derivatives


The corresponding model compounds for the N-methylamide
bisaniline derivatives 20e and 20f (26e and 26f) were synthesised
by the route shown in Fig. 5. The crystal structure of related
compound 26a has been previously determined and is included for
comparison in the structural overlays in Fig. 7e and f.56 In the solid
state, the aromatic rings in all three model compounds are twisted
90◦ out of the plane of the N-methylamide; the ideal geometry
for the zipper complexes. The steric effects of substituents on
the aromatic rings influence the position of the amide cis–trans
equilibrium.63 Previous studies have shown that the four methyl
groups ortho to the amide in compound 26a ensure that it is found
exclusively in the trans-conformation in CDCl3, just as it is in the
solid state (Fig. 7e).56 Similarly, the 1H NMR spectra of model
compound 26e, the bisaniline precursors 18e and 19e, and the
final bisaniline guest compound 20e only showed the presence
of the trans-amide conformer. In contrast, the 1H and 19F NMR


spectra of model compound 26f, precursors 18d, 18e, 19d, 19e, and
the final bisaniline guest compounds 20d and 20f all showed the
presence of both cis- and trans-amide conformers in slow exchange.
Integration of the N-methyl 1H NMR signals indicated a 30%
population of the unwanted cis-conformer in CDCl3 for all of
these fluoroaromatic compounds.


Each of the N-methylated bisaniline derivatives 20d, 20e and
20f were very soluble in CDCl3 compared to the non-methylated
equivalents, so it seems that the polar amide NH (n2) was a major
contributor to low solubility as postulated earlier. The improved
solubility of the 20x series of bisaniline derivatives allowed large
fractions of the binding isotherms to be covered (up to 90%)
which improved the accuracy of the binding constant and Dd
value determinations. NMR titration data for 20e were fit to a
1 : 1 model including dimerisation of the guest, as for the 15x
bisaniline derivatives. Limiting dimerisation-induced changes in
chemical shift for the 20x bisaniline derivatives are included in
Table 1. The cis–trans amide ratio of compounds 20d and 20f did
not change during the titrations, because the guest molecules were
present in large excess during most of the experiment, and the
rate of equilibration is on the time-scale of hours. Titration data
obtained using compounds 20d and 20f were therefore fit to a 1 : 1
model including dimerisation of the guest, with the concentration
of guest corrected to account for the proportion of inactive cis-
conformer (as determined by integration of the N-methyl m2/m2
+ signals). The trans N-methyl signals m2 of compounds 20d and
20f showed small positive changes in chemical shift, but the cis N-
methyl m2+ signals did not change during the titration, confirming
that the cis isomers do not bind to the isophthaloyl derivatives
(Table 4). Dd Values for the hosts (8a–e, 9 and 10) and the 20x
guests used in the NMR titrations are included in Tables 3 and 4,
alongside the values obtained for the 15x complexes.


NMR solution structure determination of complexes


So far, we have used Dd values to characterise the structures of
the complexes in a qualitative fashion. However, it is possible
to use Dd values in a quantitative manner to gain a clearer
view of the conformational ensemble of the zipper complexes.
We have developed a computational method for determining
the three-dimensional structures of intermolecular complexes
in solution using Dd values. This approach has been shown
to give high-resolution structural information that agrees well
with the corresponding X-ray crystal structures where they are
available.57,64–67 This method has been used to determine the
solution structures of nine representative complexes containing the
isophthaloyl derivatives 8a–c, and bisaniline derivatives 15a, 15b,
15g, 20d, 20e and 20f. The calculated Dd values of the optimised
structures shown in Fig. 12 are in excellent agreement with the
experimental values (Table 5). While the absolute magnitudes of
the Dd values vary from one complex to another, the patterns are
very similar and the corresponding structures of the complexes are
remarkably consistent. The geometry of the stacked region of the
complex appears to be particularly well defined and is unaffected
by the magnitude of the aromatic stacking interaction (the 8a·15a
complex contains the most repulsive stacking interaction in the
zipper complexes, and the 8a·20f complex the most attractive, see
later).


1070 | Org. Biomol. Chem., 2007, 5, 1062–1080 This journal is © The Royal Society of Chemistry 2007







T
ab


le
4


L
im


it
in


g
co


m
pl


ex
at


io
n-


in
du


ce
d


ch
an


ge
s


in
1
H


ch
em


ic
al


sh
if


t
(D


d
in


pp
m


)
fr


om
N


M
R


ti
tr


at
io


ns
in


C
D


C
l 3


at
29


8
K


fo
r


bi
sa


ni
lin


e
gu


es
t


se
ri


es
15


x
an


d
20


xa


B
is


an
ili


ne
si


gn
al


G
ue


st
A


ro
m


at
ic


gr
ou


p
H


os
t


Y
p1


p2
n1


m
2


n2
b1


b2
b3


b4
m


1
a1


a2
a3


a4
m


2+
a5


C
om


pl
ex


A
15


a
o-


M
e 2


-p
he


ny
l


8a
N


M
e 2


2.
3


−1
.1


2.
1


0.
1


−0
.1


0.
0


0.
1


0.
0


−0
.2


−0
.2


−0
.1


—
—


15
b


an
th


ra
ce


ne
8a


N
M


e 2
2.


1
−1


.0
1.


9
0.


1
−0


.1
0.


0
0.


1
0.


0
−0


.2
−0


.1
−0


.1
−0


.1
−0


.2
15


c
ac


ri
di


ne
8a


N
M


e 2
2.


4
−1


.2
2.


3
0.


3
−0


.1
0.


0
0.


2
0.


0
−0


.2
−0


.1
−0


.1
−0


.2
—


15
f


F
5
-p


he
ny


l
8a


N
M


e 2
1.


1
−0


.8
1.


4
0.


5
0.


0
0.


1
0.


1
0.


0
—


—
—


—
—


20
d


o-
F


2
-p


he
ny


l
8a


N
M


e 2
2.


5
−0


.9
2.


6
0.


0
−0


.1
0.


0
0.


2
0.


0
—


−0
.4


−0
.2


—
0.


0
20


e
p-


N
O


2
-o


-M
e 2


-p
he


ny
l


8a
N


M
e 2


2.
6


−0
.8


2.
7


0.
1


−0
.1


0.
1


0.
2


0.
1


−0
.2


−0
.4


—
—


—
20


f
F


5
-p


he
ny


l
8a


N
M


e 2
2.


4
−0


.6
2.


5
0.


0
−0


.1
0.


1
0.


2
0.


1
—


—
—


—
0.


0
15


a
o-


M
e 2


-p
he


ny
l


8b
H


1.
9


−1
.1


2.
0


0.
2


−0
.2


0.
0


0.
1


0.
0


−0
.3


−0
.3


−0
.1


—
—


15
b


an
th


ra
ce


ne
8b


H
2.


5
−1


.5
2.


5
0.


2
−0


.2
0.


0
0.


2
0.


0
−0


.3
−0


.1
−0


.1
−0


.2
0.


0
15


c
ac


ri
di


ne
8b


H
b


b
b


b
b


b
b


b
b


b
b


b
b


15
f


F
5
-p


he
ny


l
8b


H
0.


7
−1


.4
1.


8
1.


4
−0


.1
0.


1
0.


2
0.


0
—


—
—


—
—


20
d


o-
F


2
-p


he
ny


l
8b


H
2.


1
−1


.3
2.


2
0.


0
−0


.2
0.


0
0.


2
0.


0
—


−0
.3


−0
.1


—
0.


0
20


e
p-


N
O


2
-o


-M
e 2


-p
he


ny
l


8b
H


2.
0


−1
.3


2.
4


0.
1


−0
.1


0.
0


0.
2


0.
0


−0
.2


−0
.3


—
—


—
20


f
F


5
-p


he
ny


l
8b


H
2.


3
−1


.2
2.


7
0.


0
−0


.1
0.


1
0.


2
0.


1
—


—
—


—
0.


0
15


a
o-


M
e 2


-p
he


ny
l


8c
O


M
e


1.
9


−0
.9


1.
8


0.
2


−0
.1


0.
0


0.
1


0.
0


−0
.2


−0
.2


−0
.1


—
—


15
f


F
5
-p


he
ny


l
8c


O
M


e
1.


7
−1


.1
2.


7
2.


2
−0


.1
0.


1
0.


2
−0


.1
—


—
—


—
—


20
d


o-
F


2
-p


he
ny


l
8c


O
M


e
2.


6
−1


.5
2.


7
0.


0
−0


.2
0.


0
0.


2
0.


0
—


−0
.4


−0
.2


—
0.


0
20


f
F


5
-p


he
ny


l
8c


O
M


e
2.


5
−1


.4
1.


9
0.


0
−0


.1
0.


1
0.


2
0.


1
—


—
—


—
0.


0
C


om
pl


ex
B


15
g


—
8a


N
M


e 2
1.


8
−0


.9
1.


7
0.


2
−0


.1
0.


0
0.


1
0.


0
−0


.2
—


—
—


—
15


g
—


8b
H


2.
0


−1
.3


2.
4


0.
4


−0
.2


0.
0


0.
2


−0
.1


−0
.4


—
—


—
—


15
g


—
8c


O
M


e
2.


2
−1


.1
2.


3
0.


4
−0


.2
0.


0
0.


3
0.


0
−0


.3
—


—
—


—
C


om
pl


ex
C


15
a


o-
M


e 2
-p


he
ny


l
10


—
1.


9
−0


.2
3.


0
0.


3
−0


.2
0.


0
0.


1
0.


0
0.


0
−0


.1
0.


0
—


—
15


b
an


th
ra


ce
ne


10
—


1.
9


−0
.2


3.
2


0.
3


−0
.2


0.
0


0.
2


0.
0


−0
.1


0.
0


—
0.


0
0.


0
15


c
ac


ri
di


ne
10


—
1.


9
−0


.1
3.


0
0.


8
−0


.1
0.


0
0.


1
0.


1
−0


.1
−0


.1
0.


0
−0


.1
—


15
f


F
5
-p


he
ny


l
10


—
1.


2
−0


.1
1.


7
0.


6
−0


.1
0.


0
0.


0
0.


0
—


—
—


—
—


20
d


o-
F


2
-p


he
ny


l
10


—
2.


0
−0


.2
2.


8
0.


0
−0


.1
0.


0
0.


2
0.


0
—


0.
0


0.
0


—
0.


0
20


e
p-


N
O


2
-o


-M
e 2


-p
he


ny
l


10
—


2.
2


−0
.2


3.
4


0.
1


−0
.2


0.
0


0.
1


0.
0


0.
0


0.
0


—
—


20
f


F
5
-p


he
ny


l
10


—
2.


6
−0


.2
3.


2
0.


1
−0


.2
−0


.1
0.


1
0.


0
—


—
—


—
0.


0
C


om
pl


ex
D


15
g


—
10


—
2.


2
−0


.1
2.


8
0.


5
−0


.1
−0


.1
0.


2
−0


.1
−0


.2
—


—
—


—


a
Se


e
F


ig
.3


fo
r


pr
ot


on
la


be
lli


ng
sc


he
m


e.
p3


sh
if


ts
co


ul
d


no
t


be
ac


cu
ra


te
ly


de
te


rm
in


ed
du


e
to


si
gn


ifi
ca


nt
ov


er
la


p
w


it
h


th
e


re
si


du
al


C
H


C
l 3


pe
ak


th
ro


ug
ho


ut
m


os
t


of
th


e
1
H


N
M


R
ex


pe
ri


m
en


ts
.T


he
lo


w
so


lu
bi


lit
ie


s
of


8d
,8


e
an


d
9


re
su


lt
in


<
5%


bo
un


d
gu


es
t,


pr
ev


en
ti


ng
ac


cu
ra


te
de


te
rm


in
at


io
n


of
D


d
va


lu
es


.T
he


re
w


er
e


no
si


gn
ifi


ca
nt


ch
an


ge
s


in
th


e
ch


em
ic


al
sh


if
to


ft
he


si
gn


al
s


fo
r


pr
ot


on
s


on
th


e
pi


pe
ri


di
ne


ri
ng


or
so


lu
bi


lis
in


g
gr


ou
p.


T
it


ra
ti


on
ex


pe
ri


m
en


ts
w


er
e


re
pe


at
ed


at
le


as
t


tw
ic


e
an


d
D


d
is


th
e


w
ei


gh
te


d
m


ea
n


ba
se


d
on


th
e


%
bo


un
d


gu
es


t
at


th
e


po
in


t
fr


om
w


hi
ch


th
e


D
d


va
lu


e
w


as
ex


tr
ap


ol
at


ed
.b


D
at


a
fo


r
th


e
8b


·15
c


co
m


pl
ex


w
er


e
fit


to
a


2
:1


m
od


el
(g


ue
st


:h
os


t)
pr


ev
en


ti
ng


D
d


de
te


rm
in


at
io


n
w


it
h


th
e


m
et


ho
ds


us
ed


.


This journal is © The Royal Society of Chemistry 2007 Org. Biomol. Chem., 2007, 5, 1062–1080 | 1071







Fig. 11 Conformational equilibria of 15f complexes. Dd Values indicate that 15f is not only able to complex the isophthaloyl hosts in its intended binding
mode a), but also in conformations b) and d) where rearrangement of the amide H-bonds disrupts the intermolecular stacking interaction.


Fig. 12 Overlay of solution structures calculated from the Dd values in Table 5. The inset shows the geometry of the offset aromatic stacks. The dotted
grey ring shows the position of the aniline rings of the isophthaloyl derivatives, and the yellow dot indicates the position of the m1 methyl carbon in
compound 15g.


The determination of guest Dd values in complexes containing
isophthaloyl derivatives 8d (Y = Cl), 8e (Y = NO2) and 9 was not
possible due to the low solubility of these compounds in CDCl3.
However, the Dd values of the isophthaloyl hosts 8d, 8e and 9
can be used to establish how similar these complexes are to the
NMR solution structures that have been determined. There are
some small differences in the Dd values of the isophthaloyl host
compounds containing the most electron-withdrawing groups.
The largest differences are observed for the complexes of 8e (Y =
NO2) with both the 15x and 20x series of bisaniline guests. The
Dd values of the d and t signals are lower than those seen in


the other complexes. The isophthaloyl derivative 8e is likely to
be a poorer H-bond acceptor and a better H-bond donor than
the other isophthaloyl derivatives. A small population of the
alternative mode of complexation shown in Fig. 11c is consistent
with experimental Dd values. The central isophthaloyl aromatic
ring is moved out of the bisaniline pocket, accounting for the
reduced Dd values of d and t. Further support for the existence
of this conformational equilibrium can be obtained from the Dd
values of the s signal, since this chemical shift is affected by the
orientations of the adjacent amides (Fig. 13). Dd Values of s are
∼0.2 ppm larger in complexes with 8e compared to the other
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isophthaloyl derivatives. If the +1.3 ppm Dd value calculated for
the b) to c) transition in Fig. 13 is accurate, then ∼15% of the
bound state of the complexes involving 8e can be attributed to
the binding mode shown in Fig. 13c. A second estimate of the
position of the equilibrium can be obtained from the Dd values of
the nh protons in complexes involving 8e compared with 8a. Some
of the shift of the nh protons in the well-behaved 8a complexes
will be caused by polarisation of the isophthaloyl amide when it
accepts two H-bonds from the nitropyrrole unit of the bisaniline
derivatives. The 10% increase in Dd observed for the nh protons in
complexes with 8e versus 8a is consistent with the 15% population
of the alternative binding mode as estimated above (Fig. 11c and
13c).


Fig. 13 The chemical shift of the s proton in isophthaloyl derivatives
8a–10 is influenced by the orientations of the amides. Chemical shift
changes were calculated using HF/6-31G*.


The Dd values of the aa and me signals on the terminal stacked
aromatic rings in complexes with 8e are similar to the other
complexes, which suggests that the geometry of terminal stacking
interaction in the conformational ensemble is not greatly affected
by the alternative binding mode. The geometry of the stacking
interaction in the alternative binding mode of 8e is probably not
identical to the main mode of complexation, because the bisaniline
guest has to twist so that the amide carbonyl oxygens are the
correct separation to accept two H-bonds from 8e. The occurrence
of the additional binding mode of 8e is certainly not ideal, but
Dd values indicate that 8e binds all bisaniline derivatives in a
similar way, including the single-mutant compound 15g (complex
B in Fig. 1). Thus, the free energy differences arising from the
alternative geometry of the minor mode of complexation are
probably cancelled in the double-mutant cycle. The double-mutant
cycle for complexes of 8e measures the population-weighted
average of the two similar (but probably not identical) stacking
interactions shown in Fig. 11a and c.


Summary of conformational studies


In summary, 1H NMR complexation-induced changes in chemical
shift (Dd) have proved to be of exceptional utility for the
characterisation of the supramolecular complexes used in this
study. It has been possible to identify conformational complexities.
Some complexes behaved as originally designed (complexes with
15a, 15b) and others behaved in unexpected ways that prevent
valid double-mutant cycles from being constructed (complexes
with 15c, 15e and 15f). The information obtained from Dd values
has guided the design of compounds that overcame some of the
conformational problems (20d, 20e and 20f). Small conforma-
tional differences in the complexes containing compound 8e mean
that some caution may need to be applied when interpreting the
results where Y = NO2.
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Double-mutant cycle results and discussion


The 1 : 1 association constants and free energies of complexation
for all complexes used in this study are given in Table 6. Using
the data in Table 6 and the equation from Fig. 1, the magnitude
of the intermolecular stacking interaction was calculated for each
of the aromatic pairs in Table 7. Although many of the values
are the same within experimental error, the interactions range
from +1.5 kJ mol−1 to −3.2 kJ mol−1 and are clearly sensitive
to the nature of the aromatic substituents. Hammett substituent
constants are frequently used in physical organic chemistry to
rationalise electrostatic trends in experimental data.68 In the work
presented here, there is a mixture of ortho and para substituent


variations, in addition to the anthracene and pentafluorophenyl
groups. This diverse cross-section of aromatic groups are not
readily described using Hammett substituent constants. Instead,
calculated electrostatic surface potentials (ESPs) have been used
to generate a scale that describes the properties of the aromatic
groups employed in this study.


Fig. 14 shows the variation in the electrostatic potential surfaces
of molecules representative of the aromatic groups used in binding
studies. The values of the ESPs at the centre of the each aromatic
group are included in Table 7. As has been noted by others, an
OH or OMe substituent very slightly reduces the ESP at the ring
centre, in accord with the small and positive Hammett meta-
substituent constants (rm) of OH and OMe.69,70 Since a subset


Table 6 Association constants (Ka in M−1) and free energies of complexation (DG in kJ mol−1) measured in CDCl3 at 298 Ka


Isophthaloyl host


Bisaniline
guest


15a 106 ± 18
−11.4 ± 0.4


69 ± 10
−10.3 ± 0.4


69 ± 11
−10.3 ± 0.4


70.1 ± 8
−10.4 ± 0.3


149 ± 31
−12.2 ± 0.5


56 ± 9
−9.8 ± 0.4


46 ± 3
−9.3 ± 0.1


15b 151 ± 30
−12.2 ± 0.5


70 ± 7
−10.3 ± 0.2


n.d.b n.d. 175 ± 47
−12.6 ± 0.7


n.d. 54 ± 6


15c 116 ± 20
−11.6 ± 0.4


2 : 1c n.d. n.d. 128 ± 37
−11.8 ± 0.7


n.d. 2 : 1


15f 513 ± 113
−15.2 ± 0.5


133 ± 22
−11.9 ± 0.4


124 ± 29
−11.7 ± 0.6


n.d. n.d. n.d. 73 ± 16
−10.4 ± 0.5


15g 206 ± 44
−13.0 ± 0.5


83 ± 15
−10.8 ± 0.5


103 ± 20
−11.3 ± 0.5


69 ± 15
−10.3 ± 0.5


110 ± 28
−11.4 ± −0.6


66 ± 13
−10.2 ± 0.5


47 ± 5
−9.4 ± 0.3


20d 357 ± 82
−14.3 ± 0.8


248 ± 90
−13.4 ± 0.9


235 ± 69
−13.3 ± 0.7


234 ± 89
−13.3 ± 0.9


330 ± 223
−14.1 ± 1.7


111 ± 53
−11.5 ± 1.2


88 ± 23
−10.9 ± 0.6


20e 386 ± 94
−14.5 ± 0.6


196 ± 52
−12.9 ± 0.6


n.d. n.d. 73 ± 22
−10.4 ± 0.7


n.d. 43 ± 4
−9.2 ± 0.2


20f 627 ± 206
−15.7 ± 0.8


227 ± 58
−13.2 ± 0.6


212 ± 53
−13.1 ± 0.6


94 ± 18
−11.1 ± 0.5


97 ± 26
−11.2 ± 0.7


68 ± 13
−10.3 ± 0.5


39 ± 7
−8.9 ± 0.4


a Titration experiments were repeated at least twice and Ka and DG are the weighted mean based on the observed chemical shift of the d, t and nh signals.
Quoted errors are twice the standard error. b Not determined. c Binds as a 2 : 1 complex as described in the text.
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Table 7 Aromatic stacking interaction energies (DDG in kJ mol−1) measured in CDCl3 at 298 K. The electrostatic surface potentials (kJ mol−1) of each
group are indicateda


Substituted aniline ring (on isophthaloyl host)


ESP


ESP
Aromatic group (on
bisaniline guest)


−92 +1.5 ± 0.7 +0.4 ± 0.6 +0.9 ± 0.7 −0.1 ± 0.7 +0.3 ± 0.7 −0.8 ± 0.9


−54 +1.1 ± 0.8 +0.8 ± 0.6 n.d.b n.d. n.d. −0.8 ± 1.0


−21 +0.2 ± 1.2 −1.2 ± 1.2 −0.5 ± 1.1 −1.5 ± 1.3 +0.2 ± 1.6 −1.2 ± 1.9


−13 −1.7 ± 0.9 −2.3 ± 0.9 n.d. n.d. n.d. +0.8 ± 1.0


+73 −3.2 ± 1.1 −2.9 ± 0.9 −2.2 ± 0.9 −1.2 ± 0.9 −0.5 ± 0.8 −0.2 ± 1.0


a Electrostatic surface potentials were calculated at the B3LYP/6-31G* level at the centre of each aromatic group. Titration experiments were repeated at
least twice. Quoted errors are twice the standard error. b Not determined.


of the experimental stacking interaction energies reported here
have previously been correlated against rm values,55 it is valuable
to know how rm relates to calculated ESPs. Very good agreement
is observed between rm and the ESP at the ring centres of a series
of para-substituted meta-xylenes (Fig. 15).68 Similar plots using
AM1 level calculations or rp were less good.


A plot of the experimental aromatic stacking interaction
energies determined using the zipper complex double-mutant
cycles against the ring centre ESPs of the aromatic groups in the
isophthaloyl derivatives reveals some interesting general trends
(Fig. 16). The stacking interaction of the negative surface of
the dimethylphenyl group (red points in Fig. 16) with the most
electron-rich aromatic group (Y = NMe2) is the most repulsive
interaction encountered in these studies. As the ESP of the partner
ring becomes less negative, the stacking interaction becomes less
repulsive. The pentafluorophenyl group (blue points) has a positive
surface and it interacts most favourably with electron-rich aro-
matics, inverting the interaction trend seen for the dimethylphenyl
group. The groups of Gung and Siegel observed similar effects
in intramolecular systems.32,71 For all of the interaction trends,
as the ESP on the interacting partner approaches zero, then so
does the magnitude of stacking interaction. The ESPs of the


difluorophenyl (yellow points) and nitrophenyl (green points)
groups are part way between those of the pentafluorophenyl (blue
points) and dimethylphenyl groups (red points), and accordingly,
their stacking interaction energies are generally found to lie
between those of the pentafluorophenyl and dimethylphenyl
groups.


While the major trends in the aromatic stacking interaction
energies can be attributed to electrostatic effects using the very
simplistic model described above, this is not the complete picture.
For example, why are there favourable stacking interactions
between the nitro-substituted aromatic groups and electron-rich
aromatics, when the ESPs of the nitro-substituted rings also have
partial negative charges? This discrepancy arises because the ring-
centre ESP model is too simple to fully describe the interactions
that have been measured. Clearly, when two aromatic rings stack
upon one another the surfaces of the rings are brought into contact
and so are the substituents. In an offset-stacked conformation, the
ring substituents may also come into contact with the surface
of the aromatic ring.21,30,72 The NMR solution structures in
Fig. 12 indicate that the ortho-methyl (or fluorine) substituents
are positioned close to the ortho carbon of the opposing ring. The
methyl groups in o-dimethyl-p-nitrophenyl (Fig. 14h) are rather
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Fig. 14 B3LYP/6-31G* calculated electrostatic potential surfaces (ESPs)
of molecules representative of the stacking aromatic groups used in
this study. Position 1 in the compound nomenclature used refers to the
position at which the group is connected to the isophthaloyl or bisaniline
derivative in the zipper complex; a) 2,6-dimethyl-4-dimethylaminobenzene,
b) 2,6-dimethylbenzene, c) anthracene, d) 2,6-dimethyl-4-methoxybenzene,
e) 4-chloro-2,6-dimethylbenzene, f) acridine, g) 2,6-difluorobenzene, h)
2,6-dimethyl-4-nitrobenzene, i) pentafluorobenzene. Colours are scaled
from −100 to +100 kJ mol−1 (red to blue), green represents neutral charge.


polar, with an ESP of +79 kJ mol−1, a value similar to the ring
centre of a pentafluorophenyl group. This explains the favourable
interaction between the nitro-substituted aromatics and electron-
rich rings.


All of the aromatic groups used in this study contain ortho-
methyl or fluorine substituents, and our data contain further
evidence of the importance of substituent-to-ring interactions in
the zipper complexes. As mentioned earlier, there is a clear trend
for the dimethylphenyl stacking interactions (red line in Fig. 16).
The sole significant departure from this trend corresponds to the
stacking interaction with the difluoroaniline group (ring centre


Fig. 15 B3LYP/6-31G* electrostatic surface potentials (ESPs) at the
ring centres of para-substituted meta-xylenes correlate well with Hammett
meta-substituent constants that have been previously used in structure
activity relationships describing aromatic stacking interactions.


ESP −21 kJ mol−1). Although the ESP at the ring centre of the
difluorophenyl ring is similar to that of the nitro-substituted ring,
the polar methyl groups (+79 kJ mol−1) have been replaced by
fluorine substituents with a partial negative charge (−42 kJ mol−1).
Thus, the favourable polar CH3–p interaction is replaced by a
small but repulsive F–p interaction. Using this departure from the
dimethylphenyl trend line, an upper limit for the CH3–p interaction
in this complex can be tentatively assigned as −1.0 kJ mol−1.
Interestingly, this value is similar to the intercept of the red line
in Fig. 16. In other words, the contribution from the stacking
interaction is approximately zero when the ESP at the centre of
the aniline ring is zero, but there is an additional contribution from
attractive CH3–p interactions.


The stacking interactions of the pentafluorophenyl group (blue
points in Fig. 16) appear to be better described using a simple ring-
centre ESP model, and this trend line meets the y-axis close to the
origin. This may be explained by the relative simplicity of the ESP


Fig. 16 Plot of experimental aromatic stacking interaction energies measured in zipper complexes (y-axis) against the B3LYP/6-31G* calculated
electrostatic surface potential at the ring centre of substituted isophthaloyl derivatives (Y = NMe2 to Y = NO2) (x-axis).
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distribution over the surface of the pentafluorophenyl group. The
centre of the pentafluorophenyl group has partial positive charge,
but the ESPs of the fluorine substituents at the face of the ring
are close to zero (cf. the partial negative charge of the fluorine
substituents in the difluorophenyl group). This means that the
trend in the interaction energies for the pentafluorophenyl group is
not complicated by electrostatic interactions involving the fluorine
substituents.


The o-dimethylphenyl·difluorophenyl and the o-
dimethylphenyl·o-dimethyl-p-nitrophenyl stacking interactions
have been measured twice; once with the dimethylphenyl group
present in the isophthaloyl host (8b·20d) and again with the
dimethylphenyl group in the bisaniline guest (9·15a). While the
stacking interactions that are reported are the same within the
quoted error margins, it may be more than a coincidence that
in both cases, the interaction is 1.5 kJ mol−1 more stable when
the dimethylphenyl ring is contained within the isophthaloyl
host. It is important to note that the geometry of the stacking
interaction in the zipper complexes is not symmetrical, and
that the relative orientation of the rings depends on which
half of the complex the aromatic group is attached to. The
difference in the interaction energies may be an indication of how
sensitive aromatic stacking interactions are to subtle changes
in geometry and suggests that the geometric constraints of the
zipper architecture prevents the aromatic groups from reaching
the minimum energy arrangement. However, without the ability
to fix the geometry of the interaction, it would not have been
possible to examine the effects of substituents which would
otherwise be obscured by structural differences.


Theoretical calculations of aromatic interactions in the gas
phase have indicated that electrostatic interactions provide less of
a contribution to the total interaction energy than van der Waals
interactions (consisting of dispersion, induction and repulsion
terms).16,18–21,59,73–75


The experimental studies of Wilcox and co-workers, and
Nakamura and Houk, have suggested that dispersion forces make
important contributions in edge-to-face aromatic interactions.76–78


However, recent insights have shown that solvent competition
provides a more general explanation for the behaviour of the
torsion balance molecules employed in these studies.79,80


From a simple consideration of relative areas of molecular
contact, dispersion interactions should be expected to contribute
more to aromatic stacking energies compared with aromatic edge-
to-face interactions. Gas phase calculations predict that stacking
free energies of all substituted benzene dimers are more stable than
the unsubstituted stacked benzene dimer. Thus, electron-donating
substituents have been predicted to stabilise aromatic stacking
interactions even when both p-faces are electron-rich.


Mei and Wolf found that the degree of splay between two
acridine groups forced into an intramolecular stack decreased
upon sequential oxidation to the mono-N-oxide and the di-N,N ′-
oxide.37 The change in geometry was attributed to an increase
in the stability of the stacking interaction between the acridine
rings. This observation was cited as experimental support for the
computational predictions of Sherrill and co-workers, since the
authors believed that N-oxidation increased the electron density of
acridine.21 On the contrary, the nitrogen atom in acridine N-oxide
bears a formal positive charge and the electron density of the entire
acridine p-face is decreased, a fact supported by DFT/6-31G*


electrostatic surface potentials (not shown). Although dispersion
interactions are almost certainly important to the overall stability
of these compounds, the conformational changes and inferred
changes in the stacking interactions are in perfect accord with
the results of Siegel, Gung and those presented in the current
study.28,31,32,55 i.e. the negative charge on the p-face of acridine is
reduced by N-oxidation, which decreases electrostatic repulsion
between the rings. Additionally, the skewed arrangement of the
rings in the acridyl di-N,N ′-oxide can be attributed to electrostatic
repulsion between the negatively charged oxygen atoms.


The strained intramolecular systems employed by Siegel and
Wolf for the investigation of aromatic stacking interactions
represent a special case where the solvent is completely excluded
from interaction of interest.28,29,37 The intermolecular approach
taken in the current study is able to provide additional insights
into the contribution of van der Waals interactions to aromatic
stacking interactions in the solution phase. At this point it is
important to note that although the binding experiments were
performed in CDCl3, much of the solvent may be displaced from
the terminal aromatic rings by the mutant alkyl groups in the
reference complexes in the double-mutant cycle (Fig. 1). This
means that the measured aromatic interaction energies effectively
refer to an alkane pseudo-solvent environment rather than CDCl3.


Anthracene has a higher polarisability than simple aromatics,81


yet the stacking interactions of the anthracene group (orange
points in Fig. 16) are practically identical to those obtained with
the smaller dimethylphenyl group (red points) and follow the same
electrostatic trend as the aniline ring Y-substituent is varied. Any
contributions from differences in dispersion interactions in the
anthracene stacking interactions are small enough to be masked
by electrostatic effects and the experimental errors. Dispersion
interactions play a lesser role in solution compared to the gas
phase because of competitive dispersion interactions with the
solvent. When a stacking interaction forms between two aromatic
rings, the solvent molecules coating the interacting surfaces are
displaced. Thus, if the solvent is able to coat the entire surface
of the rings evenly, the favourable free energy of the dispersion
interaction between the stacked aromatic rings will be reduced by
the cost of breaking the dispersion interactions of each aromatic
group with the solvent. Theory suggests that there is little variation
of the dispersion interaction energy per unit surface area for
intermolecular interactions between organic molecules, and so we
should expect electrostatic effects to dominate in solution.80,82


Experimental


Computational procedures


Ab initio calculations were performed using Spartan, Wavefunc-
tion, Inc., Irvine, CA, USA. Molecular modelling was performed
using XED 6.1.0, Cresset BioMolecular Discovery Ltd., Hertford-
shire, UK.


General NMR procedures


1H, 19F and 13C spectra were recorded on either a Bruker AC250
or a AMX400 spectrometer with residual solvent as an internal
standard. Fluorine chemical shifts were referenced to an external
CFCl3 reference. Two-dimensional ROESY experiments were
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recorded on a Bruker AMX400 with 300 ms mixing time and
a 3 s relaxation delay between pulses.


1H NMR dilutions


A saturated analyte solution of known concentration (∼mM) was
prepared in CDCl3. Aliquots of this solution were sequentially
added to a small volume (0.25–0.5 ml) of CDCl3 in an NMR
tube, and the 1H NMR chemical shifts for each signal were
recorded. The program NMRDil_Dimer was used to fit data to a
dimerisation isotherm using a non-linear curve fitting procedure.
Dimerisation constants and the chemical shifts of the dimer and
free analyte were determined for each signal monitored. Dilution
experiments were performed in duplicate and the weighted mean
dimerisation constant (based on the observed changes in chemical
shift) was used in the fitting of NMR titration data as outlined
below.


1H NMR titrations


A few ml of host solution of known concentration (0.2–5 mM) was
prepared in CDCl3. A small sample (0.2–0.5 ml) of this solution
was added to an NMR tube, and a 1H NMR spectrum was
recorded. A guest solution of known concentration (7–40 mM)
was then prepared using the remaining host solution. This solution
was saturated with guest to allow as much coverage of the binding
isotherm as possible (generally 50%–90% was achieved). This
procedure also ensured that the concentration of host remained
constant throughout the titration. Aliquots of the saturated guest
solution were added successively to the NMR tube containing the
host solution, and the 1H NMR spectrum was recorded after each
addition. The program NMRTit_HGHHGG was used to fit host
signals to a 1 : 1 binding isotherm allowing for dimerisation of the
guest using a non-linear curve fitting procedure. For titrations
with compounds 20d and 20f the concentration of guest was
corrected to allow for the presence of ∼30% inactive conformer
as determined by relative integrals of the me and me+ 1H NMR
signals. The mean association constant for each experiment was
evaluated as the weighted mean based on the observed change
in chemical shift for the d, t and nh signals in all complexes (for
proton labelling scheme see Fig. 2 and 3). The error was taken as
twice the standard error.


Limiting complexation-induced chemical shifts of the 15x and
20x guest signals (Table 4) were extrapolated by determining
the relative concentrations of complex [HG], free guest [G],
guest dimer [GG], and the values of the guest chemical shifts
in these three states. Since the concentration of host was constant
throughout the titration (and low enough that dimerisation was
insignificant), the host concentration was in excess of the guest
during the early stages of a titration. Under these conditions, com-
plexation provides a larger contribution to the observed chemical
shifts of the guest than guest dimerisation. The concentration of
complex (and therefore complexed guest) is given by:


[HG] = [H]0 (DdobsH/DdboundH) (1)


where [H]0 is the total concentration of host, the observed change
in chemical shift of a particular host signal is DdobsH, and DdboundH


is the limiting complexation-induced change in chemical shift of
the host as determined from the NMR titration experiment. The


free concentration of guest in this system can be shown to be:


[G] = −1 + √
1 + 8KdimG([G]0 − [HG])


4Kdim G


(2)


and the concentration of guest dimer is:


[GG] = KdimG[G]2 (3)


where KdimG is the dimerisation constant of G determined from
NMR dilution experiments. The observed chemical shift of the
guest signal has three contributing terms:


dobsG = [HG]
[G]0


dboundG + [G]
[G]0


dfreeG + 2
[GG]
[G]0


ddimG (4)


where [G]0 is the total concentration of guest, dboundG, dfreeG and ddimG


are the chemical shifts of a guest signal in the three states [HG],
[G] and [GG] respectively. The concentrations in this equation are
known from eqn (1)–(3), and dfreeG and ddimG were determined in the
NMR dilution experiment. Thus, the equation can be rearranged
to yield the desired limiting complexation-induced chemical shift
of a particular guest signal, dboundG. The difference between this
number and dfreeG gives the limiting complexation-induced change
in chemical shift which is referred to as the guest Dd elsewhere in
this report.


NMR structure determination


The method used to determine three-dimensional structures from
limiting changes in complexation-induced chemical shift Dd has
been described in detail elsewhere.65 Molecules were built and
minimised using standard bond lengths and angles in XED.62 Ring
current factors used in the calculation of Dd values, relative to
the phenyl group, were: pyrrole 0.55, central anthracene ring 1.27,
outer anthracene rings 0.8. Ring currents for the anthracene group
were based on ring currents calculated by Fowler and Steiner.83 A
genetic algorithm was used to optimise the conformation of the
complex so that the calculated Dd values matched the experimental
values as closely as possible (Table 5). The structure of each
complex was refined using a population of 2000, a replacement
rate of 400 per generation and five sequential steps of 1000
generations. The first step allowed intermolecular translations
of ±10 Å, rotations of ±360◦ and intramolecular torsional
changes of ±360◦ for the bonds highlighted in Fig. 17. After
each step, the calculated structure in closest agreement with
experimental Dd values was used to generate a new population
of 2000, and the search space was reduced by a half in all


Fig. 17 The bond torsions that were free to rotate during the NMR
solution structure determination and the intermolecular NOE constraint
are indicated. X groups are shown in Fig. 3.
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dimensions: intermolecular translations (±5 Å, 2.5 Å, 1.25 Å),
rotations (±180◦, 90◦, 45◦, 22.5◦) and torsions (±180◦, 90◦, 45◦,
22.5◦). The solubilising R group and piperidine protons did not
move in NMR experiments and were therefore excluded from
calculations. van der Waals clashes were penalised at distances of
less than 2 Å for intermolecular clashes and 1 Å for intramolecular
clashes for non-hydrogen atoms. The NOE constraint illustrated
in Fig. 17 was imposed by applying a penalty, if the inter-
proton separation exceeded 5 Å. Each geometry optimisation was
run at least five times. Structure calculations yielding RMSDs
between calculated and experimental Dd values less than 0.17 ppm
were accepted. The optimised structures obtained from repeat
calculations of the complexes shown in Fig. 12 were very similar,
but only the structures with the lowest RMSDs are reported in
this work.


Synthetic procedures


Detailed synthetic procedures and compound characterisation
data are provided in the ESI.†


Conclusions


Aromatic stacking interactions are sensitive to changes in geome-
try and the degree of overlap. Using H-bonded supramolecular
zipper complexes, it has been possible to lock the geometry
of two aromatic rings in an offset stacked arrangement. This
has enabled the effects of substituents on the interaction free
energy to be quantified. The conformational behaviour of the
complexes in the solid state and in solution has been thoroughly
investigated. Some complexes were found to be incompatible with
the double-mutant cycle methodology and were excluded from
the analysis due to significant conformational changes. Insights
obtained from these conformational studies guided the design
and synthesis of new compounds better suited to the approach.
To a first approximation, the electrostatic properties of the ring
surfaces dominate the trends in the interaction energy. However,
direct electrostatic interactions with the ring substituents also
make important contributions. The interplay of these two factors
could lead to complicated behaviour, for example, quite different
interactions between similar aromatic groups in different contexts.
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Introduction


1,3-Dipolar cycloaddition reactions in general have long been pop-
ular in the generation of carbohydrate mimetics,1 with thermally-
induced Huisgen azide–alkyne cross-coupling2 being used for
the synthesis of N-glycosyl triazoles,3 as a means of effecting
conversion of anomeric azides to glycosyl fluorides,4 for the
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preparation of cyclodextrin mimetics5 and S-neoglyconjugates,6


for instance. The robustness of this cycloaddition process has led to
its inclusion under the ‘click chemistry’ banner, where it is arguably
the ‘cream of the crop’.7 Latterly, this class of reaction has attracted
substantial attention following the independent identification by
Meldal8 and Sharpless9 that the classical 1,3-dipolar cycloaddition
of azides and terminal alkynes can be catalysed by CuI salts
(Fig. 1).


Fig. 1 The CuI-catalysed Huisgen azide–alkyne 1,3-dipolar cycloaddition
reaction.


Fig. 2 Glycoside mimetics from azide–alkyne cycloaddition reaction.
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Fig. 3 Neoglycotrimer synthesis by iterative 1,3-dipolar cycloaddition and anomeric functional group interconversion.


This article highlights recent examples of the CuI-catalysed
azide–alkyne 1,3-dipolar cycloaddition reaction from the car-
bohydrate literature, including the synthesis of simple glyco-
side and oligosaccharide mimetics, glyco-macrocycles, glycopep-
tides, glyco-clusters and carbohydrate arrays. However, the CuI-
catalysed reaction is mild, regioselective (in contrast to the thermal
process) and tolerant of diverse functionality, opening the way to
diverse applications across many classes of organic molecules.10


Glycosides


The generation of N-glycosyl-triazoles from simple acetylenes,11–13


sugar,14–17 amino acid18 and steroid-derived17 terminal acetylenes
(C-linked alkynes, O-propargyl ethers, ynamides) has been re-
ported (Fig. 2). In terms of biological and medicinal applications,
the functional group tolerance of the CuI-catalysed procedure is
exemplified in the synthesis of triazole-based analogues of the
neuraminidase inhibitor zanamavir.19 Triazole-substituted sugars
have also been explored as potential monovalent and multivalent
galectin ligands,20,21 and for investigation of substrate recognition
by22 and inhibition of23 glycosyltransferases. Microwave-assisted,
solvent-free synthesis of triazolyl-nucleosides has also been shown
to be effective.24


On a broader front, azide–alkyne 1,3-dipolar cycloaddition has
been used to generate water soluble carbohydrate derivatives of
ferrocene25 and azidopropyl-silica has been coupled with organic
and sugar alkyne modifiers to generate novel triazole-based HPLC
packings for carbohydrate26 and for protein27 separation.


Oligosaccharides


The efficiency and simplicity of azide–alkyne dipolar cycload-
dition for coupling organic fragments has proved attractive.
Neoglycotrimers have been derived from protected glucopyra-


nosyl azide and N-propargyl glucuronamide, with subsequent
manipulation of the reducing terminus of the neoglycodimer to
install an azide group, thus permitting iteration of the coupling
procedure (Fig. 3).28 Triazole-linked (1,6)-a-D-oligomannoses have
been prepared in a similar vein.29


With a view to interrogation of carbohydrate-active enzymes,
triazole-linked pseudo-starch fragments have been prepared from
protected sugar building blocks.30 This approach was rapidly
superseded by the same authors, relying on the chemoselectivity
of the azide–alkyne dipolar cycloaddition to couple unprotected
maltoheptaosyl azide and a di-O-propargyl glucoside in water in
89% yield (Fig. 4).31 Related triazole-linked structures based on
the natural product anti-diabetic drug acarbose have also been
synthesised by dipolar cycloaddition chemistry (Fig. 4).32


This form of click chemistry is not restricted to low molecular
weight materials. Applications in carbohydrate polymer chemistry
include: the attachment of redox active or fluorescent tags to the
6-azido-6-deoxy derivative of the linear b-1,3-glucan curdlan;33


coupling of hexynoate esters of cellulose to give fluorescent triazole
derivatives of the polymer;34 generation of triazoles from 6-azido-
6-deoxy cellulose and simple organic alkynes.35 Carbohydrate
‘labels’ for oligonucleotide synthesis on solid support have been
introduced using click chemistry,36 whilst trehalose click polymers
have been used to promote plasmid DNA delivery.37


Glyco-polycycles and macrocycles


Acyclic and monosaccharide-derived azido-alkynes have been
used to prepare multi-cyclic structures through dipolar cyclo-
addition.38–42 Similar intermolecular coupling of carbohydrate-
derived bis-alkynes with organic diazides affords access to macro-
cycles.43 These studies follow on from key work on the development
of cyclodextrin mimetics (Fig. 5),44,45 which itself builds on earlier
work on the thermal dipolar cycloaddition process.5
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Fig. 4 Starch, triazole-based starch mimetic. Amylase inhibitor acarbose and triazole-based mimetics.


Glycopeptides


Triazole-linked glycosyl amino acids have been prepared from
glycosyl azides46 and glycosyl alkynes,46,47 and from the cor-
responding propargyl and azidoethyl glycosides.48 Click chem-
istry has also been used for the decoration of 2(1H)-


pyrazinones49 and azabicycloalkane amino acids50 en route
to glycopeptidomimetics. In connection with the synthesis
of potential anti-cancer vaccines, pentynoic acid amides of
peptide-based lysine side chains provide reactants for elabora-
tion by cycloaddition with glycosyl amino acid-derived azides
(Fig. 6).51


This journal is © The Royal Society of Chemistry 2007 Org. Biomol. Chem., 2007, 5, 1006–1017 | 1009







Fig. 5 Synthesis of carbohydrate-based macrocycles by sequential 1,3-dipolar cycloaddition.


Fig. 6 Triazole-linked glycopeptide mimetics derived from azide–alkyne click chemistry.
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Fig. 7 Diverse library of vancomycin-like antibiotics arising from azide–alkyne cycloaddition.


Enzymatic synthesis of peptides derived from the unnatural
amino acids propargylglycine and azidopropylglycine provides
templates with which to react either glycosyl acetylenes or glycosyl
azides, giving novel glycopeptide analogues.52 Making further
use of nature’s elaborate biosynthetic machinery, and the modest
substrate specificity of some glycosyltransferases in particular, in
vitro derivatisation of the vancomycin peptide core with a range of
sugars—‘glycorandomisation’—has been demonstrated.53 Specif-
ically, the regio- and stereo-selective introduction of a 6-azido-
6-deoxy-glucose unit provides an opportunity for chemoselective
ligation with alkynes, generating an array of vancomycin ana-
logues (Fig. 7). Other studies show the utility of the thioesterase
domain of tyrocidin synthetase in the in vitro synthesis of cyclic
decapeptides containing one to three propargylglycine units.


Conjugation of these novel peptides with twenty one azido sugars
gave a library of natural product-like molecules, some with better
activity than tyrocidin itself (Fig. 8).54


Glyco-clusters


Multivalent display of neoglycoconjugates, to mimic natural
presentation of carbohydrate structures, attracts increasing ap-
plications of azide–alkyne cycloaddition chemistry. Exploitation
of propargyl glycosides and a range of organic cores possessing
numerous azide groups has been demonstrated (Fig. 9),55 as has
the use of glycosyl azides56 and azidoalkyl glycosides57 with cores
containing multiple propargyl ether groups. Calixarene-derived
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Fig. 8 Exploitation of click chemistry in the chemoenzymatic synthesis of cyclic oligopeptide antibiotics appended with modified monosaccharides.
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Fig. 9 Triazole-linked cluster neoglycoconjugates.


Fig. 10 Triazole-linked cluster glycoclusters.


azides have also been coupled with glycosyl acetylenes to give
multivalent constructs.58


Carbohydrate-centred multivalent glycoclusters can be ac-
cessed from per-O-propargylated methyl galactoside.59 Similar
approaches from multiply hydroxylated benzoic acid, with ei-
ther azide- or alkyne-based cores, gives rise to glycodendrimers
(Fig. 10 and 11)60,61 with similar chemistries giving PEG-dendritic
block co-polymers.62 Clickable alkyne polymers from living rad-
ical polymerisation have also been investigated as neoglyco-
polymers.63


Neoproteoglycans have been accessed from chondroitin sulfate
using enzymatic cleavage of the glycan chain from protein in the


presence of propargyl alcohol, which gives rise directly to the
desired propargyl glycosides of the released oligosaccharides. Sub-
sequent click ligation to azidobenzoic acid-modified bovine serum
albumin gives neo-proteoglycans, with glycan chains presented in
multivalent form from the protein surface (Fig. 12).64


Carbohydrate arrays


Array technologies have revolutionised molecular biology, and
seem set to do the same for glycobiology.65,66 Again, azide–alkyne
dipolar cycloaddition has a role to play, with glyco-triazoles
derived from hydrophobic propargylic amides being exploited for
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Fig. 11 Glycodendrimers from azides sugar and multivalent alkynes.


Fig. 12 Enzymatically derived oligosaccharides functionalised with BSA or PEG give access to triazole-linked neoproteoglycans.
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Fig. 13 New methods for fabrication of immobilised carbohydrates.


ligand immobilisation in plastic microtitre plates.67,68 Disulfide
exchange has also been used to generate reductively cleavable
variants (Fig. 13).69


For more detailed spectroscopic and biophysical studies (e.g.
infra-red spectroscopy, atomic force microscopy, surface plasmon
resonance spectroscopy, quartz crystal microbalance), azide–
alkyne dipolar cycloaddition has been explored for the attach-
ment of sugars directly to pre-formed self-assembled monolayers
(SAMs) on gold surfaces.70–72 This approach has been inves-
tigated with the SAM displaying an alkyne for ligation with
carbohydrate-derived azides, although the inverse approach with
azido-functionalised SAMs has been used for pentynyl-nucleoside
immobilisation.73


Summary


This Huisgen 1,3-dipolar cycloaddition reaction is particularly
attractive in carbohydrate chemistry where, despite major ad-
vances in the past decade, the ever-present issue of glycosylation


efficiency, stereo- and regio-control still hampers progress. Perhaps
the ultimate in macro-scale click chemistry of this type concerns
the rapid and specific covalent labelling of cellular glycans
following biosynthetic incorporation of 5-azido-fucose into cell
surface glycoproteins. Subsequent reaction with, for instance,
alkynylated fluorophore provides the opportunity for in vivo
imaging of fucosylated glycans (Fig. 14).74 With improvements to
methodology, including the introduction of polytriazolylamines
ligands to stabilise CuI, reactions can be performed efficiently
at room temperature.75 Not only is this chemistry versatile, it is
mild enough and selective enough to be compatible with intact
cells.† Applications of the CuI-catalysed azide–alkyne dipolar
cycloaddition chemistry in the carbohydrate field to date are many
and varied: this situation is set to continue for some time to come.


† A comparative study of bioorthogonal reactions with azides (cycloaddi-
tion, Staudinger reaction) has recently been reported (ref. 76).
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Fig. 14 Detection of fucosylated glycoconjugates at cell surfaces and inside the cell after biosynthetic incorporation of azidofucose into glycoproteins.
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Lantibiotics such as nisin are active against most Gram-positive bacteria and constitute an important
class of antibacterial agents. These ribosomally synthesized peptides contain either one or both of the
unusual amino acids meso-lanthionine (m-Lan) or b-methyllanthionine (b-MeLan). Nucleophilic ring
opening of sulfamidates allows facile preparation of stereochemically pure derivatives of m-Lan and
b-MeLan with orthogonal protection for solid phase synthesis of lantibiotic analogues.


Introduction


Lantibiotics are ribosomally synthesized antimicrobial peptides
that have extremely potent activity against a broad spectrum
of Gram-positive bacteria, including food pathogens (e.g. Lis-
teria monocytogenes) and organisms that exhibit resistance to
conventional antibiotics (e.g. MRSA and VRE).1 Consequently,
lantibiotics have emerged as a promising new class of antibacterial
agents. Lantibiotics such as nisin,2 lacticin 31473 and gallidermin4


are characterized by the presence of the unusual amino acids meso-
lanthionine (m-Lan) (1) and b-methyllanthionine ((2S,3S,6R)-b-
MeLan) (2) (Fig. 1). m-Lan and b-MeLan arise due to the action
of a series of post-translational modification enzymes.


Fig. 1 meso-Lanthionine (m-Lan) (1) and b-methyllanthionine
((2S,3S,6R)-b-MeLan) (2).


In particular, dehydration of serine or threonine residues in
the original linear peptide sequence introduces dehydroalanine
or dehydrobutyrine residues respectively. A cyclase enzyme then
mediates the stereoselective Michael addition of a nearby cysteine
residue onto the dehydro residue, thereby leading to the formation
of m-Lan or b-MeLan bridges within the lantibiotic peptide.5 In an
attempt to further enhance the bioactivity and stability of natural
lantibiotics such as nisin, we are currently pursuing the solid phase
synthesis of analogues of these peptides. In order to achieve this
goal, facile access to orthogonally protected derivatives of both
m-Lan and b-MeLan is necessary.


To date, nisin A is the only lantibiotic that has been prepared
by total synthesis.6 However, since this monumental synthesis
was reported by Shiba and co-workers, several stereoselective
methods for the preparation of orthogonally protected derivatives
of m-Lan have been developed and reported.7,8 Furthermore,
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these m-Lan derivatives have been successfully applied to the
solid phase synthesis of fragments of natural lantibiotics, such
as Tabor’s elegant synthesis of the C ring of nisin.8a However,
the additional stereocentre present at the C-3 position makes
the stereoselective synthesis of orthogonally protected derivatives
of b-MeLan more challenging. Consequently, to the best of our
knowledge, there have been only two previously reported syntheses
of linear orthogonally protected derivatives of b-MeLan.9 The
best procedure requires about seven synthetic steps, and further
use in lantibiotic synthesis would necessitate removal of a benzyl
carbamate (Cbz) and a benzyl ester (Bn) in the presence of a sulfur
atom. As orthogonally protected derivatives of amino acids 1 and
2 would be key components in solid phase peptide synthesis of
lantibiotics, it seemed useful to develop an alternative synthetic
route to these compounds. A key objective was to develop an
efficient methodology that utilizes protecting groups that could be
selectively removed under mild conditions.


Results and discussion


Sulfamidates are useful synthetic building blocks that can be
opened stereo- and regioselectively by a variety of nucleophiles.10


Hence, it would appear that a suitably protected cysteine 5 could
attack a cyclic sulfamidate (6 or 7) derived from a protected
serine 8 or threonine 9 to give orthogonally protected derivatives
of of m-Lan or b-MeLan (Scheme 1). However, attack of
sulfur nucleophiles on sulfamidates can be plagued by undesired
elimination reactions11 unless the a-position is blocked.10c A fully
unprotected threonine-derived sulfamidate has been successfully
opened in water with a thio-sugar,12 but attack of cysteine-derived
nucleophiles on protected serine and threonine sulfamidates is
relatively unexplored.10c In the present study, we investigate the


Scheme 1
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use of cyclic sulfamidates to prepare orthogonally protected
derivatives of lanthionine 3 and b-methyllanthionine 4 (Scheme 1).


Although N-alloc and allyl ester protecting groups on m-Lan
have previously been shown to allow sequential construction of
lanthionine rings during standard peptide synthesis,8 they are
incompatible with the oxidation conditions required to prepare
the cyclic sulfamidates from their corresponding sulfamidites.13


The alkene moieties in these groups are also prone to add aliphatic
thiols in Markovnikov fashion. Hence, a p-methoxybenzyl (PMB)
group was chosen for the nitrogen protection, as it can be
removed using mild reaction conditions and has been successfully
used in the preparation of D-allo-threonine- and L-serine-derived
cyclic sulfamidates.12 Similarly, methyl ester protection of the acid
functionality of an amino acid has been shown to be compatible
with the preparation of cyclic sulfamidates.11,13 In addition, the
required amino acid methyl ester starting materials, 10a–e, are
commercially available, and D-allo-Thr-OMe·HCl 10e can be
prepared in quantitative yield using acetyl chloride/MeOH.


The PMB protecting group was introduced to compounds 10a–
e using a reductive amination procedure to afford the bis-protected
amino acids 11a–e in good to excellent yields (65–89%) (Fig. 2).
The conversion of compounds 11a–e to their corresponding cyclic
sulfamidates 12a–e was achieved in good yields (74–78%) by using
a slight modification of the procedure detailed by Cohen and
Halcomb12 (Fig. 2).


Fig. 2 Preparation of cyclic sulfamidates. Reagents and conditions: a)
NaCNBH3, p-anisaldehyde, acetic acid, MeOH, 0 ◦C to rt, 16 h; b)
(i) SOCl2, pyridine, CH2Cl2 −78 ◦C to rt, (ii) RuCl3·3H2O, NaIO4,
H2O–MeCN (1 : 1), 0 ◦C to rt.


The ring opening of a cyclic sulfamidate with a thiol nucleophile
requires the use of a base. However, the presence of an acidic a-
proton whose removal can initiate elimination reactions prevents
the use of previously employed bases such as DBU.10c Therefore, we
first examined the Cs2CO3-mediated nucleophilic ring opening of
the L-Thr-derived sulfamidate 12a with trityl thiol 13. After acidic
hydrolysis (1 M NaH2PO4 buffer, pH 5.4)10b,11 of the intermediate
sulfamic acid, the orthogonally protected b-methyl-L-cysteine
((2R,3S)-b-MeCys), 14 was obtained in good yield (67%; 45%
overall yield from 10a). The ring opening reaction of 12a with
Fmoc-Cys-OtBu 158 and commercially available Boc-Cys-OMe
16 was examined next. Fmoc-Cys-OtBu 15 has been successfully
used as a thiol nucleophile under basic conditions (Cs2CO3/DMF)
in other reactions.14 However, in our case all attempts to use 15 as a
nucleophile with sulfamidates were unsuccessful and the reactions
yielded only a complex mixture of products. We assume that the
problems that we encountered were due to instability of the Fmoc
protecting group under the basic reactions conditions utilised.
Similar stability issues were reported by Smith and Goodman,
who were unable to use Fmoc-Cys-OMe in the Cs2CO3-meditated
ring opening of an a-methyl-D-serine-b-lactone.15 However, the
same reaction conditions could be successfully used in the ring
opening of 12a with Boc-Cys-OMe 16 to afford the b-MeLan
derivate 17, albeit in low yield (40%). No unreacted sulfamidate
12a was recovered from the reaction mixture, but it was possible to
confirm by electrospray mass spectrometry (ESMS) the presence
of the open sulfamic acid intermediate. This result indicated a
problem with the final hydrolysis stage that should liberate the N-
PMB amino group. Fortunately, the conditions developed by Kim
and So (nPrSH/BF3·Et2O, CH2Cl2)16 could be used to hydrolyze
the intermediate sulfamic acid even in the presence of the Boc
protecting group. When this system was employed in place of the
phosphate buffer, the yield of 17 could be increased considerably
from 40% to 79% (Fig. 3).


With the reaction conditions refined, attention refocused on
the initial goal of preparing orthogonally protected derivatives of
Lan and b-MeLan. In order to achieve this, a cysteine derivative
with acid labile protecting groups was required. To this end,
Boc-Cys-OtBu 18 was prepared in a good yield (63% over two
steps) from commercially available (Boc-Cys-OH)2.17 The ring
openings of the L- and D-serine-derived cyclic sulfamidates 12b
and 12c with 18 were done in DMF using Cs2CO3 as a base.
nPrSH/BF3·Et2O hydrolyses of the intermediate sulfamic acids
then furnished the orthogonally protected Lan 19a and m-Lan
19b in excellent yields (85% and 89%) (Fig. 4). The diastereomeric
purity of both 19a and 19b were shown by 1H NMR spectroscopy
to be >20 : 1 (other isomers undetectable, see ESI†). Similarly,
the nucleophilic ring opening of the D-threonine- and D-allo-
threonine-derived sulfamidates 12d and 12e with 18 using the
aforementioned reaction conditions afforded the orthogonally
protected (2S,3R,6R)-b-MeLan 20a (72%) and (2S,3S,6R)-b-
MeLan 20b (70%), respectively (Fig. 4). The diastereomeric purity
of both the b-MeLan derivatives 20a and 20b was again determined
by 1H NMR spectroscopy to be >20 : 1.


Conclusions


In conclusion, we have developed a facile synthetic route to
stereochemically pure and orthogonally protected lanthionines
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Fig. 3 Initial sulfamidate ring opening reactions. Regents and conditions:
a) (i) Cs2CO3, DMF, rt, (ii) 1 M NaH2PO4 buffer pH 5.4, rt; b) (i)
Cs2CO3, DMF, rt, (ii) nPrSH/BF3·Et2O, CH2Cl2, rt, then NH4OH, rt.
* No formation of the desired product was detected.


Fig. 4 Preparation of orthogonally protected Lan 19a and 19b and
b-MeLan 20a and 20b. Reagents and conditions: a) (i) Cs2CO3, DMF,
rt, (ii) nPrSH/BF3·Et2O, CH2Cl2, rt, then NH4OH, rt.


19a and 19b as well as b-methyllanthionines 20a and 20b.
The methodology described is versatile enough to allow other
orthogonally protected stereoisomers of both Lan and b-MeLan


to be readily prepared from easily available starting materials.
Studies to incorporate m-Lan 19b and b-MeLan 20b into natural
lantibiotics and their synthetic analogues are ongoing.


Experimental


General


All reactions involving air- or moisture-sensitive reagents were
performed in oven-dried glassware under an atmosphere of dry
argon. Solvents were reagent grade and were used as supplied
unless otherwise stated. For anhydrous reactions, solvents were
dried according to the procedures detailed in Perrin and Armarego
(D. D. Perrin and W. L. F. Armarego, Purification of Laboratory
Chemicals, 3rd edn, Pergamon Press). All reactions were mon-
itored by thin layer chromatography (TLC) using glass plates
with UV fluorescent indicator (normal SiO2, Merck 60 F254).
Nuclear magnetic resonance (NMR) spectra were obtained on
Inova Varian 300, 400 or 500 MHz spectrometers. 1H NMR
chemical shifts are reported in parts per million (ppm) relative
to CDCl3 (d 7.27). 1H NMR data are reported in the following
order multiplicity (s, singlet; d, doublet; t, triplet; q, quartet and
m, multiplet), number of protons, coupling constants (J) in Hertz
and assignment. 13C NMR chemical shifts are reported relative
to CDCl3 d 77.0. Optical rotations were measured on a Perkin–
Elmer 241 polarimeter with a microcell (10 cm, 1 mL) at ambient
temperature and are reported in units of 10−1 deg cm2 g−1. Infrared
spectra (IR) were recorded on a Nicolet Magna 750 or a 20SX
FT-IR spectrometer. High-resolution mass spectra (HRMS) were
obtained on a Kratos AEIMS-50 high resolution instrument.


D-allo-Threonine methyl ester (10e)


Acetyl chloride (6.00 mL, 83.9 mmol) was slowly added to a
solution of the amino acid (1.00 g, 8.39 mmol) in MeOH (40 mL)
at 0 ◦C. With the addition complete, the ice bath was removed and
the reaction mixture was heated to reflux and left for 16 h. Upon
cooling, the reaction solution was concentrated under reduced
pressure to afford 10e as a white solid, which was used without
further purification (1H NMR indicated a purity of >95%);
dH(500 MHz; D2O) 1.22 (3 H, d, J 6.6, CH3), 3.78 (3 H, s, OCH3),
4.14 (1 H, d, J 3.6, H-a), 4.27 (1 H, dq, J 6.6 and 3.6, H-b);
dC(100 MHz; D2O) 18.4 (CH3), 54.3 (OCH3), 58.7 (C-a), 66.3 (C-
b), 169.0 (CO); m/z (ES+) calcd for C5H12NO3 134.0812, found
134.0812 [MH+].


N-(p-Methoxybenzyl)-L-threonine methyl ester (11a)


NaCNBH3 (556 mg, 8.85 mmol) and p-anisaldehyde (0.79 mL,
6.49 mmol) were added to a cooled (0–5 ◦C) solution of 10a
(1.00 g, 5.90 mmol) in MeOH (50 mL) and acetic acid (0.68 mL,
11.80 mmol). The reaction solution was stirred at 0–5 ◦C for
1 h and then at rt for a further 16 h. Solid NaHCO3 (1.50 g,
17.86 mmol) was added and the solvent was removed under
reduced pressure. The resulting white residue was partitioned
between CH2Cl2 (75 mL) and H2O (30 mL) and the aqueous layer
was re-extracted with CH2Cl2 (75 mL). The organic layers were
combined and the solvent removed under vacuum. After column
purification (SiO2, 2 : 1 Hex–EtOAc to 100% EtOAc), 11a was
obtained as a clear oil (1.330 g, 89%). TLC (SiO2, 1 : 1 Hex–EtOAc)
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Rf 0.36; [a]26
D −49.41 (c 1.23, CHCl3); mmax(microscope)/cm−1 3450


(br), 2953, 2837, 1735, 1612, 1514, 1462, 1373, 1249, 1199, 1108,
1035; dH(400 MHz; CDCl3) 1.17 (3 H, d, J 6.0, CH3), 3.02 (1 H, d,
J 7.2, H-a), 3.62 (1 H, d, J 12.4, PMB-CH2), 3.67 (1 H, dq, J 7.2
and 6.0, H-b), 3.76 (1 H, d, J 12.4, PMB-CH2), 3.70 (3 H, s, OCH3),
3.77 (3 H, s, OCH3), 6.84-6.82 (2 H, m, Ar-H), 7.29-7.19 (2 H, m,
Ar-H); dC(100 MHz; CDCl3) 19.2 (CH3), 51.8 (PMB-CH2), 51.9
(OCH3), 55.9 (OCH3), 66.9 (C-a), 67.8 (C-b), 113.7 (Ar-C), 129.4
(Ar-C), 131.1 (Ar-C), 158.8 (Ar-C), 174.0 (CO), m/z (ES+) Calcd
for C13H20NO4 254.1387, found 254.1385 [MH+].


N-(p-Methoxybenzyl)-L-serine methyl ester (11b)


NaCNBH3 (606 mg, 9.65 mmol) and p-anisaldehyde (0.85 mL,
7.07 mmol) were added to a cooled (0–5 ◦C) solution of 10b
(1.00 g, 6.43 mmol) in MeOH (50 mL) and acetic acid (0.74 mL,
12.86 mmol). The reaction solution was stirred at 0–5 ◦C for
1 h and then at rt for a further 16 h. Solid NaHCO3 (1.62 g,
19.29 mmol) was added and the solvent was removed under
reduced pressure. The resulting white residue was partitioned
between CH2Cl2 (75 mL) and H2O (30 mL) and the aqueous layer
was re-extracted with CH2Cl2 (75 mL). The organic layers were
combined and the solvent removed under vacuum. After column
purification (SiO2, 1 : 1 Hex–EtOAc to 100% EtOAc) 11b was
obtained as a white solid (1.123 g, 73%). TLC (SiO2, EtOAc) Rf


0.30; [a]26
D −41.65 (c 1.04, CHCl3); mmax(microscope)/cm−1 3320


(br), 2998, 2952, 2836, 1736, 1611, 1513, 1462, 1248; dH(400 MHz;
CDCl3) 3.40 (1 H, dd, J 6.0 and 4.4, H-a), 3.60 (1 H, dd, J 10.8
and 6.0, Ser-CH2), 3.62 (1 H, d, J 12.8, PMB-CH2), 3.73 (3 H, s,
OCH3), 3.75 (1 H, dd, J 10.8 and 4.4, Ser-CH2), 3.78 (3 H, s,
OCH3), 3.78 (1 H, d, J 12.8, PMB-CH2), 6.87-6.83 (2 H, m, Ar-H),
7.24-7.20 (2 H, m, Ar-H); dC(100 MHz; CDCl3) 51.5 (PMB-CH2),
52.1 (OCH3), 55.2 (OCH3), 61.7 (C-a), 62.4 (C-b), 113.9 (Ar-C),
129.4 (Ar-C), 131.3 (Ar-C), 158.9 (Ar-C), 173.5 (CO); m/z (ES+)
Calcd for C12H17NO4Na 262.1050, found 262.1052 [MNa+].


N-(p-Methoxybenzyl)-D-serine methyl ester (11c)


NaCNBH3 (606 mg, 9.65 mmol) and p-anisaldehyde (0.85 mL,
7.07 mmol) were added to a cooled (0–5 ◦C) solution of 10c
(1.00 g, 6.43 mmol) in MeOH (50 mL) and acetic acid (0.74 mL,
12.86 mmol). The reaction solution was stirred at 0–5 ◦C for
1 h and then at rt for a further 16 h. Solid NaHCO3 (1.62 g,
19.29 mmol) was added and the solvent was removed under
reduced pressure. The resulting white residue was partitioned
between CH2Cl2 (75 mL) and H2O (30 mL) and the aqueous layer
was re-extracted with CH2Cl2 (75 mL). The organic layers were
combined and the solvent removed under vacuum. After column
purification (SiO2, 2 : 1 Hex–EtOAc to 100% EtOAc) 11c was
obtained as a white solid (1.046 g, 68%). TLC (SiO2, EtOAc)
Rf 0.30; [a]26


D +40.78 (c 1.39, CHCl3); mmax(DCM)/cm−1 3327 (br),
2999, 2952, 2837, 1736, 1612, 1513, 1248, 1177, 1035; dH(400 MHz;
CDCl3) 3.40 (1 H, dd, J 6.0 and 4.4, H-a), 3.60 (1 H, dd, J 11.2
and 6.0, Ser-CH2), 3.63 (1 H, d, J 12.0, PMB-CH2), 3.79-3.70 (8H,
m, 2 × OCH3, PMB-CH2 and Ser-CH2), 6.86-6.82 (2 H, m, Ar-H),
7.23-7.20 (2 H, m, Ar-H); 13C (100 MHz; CDCl3) 51.3 (PMB-CH2),
52.0 (OCH3), 55.1 (OCH3), 61.6 (C-a), 62.4 (C-b), 113.7 (Ar-C),
129.4 (Ar-C), 131.2 (Ar-C), 158.8 (Ar-C), 173.4 (CO); m/z (ES+)
Calcd for C12H17NO4Na 262.1050, found, 262.1048 [MNa+].


N-(p-Methoxybenzyl)-D-threonine methyl ester (11d)


NaCNBH3 (3.80 g, 60.4 mmol) and p-anisaldehyde (6.40 mL,
52.4 mmol) were added to a cooled (0–5 ◦C) solution of 10d
(6.83 g, 40.3 mmol) in MeOH (180 mL) and acetic acid (4.60 mL,
80.4 mmol). The reaction solution was stirred at 0–5 ◦C for
1 h and then at rt for a further 16 h. Solid NaHCO3 (10.20 g,
120.9 mmol) was added and the solvent was removed under
reduced pressure. The resulting white residue was partitioned
between CH2Cl2 (200 mL) and H2O (120 mL) and the aqueous
layer was re-extracted with CH2Cl2 (150 mL). The organic layers
were combined and the solvent removed under vacuum. After
column purification (SiO2, 2 : 1 Hex–EtOAc to 100% EtOAc)
11d was obtained as a clear oil (6.81 g, 71%). TLC (SiO2, 1 :
1 Hex–EtOAc) Rf 0.35; [a]26


D +49.71 (c 0.44, CHCl3); mmax(CHCl3


cast)/cm−1 3445 (br), 2952, 2837, 1734, 1612, 1513, 1462, 1248,
1175; dH(400 MHz; CDCl3) 1.18 (3 H, d, J 6.4, CH3), 3.02 (1 H, d,
J 7.6, H-a), 3.62 (1 H, d, J 12.8, PMB-CH2), 3.68 (1 H, m, H-b),
3.71 (3 H, s, OCH3), 3.77 (1 H, d, J 12.8, PMB-CH2), 3.79 (3 H, s,
OMe), 6.87 (2 H, m, Ar-H), 7.23-7.19 (2 H, m, Ar-H); dC(100 MHz;
CDCl3) 19.3 (CH3), 51.9 (PMB-CH2), 52.0 (OCH3), 55.2 (CH3),
66.8 (C-a), 67.9 (C-b), 113.8 (Ar-C), 129.5 (Ar-C), 131.1 (Ar-C),
158.9 (Ar-C), 174.1 (CO); m/z (ES+) Calcd for C13H19NO4Na
276.1206, found 276.1207 [MNa+].


N-(p-Methoxybenzyl)-D-allo-threonine methyl ester (11e)


NaCNBH3 (0.79 g, 12.59 mmol) and p-anisaldehyde (1.12 mL,
9.23 mmol) were added to a cooled (0–5 ◦C) solution of 10e
(1.42 g, 8.39 mmol) in MeOH (40 mL) and acetic acid (1.36 mL,
16.78 mmol). The reaction solution was stirred at 0–5 ◦C for
30 min and then at rt for a further 16 h. Solid NaHCO3 (2.10 g,
25.17 mmol) was added and the solvent was removed under
reduced pressure. The resulting white residue was partitioned
between CH2Cl2 (75 mL) and H2O (30 mL) and the aqueous layer
was re-extracted with CH2Cl2 (50 mL). The organic layers were
combined and the solvent removed under vacuum, giving 11e as a
clear oil (1.28 g, 65%). TLC (SiO2, 1 : 1 Hex–EtOAc) Rf 0.21; [a]26


D


+42.88 (c 0.52, CHCl3); mmax(microscope)/cm−1 3440 (br), 2952,
2837 1734, 1612, 1514, 1248 cm−1; dH(400 MHz; CDCl3) 1.02
(3 H, d, J 6.4, CH3), 3.40 (1 H d, J 4.8, H-a), 3.60 (1 H, d, J 12.8,
PMB-CH2), 3.75 (3 H, s, OCH3), 3.80 (3 H, s, OCH3), 3.83 (1 H,
d, J 12.8, PMB-CH2), 4.00 (1 H, dq, J 6.4 and 4.8, H-b), 6.89-6.85
(2 H, m, Ar-H), 7.27-7.23 (2 H, m, Ar-H); dC(400 MHz; CDCl3)
18.8 (CH3), 51.9 (PMB-CH2), 52.1 (OCH3), 55.2 (OCH3), 65.3
(C-a), 67.2 (C-b), 113.8 (Ar-C), 129.5 (Ar-C), 131.5 (Ar-C), 158.9
(Ar-C), 173.6 (CO); m/z (ES+) Calcd for C13H20NO4 254.1387,
found 254.1388 [MH+].


(4S,5R)-N-(p-Methoxybenzyl)-2,2-dioxo-1,2,3-oxathiazolidinone-
5-methyl-4-carboxylic acid methyl ester (12a)


Pyridine (5.67 mL, 70.1 mmol) was added to a solution of the di-
protected amino acid 11a (3.55 g, 14.02 mmol) in CH2Cl2 (40 mL)
and the reaction solution was then cooled to −78 ◦C. SOCl2


(1.23 mL, 16.8 mmol) was added dropwise over 5 min, and the
solution was left to stir at −78 ◦C for 5 min and allowed to
warm to rt over 1 h. The reaction mixture was quenched by the
addition of 1% HCl (25 mL). The aqueous layer was extracted
with CH2Cl2 (100 mL and 50 mL), and the combined organic
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layers were washed with saturated NaHCO3 (20 mL), dried over
Na2SO4, filtered and concentrated under reduced pressure to give
a yellow residue. The residue was dissolved in MeCN (50 mL)
and the solution was cooled to 0–5 ◦C. RuCl3·3H2O (220 mg,
0.85 mmol), NaIO4 (3.30 g, 15.42 mmol) and H2O (50 mL) were
then added sequentially, and the reaction mixture was left to stir for
10 min at 0–5 ◦C and a further 10 min at rt. The reaction solution
was then partioned between CH2Cl2 (200 mL) and saturated
NaHCO3 (50 mL). The aqueous layer was extracted with CH2Cl2


(2 × 50 mL) and the combined organic layers were washed with
brine (50 mL), dried over Na2SO4, filtered and concentrated under
reduced pressure. Column purification over silica gel (4 : 1 to 3 :
1 Hex–EtOAc) afforded 12a as a clear oil (3.37 g, 76%). TLC
(SiO2, 4 : 1 Hex–EtOAc) Rf 0.16; [a]26


D −32.32 (c 0.54, CHCl3);
mmax(microscope)/cm−1 3000 (br), 2957, 2840, 1754, 1613, 1515,
1441, 1350, 1252, 1187; dH(400 MHz; CDCl3) 1.49 (3 H, d, J 6.4,
CH3), 3.68 (1 H, d, J 6.4, H-a), 3.65 (3 H, s, OCH3), 3.76 (3 H, s,
OCH3), 4.36 (2 H, s, PMB-CH2), 4.84 (1 H, m, H-b), 6.86-6.82 (2
H, m, Ar-H), 7.28-7.24 (2 H, m, Ar-H); dC(100 MHz; CDCl3) 19.3
(CH3), 50.1 (PMB-CH2), 53.0 (OCH3), 55.2 (OCH3), 64.8 (C-a),
77.5 (C-b), 114.1 (Ar-C), 125.2 (Ar-C), 130.7 (Ar-C), 159.8 (Ar-C),
167.9 (CO); m/z (ES+) Calcd for C13H17NO6SNa 338.0669, found
338.0670 MNa+.


(4S)-N-(p-Methoxybenzyl)-2,2-dioxo-1,2,3-oxathiazolidinone-4-
carboxylic acid methyl ester (12b)


Pyridine (1.18 mL, 14.63 mmol) was added to a solution of the di-
protected amino acid 11b (700 mg, 2.93 mmol) in CH2Cl2 (10 mL)
and the reaction solution was then cooled to −78 ◦C. SOCl2


(0.26 mL, 3.56 mmol) was added dropwise over 5 min, and the
solution was left to stir at −78 ◦C for 5 min and allowed to warm to
rt over 1 h. The reaction mixture was quenched by the addition of
HCl (1% sol. 15 mL). The aqueous layer was extracted with CH2Cl2


(75 mL), and the combined organic layers were washed with
saturated NaHCO3 (25 mL), brine (40 mL), dried over Na2SO4,
filtered and concentrated under reduced pressure to give a yellow
residue. The residue was dissolved in MeCN (20 mL) and the
solution was cooled to 0–5 ◦C. RuCl3·3H2O (46 mg, 0.18 mmol),
NaIO4 (752 mg, 3.52 mmol) and H2O (20 mL) were then added
sequentially, and the reaction mixture was left to stir for 10 min at
0–5 ◦C and to warm to rt over 45 min. The reaction solution
was then partioned between CH2Cl2 (100 mL) and saturated
NaHCO3 (50 mL). The aqueous layer was extracted with CH2Cl2


(2 × 50 mL) and the combined organic layers were washed with
brine (50 mL), dried over Na2SO4, filtered and concentrated under
reduced pressure. Column purification over silica gel (2 : 1 to 1 :
1 Hex–EtOAc) afforded 12b as a clear oil (683 mg, 74%); TLC
(SiO2, 1 : 1 Hex–EtOAc) Rf 0.33; [a]26


D −49.76 (c 1.54, CHCl3);
mmax(cast)/cm−1 3004, 2957, 2840, 1754 (br), 1613, 1586, 1515,
1440, 1352 (br); dH(400 MHz, CDCl3), 3.74 (3 H, s, OCH3), 3.80
(3 H, s, OCH3), 4.06 (1 H, dd, J 7.6 and 4.8, H-a), 4.39 (1 H, d, J
14.0, PMB-CH2), 4.47 (1 H, d, J 14.0, PMB-CH2), 4.58 (1 H, dd,
J 8.8 and 7.6, Ser-CH2), 4.64 (1 H, dd, J 8.8 and 4.8, Ser-CH2),
6.90-6.86 (2 H, m, Ar-H), 7.34-7.30 (2 H, m, Ar-H), dC(100 MHz,
CDCl3) 49.8 (PMB-CH2), 53.0 (OCH3), 55.2 (OCH3), 57.9 (C-a),
67.3 (C-b), 114.1 (Ar-C), 125.3 (Ar-C), 130.6 (Ar-C), 159.8 (Ar-C),
168.3 (CO); m/z (ES+) Calcd for C12H15NO6SNa 324.0512, found
324.0512 [MNa+].


(4R)-N-(p-Methoxybenzyl)-2,2-dioxo-1,2,3-oxathiazolidinone-
4-carboxylic acid methyl ester (12c)


Pyridine (1.24 mL, 15.36 mmol) was added to a solution of the di-
protected amino acid 11c (735 mg, 3.07 mmol) in CH2Cl2 (12 mL)
and the reaction solution was then cooled to −78 ◦C. SOCl2


(0.27 mL, 3.68 mmol) was added dropwise over 5 min, and the
solution was left to stir at −78 ◦C for 5 min and allowed to
warm to rt over 1 h. The reaction mixture was quenched by the
addition of 1% HCl (25 mL). The aqueous layer was extracted
with CH2Cl2 (100 mL) and the combined organic layers were
washed with saturated NaHCO3 (20 mL), dried over Na2SO4,
filtered and concentrated under reduced pressure to give a yellow
residue. The residue was dissolved in MeCN (50 mL) and the
solution was cooled to 0–5 ◦C. RuCl3·3H2O (48 mg, 0.18 mmol),
NaIO4 (787 mg, 3.68 mmol) and H2O (50 mL) were then added
sequentially, and the reaction mixture was left to stir for 10 min
at 0–5 ◦C and a further 10 min at rt. The reaction solution was
then partioned between CH2Cl2 (200 mL) and saturated NaHCO3


(50 mL). The aqueous layer was extracted with CH2Cl2 (2 ×
50 mL) and the combined organic layers were washed with brine
(50 mL), dried over Na2SO4, filtered and concentrated under
reduced pressure. Column purification over silica gel (2 : 1 to 1
: 1 Hex–EtOAc) afforded 12c as a clear oil (718 mg, 76%); TLC
(SiO2, 1 : 1 Hex–EtOAc) Rf 0.33; [a]26


D +49.30 (c 0.29, CHCl3);
mmax(microscope)/cm−1 3005, 2958, 2840, 1750, 1612, 1515, 1441,
1350, 1251, 1185 cm−1; dH(400 MHz, CDCl3) 3.74 (3 H, s, OCH3),
3.80 (3 H, s, OCH3), 4.06 (1 H, dd, J 7.6 and 4.8, H-a), 4.40 (1
H, d, J 14.0, PMB-CH2), 4.47 (1 H, d, J 14.0, PMB-CH2), 4.58 (1
H, dd, J 8.8 and 7.6, Ser-CH2), 4.65 (1 H, dd, J 8.8 and 4.8, Ser-
CH2), 6.90-6.86 (2 H, m, Ar-H), 7.34 (2 H, m, Ar-H); dC(100 MHz,
CDCl3) 49.8 (PMB-CH2), 53.0 (OCH3), 55.2 (OCH3), 57.8 (C-a),
67.3 (C-b), 114.1 (Ar-C), 125.3 (Ar-C), 130.6 (Ar-C), 159.8 (Ar-C),
168.3 (CO); m/z (ES+) Calcd for C12H15NO6SNa 324.0512, found
324.0509 [MNa+].


(4R,5S)-N-(p-Methoxybenzyl)-2,2-dioxo-1,2,3-oxathiazolidinone-
5-methyl-4-carboxylic acid methyl ester (12d)


Pyridine (1.60 mL, 19.75 mmol) was added to a solution of the di-
protected amino acid 11d (1.00 g, 3.95 mmol) in CH2Cl2 (20 mL)
and the reaction solution was then cooled to −78 ◦C. SOCl2


(0.35 mL, 4.74 mmol) was added dropwise over 10 min, and the
solution was left to stir at −78 ◦C for 10 min and allowed to
warm to rt over 1 h. The reaction mixture was quenched by the
addition of 1% HCl (25 mL). The aqueous layer was extracted with
CH2Cl2 (80 mL), and the combined organic layers were washed
with saturated NaHCO3 (20 mL), dried over Na2SO4, filtered and
concentrated under reduced pressure to give a yellow residue. The
residue was dissolved in MeCN (20 mL) and the solution was
cooled to 0–5 ◦C. RuCl3·3H2O (62 mg, 0.24 mmol), NaIO4 (0.93 g,
4.35 mmol) and H2O (20 mL) were then added sequentially, and
the reaction mixture was left to stir for 10 min at 0–5 ◦C and a
further 10 min at rt. The reaction solution was then partitioned
between CH2Cl2 (80 mL) and saturated NaHCO3 (40 mL). The
aqueous layer was extracted with CH2Cl2 (2 × 50 mL), and the
combined organic layers were washed with brine (100 mL), dried
over Na2SO4, filtered and concentrated under reduced pressure.
Column purification over silica gel (2 : 1 to 1 : 1 Hex–EtOAc)


This journal is © The Royal Society of Chemistry 2007 Org. Biomol. Chem., 2007, 5, 1031–1038 | 1035







afforded 12d as a colourless oil (0.97 g, 78%). TLC (SiO2, 2 :
1 Hex–EtOAc) Rf 0.19; [a]26


D +29.97 (c 0.87, CHCl3); mmax(DCM,
microscope)/cm−1 3000, 2957, 2840, 1754, 1613, 1515, 1441, 1351,
1252, 1187; dH(400 MHz, CDCl3) 1.53 (3 H, d, J 6.4, CH3), 3.69
(3 H, s, OCH3), 3.70 (1 H, d, J 6.4, H-a), 3.80 (3 H, s, OCH3), 4.41
(2 H, s, PMB-CH2), 4.88 (1 H, app. p, J 6.4, H-b), 6.90-6.86 (2 H,
m, Ar-H), 7.32-7.28 (2 H, m, Ar-H); dC(100 MHz; CDCl3) 19.3
(CH3); 50.0 (PMB-CH2), 53.0 (OCH3), 55.2 (OCH3), 64.8 (C-a),
77.5 (C-b), 114.1 (Ar-C), 130.7 (Ar-C), 159.8 (Ar-C), 167.8 (CO),
m/z (ES+) Calcd for C13H17NO6SNa 338.0669, found 338.0671
[MNa+].


(4R,5R)-N-(p-Methoxybenzyl)-2,2-dioxo-1,2,3-oxathiazolidinone-
5-methyl-4-carboxylic acid methyl ester (12e)


Pyridine (0.57 mL, 7.07 mmol) was added to a solution of the di-
protected amino acid 11e (358 mg, 1.41 mmol) in CH2Cl2 (8 mL)
and the reaction solution was then cooled to −78 ◦C. SOCl2


(0.13 mL, 1.69 mmol) was added dropwise over 5 min, and the
solution was left to stir at −78 ◦C for 5 min and allowed to
warm to rt over 1 h. The reaction mixture was quenched by the
addition of 1% HCl (10 mL). The aqueous layer was extracted
with CH2Cl2 (50 mL), and the combined organic layers were
washed with saturated NaHCO3 (20 mL), dried over Na2SO4,
filtered and concentrated under reduced pressure to give a yellow
residue. The residue was dissolved in MeCN (10 mL) and the
solution was cooled to 0–5 ◦C. RuCl3·3H2O (22 mg, 0.08 mmol),
NaIO4 (787 mg, 3.68 mmol) and H2O (10 mL) were then added
sequentially, and the reaction mixture was left to stir for 15 min
at 0–5 ◦C and a further 30 min at rt. The reaction solution was
then partioned between CH2Cl2 (50 mL) and saturated NaHCO3


(15 mL). The aqueous layer was extracted with CH2Cl2 (2 ×
40 mL) and the combined organic layers were washed with brine
(30 mL), dried over Na2SO4, filtered and concentrated under
reduced pressure. Column purification over silica gel (2 : 1 to
1 : 1 Hex–EtOAc) afforded 12e as a white solid (333 mg, 75%).
TLC (SiO2, 2 : 1 Hex–EtOAc) Rf 0.21; [a]26


D +62.59 (c 0.91, CHCl3);
mmax(CHCl3, microscope)/cm−1 2956, 2841, 1755, 1613, 1515, 1443,
1346, 1252, 1188, 1029; dH(400 MHz; CDCl3) 1.41 (3 H, d, J 6.4,
CH3), 3.70 (s, 3H, OCH3), 3.77 (s, 3H, OCH3), 3.97 (1 H, d,
J 6.4, H-a), 4.21 (1 H, m, J 14.0, PMB-CH2), 4.38 (1 H, d, J
14.0, PMB-CH2), 4.99 (1 H, app. p, J 6.4, H-b), 6.86-6.83 (2 H,
m, Ar-H), 7.26-7.22 (2 H, m, Ar-H), dC(100 MHz; CDCl3) 15.8
(CH3), 48.8 (PMB-CH2), 52.6 (OCH3), 55.3 (OCH3), 63.4 (C-a),
76.4 (C-b), 114.2 (Ar-C), 125.4 (Ar-C), 130.6 (Ar-C), 158.9 (Ar-C),
167.3 (CO); m/z (ES+) Calcd for C13H17NO6SNa 338.0669, found
338.0672 [MNa+].


(2R,3S)-N-(p-Methoxylbenzyl)-3-tritylsulfanyl-
3-methylcarboxylic acid methyl ester (14)


Trityl-SH 13 (132 mg, 0.48 mmol) was added to a solution of
12a (100 mg, 0.32 mmol) in DMF (2 mL) at rt. Cs2CO3 (155 mg,
0.48 mmol) was then added and the solution was left to stir for
16 h. The reaction was added to 1 M NaH2PO4 buffer (20 mL),
and the solution left to stir for 1 h at rt. EtOAc (25 mL) was
added, and the layers separated. The aqueous layer was extracted
with EtOAc (2 × 25 mL), and the combined organic extracts were
dried, filtered and concentrated under reduced pressure. Column


purification over silica gel (2 : 1 Hex–EtOAc) afforded 14 as a
clear oil (106 mg, 67%). TLC (SiO2, 2 : 1 Hex–EtOAc) Rf 0.35;
[a]26


D −14.90 (c 0.30, CHCl3), mmax(CHCl3, microscope)/cm−1 3339,
3057, 2951, 2835, 1733, 1611, 1512, 1445, 1248; dH(400 MHz,
CDCl3) 0.96 (3 H, d, J 7.2, CH3), 2.78 (1 H, dq, J 7.2 and 3.3,
H-b), 2.88 (1 H, d, J 3.3, H-a), 3.53 (1 H, d, J 12.8, PMB-CH2),
3.57 (3 H, s, OCH3), 3.72 (1 H, d, J 12.8, PMB-CH2), 3.81 (3
H, s, OCH3), 6.89-6.86 (2 H, m, Ar-H), 7.34-7.19 (11 H, m, Ar-
H), 7.55-7.52 (6 H, m, Ar-H), dC(100 MHz, CDCl3) 16.7 (CH3),
43.2 (C-b), 51.3 (OCH3), 52.4 (PMB-CH2), 55.2 (OCH3), 64.3 (C-
a), 67.5 (C(Ar)3), 113.6 (Ar-C), 126.4 (Ar-C), 127.8 (Ar-C), 129.6
(Ar-C), 132.0 (Ar-C), 145.0 (Ar-C), 158.7 (Ar-C), 173.5 (CO), m/z
(ES+) Calcd for C32H33NO3SNa 534.2073, found 534.2076 MNa+.


3-(S)-[(R)-2-tert-Butoxycarbonyl-2-(tert-butoxycarbonylamino)-
ethylsulfanyl]-(R)-(p-methoxybenzylamino)butanoic acid methyl
ester (17)


Procedure 1. Boc-Cys-OMe 16 (152 mg, 0.65 mmol) was added
to a solution of 12a (136 mg, 0.43 mmol) in DMF (4 mL) at rt.
Cs2CO3 (210 mg, 0.65 mmol) was added and the solution was left
to stir for 16 h. The reaction was added to 1 M NaH2PO4 buffer
(20 mL), and the solution was left to stir for 24 h at rt. EtOAc
(25 mL) and the layers separated. The aqueous layer was extracted
with EtOAc (2 × 25 mL), and the combined organic extracts
were dried, filtered and concentrated under reduced pressure.
Column purification over silica (2 : 1 Hex–EtOAc) afforded 17
as a colourless oil (81 mg, 40%). TLC (SiO2, 2 : 1 Hex–EtOAc)
Rf 0.31; [a]26


D −6.71 (c 1.08, CHCl3), mmax(microscope)/cm−1 33.65
(br), 2975, 2837, 1715, 1612, 1512, 1454, 1367, 1248, 1169, 1034;
dH (400 MHz, CDCl3) 1.27 (3 H, d, J 7.2, CH3), 1.44 (9 H, s,
C(CH3)3), 2.88 (1 H, dd, J 13.2 and 6.0, CH2), 2.96 (1 H, dd,
J 13.2 and 5.0, CH2), 3.04 (1 H, dq, J 7.2 and 5.2, H-3), 3.33
(1 H, d, J 5.2, H-2), 3.60 (1 H, d, J 12.8, PMB-CH2), 3.73 (3 H, s,
OCH3), 3.74 (3 H, s, OCH3), 3.80 (3 H, s, OCH3), 3.80 (1 H, d, J
12.8, PMB-CH2), 4.51 (1 H, m, H-6), 5.43 (1 H, br d, J 6.8, NH),
6.87-6.83 (m, 2H, Ar-H), 7.26-7.23 (m, 2H, Ar-H); dC(100 MHz,
CDCl3) 17.6 (CH3), 21.3 (C(CH3)3), 33.6 (C-5), 43.8 (C-3), 51.8
(PMB-CH2), 51.8 (OCH3), 52.5 (OCH3), 53.3 (C-6), 55.2 (OCH3),
64.5 (C-2), 80.1 (C(CH3)3), 113.7 (Ar-C), 129.5 (Ar-C), 131.5 (Ar-
C), 155.1 (CO), 158.8 (Ar-C), 171.4 (CO), 173.7 (CO); m/z (ES+)
Calcd for C22H32N2O7SNa 493.1979, found 493.1982 [MNa+].


Procedure 2. Boc-Cys-OMe 16 (94 mg, 0.40 mmol) was added
to a solution of 12a (105 mg, 0.33 mmol) in DMF (1.5 mL) at
rt. Cs2CO3 (130 mg, 0.40 mmol) was added, and the solution was
left to stir for 18 h. The solvent was removed under vacuum to
give a thick residue. This residue was dissolved in CH2Cl2 (2 mL)
and cooled to 0 ◦C. BF3·Et2O (0.08 mL, 0.60 mmol) was added
and the reaction solution was left to stir for 30 min at 0 ◦C.
nPrSH (0.05 mL, 0.60 mmol) was then added and the reaction
was left to stir for a further 18 h at rt. NH4OH solution (30%
NH3, 1 ml) was added and the resulting solution was left to
stir for 30 min before CH2Cl2 (10 ml) and MgSO4 (excess) were
added. The reaction solution was filtered and the solid washed
with CH2Cl2. The organic washes were combined, and the solvent
was removed under reduced pressure to give a pale yellow oil.
Column chromatography (SiO2, 2 : 1 Hex–EtOAc) yielded 17 as a
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colourless oil (124 mg, 79%). The physical and spectral properties
for 17 obtained marched those reported for Procedure 1.


3-[(R)-2-tert-Butoxycarbonyl-2-(tert-butoxycarbonylamino)-
ethylsulfanyl]-(R)-(p-methoxybenzylamino)propionic acid
methyl ester (19a)


Boc-Cys-OtBu 18 (213 mg, 0.77 mmol) and Cs2CO3 (251 mg,
0.77 mmol) were added to a solution of 12b (193 mg, 0.64 mmol)
in DMF (2 mL). The reaction solution was left to stir at rt for
20 h. The solvent was removed under vacuum to give a thick
residue. This residue was dissolved in CH2Cl2 (4 mL) and cooled
to 0 ◦C. BF3·Et2O (0.12 mL, 0.96 mmol) was added, and the
reaction solution was left to stir for 30 min. nPrSH (0.09 mL,
0.99 mmol) was then added, and the reaction was left to stir for
a further 16 h. NH4OH (30% NH3, 1.5 mL) was added, and the
resulting solution was left to stir 30 min before MgSO4 (excess)
and CH2Cl2 (10 ml) were added. The reaction solution was filtered
and the solid washed with CH2Cl2. The solvent was removed
under reduced pressure, and the resulting oil was purified by
column chromatography (SiO2, 2 : 1 Hex–EtOAc) to give 19a as a
colourless oil (257 mg, 85%). TLC (SiO2, 2 : 1 Hex–EtOAc) Rf 0.28;
[a]26


D −9.18 (c 1.25, CHCl3); mmax(cast)/cm−1 3363 (br), 2977, 2933,
2836, 1737, 1713, 1611, 1513, 1392, 1367, 1155, 1035; dH(400 MHz,
CDCl3) 1.44 (9 H, s, C(CH3)3), 1.46 (9 H, s, C(CH3)3), 2.85 (2 H,
m, H-3), 2.95 (2 H, m, H-5), 3.45 (1 H, t, J 6.4, H-2), 3.65 (1 H,
d, J 12.8, PMB-CH2), 3.73 (3 H, s, CO2CH3), 3.77 (1 H, d, J 12.8,
PMB-CH2), 3.79 (3 H, s, PMB-OCH3), 4.39 (1 H, m, H-6), 5.56 (1
H, br d, NH), 6.87-6.83 (2 H, m, Ar-H), 7.26-7.23 (2 H, m, Ar-H);
dC(100 MHz, CDCl3) 27.9 (C(CH3)3), 28.3 (C(CH3)3), 35.5 (C-3),
36.0 (C-5), 51.3 (PMB-CH2), 52.0 (PMB-OCH3), 54.2 (C-6), 55.2
(CO2CH3), 60.3 (C-2), 79.8 (C(CH3)3), 82.4 (C(CH3)3), 113.8 (Ar-
C), 129.5 (Ar-C), 131.4 (Ar-C), 155.2 (CO), 158.8 (Ar-C), 169.8
(C-7), 173.8 (C-1); m/z (ES+) Calcd for C24H39N2O7S 499.2473,
found 499.2471 [MH+].


3-[(S)-2-tert-Butoxycarbonyl-2-(tert-butoxycarbonylamino)-
ethylsulfanyl]-(R)-(p-methoxybenzylamino)propionic acid
methyl ester (19b)


Boc-Cys-OtBu 18 (201 mg, 0.73 mmol) and Cs2CO3 (236 mg,
0.73 mmol) were added to a solution of 12c (182 mg, 0.60 mmol)
in DMF (2 mL). The reaction solution was left to stir at rt for
20 h. The solvent was removed under vacuum to give a thick
residue. The residue was dissolved in CH2Cl2 (4 mL) and cooled
to 0 ◦C. BF3·Et2O (0.11 mL, 0.91 mmol) was added, and the
reaction solution was left to stir for 30 min. nPrSH (0.08 ml,
0.91 mmol) was then added, and the reaction was left to stir for
a further 16 h. NH4OH (30% NH3, 1.5 mL) was added, and the
resulting solution was left to stir 30 min before MgSO4 (excess)
and CH2Cl2 (10 mL) were added. The reaction solution was filtered
and the solid washed with CH2Cl2. The solvent was removed under
reduced pressure, and the resulting oil was purified by column
chromatography (SiO2, 4 : 1 to 2 : 1 Hex–EtOAc) to give 19b
as an oil (252 mg, 89%). TLC (SiO2, 2 : 1 Hex–EtOAc) Rf 0.29;
[a]26


D +7.47 (c 2.16, CHCl3); mmax(CHCl3, microscope)/cm−1 3360
(br), 2978, 2934, 1737, 1715, 1513, 1393, 1368, 1248, 1156, 1035;
dH(400 MHz, CDCl3) 1.44 (9 H, s, C(CH3)3), 1.46 (9 H, s, C(CH3)3),
2.84 (1 H, dd, J 13.2 and 6.0, H-3), 2.89 (1 H, dd, J 13.2 and 6.0,


H-3), 2.95 (2 H, m, H-5), 3.46 (1 H, t, J 6.0, H-2), 3.66 (1 H, d,
J 12.8, PMB-CH2), 3.72 (3 H, s, CO2CH3), 3.78 (1 H, d, J 12.8,
PMB-CH2), 3.79 (3 H, s, PMB-OCH3), 4.39 (1 H, m, H-6), 5.66 (1
H, br s, NH), 6.86-6.83 (2 H, m, Ar-H), 7.26-7.23 (2 H, m, Ar-H);
dC(100 MHz, CDCl3) 27.9 (C(CH3)3), 28.3 (C(CH3)3), 35.5 (C-3),
36.0 (C-5), 51.2 (PMB-CH2), 51.9 (PMB-OCH3), 54.1 (C-6), 55.2
(CO2CH3), 60.1 (C-2), 79.8 (C(CH3)3), 82.4 (C(CH3)3), 113.8 (Ar-
C), 129.4 (Ar-C), 131.4 (Ar-C), 155.2 (CO), 158.8 (Ar-C), 169.8
(C-7), 173.8 (C-1); m/z (ES+) Calcd for C24H39N2O7S 499.2473,
found 499.2475 [MH+].


3-(R)-[(R)-2-tert-Butoxycarbonyl-2-(tert-butoxycarbonylamino)-
ethylsulfanyl]-(S)-(p-methoxybenzylamino)butanoic acid methyl
ester (20a)


Boc-Cys-OtBu 18 (322 mg, 1.16 mmol) and Cs2CO3 (377 mg,
1.16 mmol) were added to a solution of 12d (304 mg, 0.96 mmol)
in DMF (5 mL). The reaction solution was left to stir at rt for
20 h. The solvent was removed under vacuum to give a thick
residue. The residue was dissolved in CH2Cl2 (6 mL), and cooled
to 0 ◦C. BF3·Et2O (0.18 mL, 1.44 mmol) was added, and the
reaction solution was left to stir for 30 min. nPrSH (0.13 mL,
1.44 mmol) was then added, and the reaction was left to stir for
a further 16 h. NH4OH (30% NH3, 2.0 mL) was added, and the
resulting solution was left to stir 30 min before MgSO4 (excess)
and CH2Cl2 (15 mL) were added. The reaction solution was filtered
and the solid washed with CH2Cl2. The solvent was removed under
reduced pressure, and the resulting oil was purified by column
chromatography (SiO2, 4 : 1 Hex–EtOAc), to give 20a as an oil
(354 mg, 72%). TLC (SiO2, 4 : 1 Hex–EtOAc) Rf 0.15; [a]26


D +15.19
(c 0.65, CHCl3); mmax(CHCl3, microscope)/cm−1 3363 (br), 2978,
2933, 1735, 1716, 1513, 1368, 1248, 1155, 1035; dH(400 MHz,
CDCl3) 1.28 (3 H, d, J 7.2, CH3); 1.44 (9 H, s, C(CH3)3), 1.47
(9 H, s, C(CH3)3), 2.89 (1 H, dd, J 13.8 and 4.8, H-5), 2.97 (1 H, dd,
J 13.8 and 4.8, H-5), 3.07 (1 H, m, H-3), 3.33 (1 H, d, J 5.6, H-2),
3.62 (1 H, d, J 12.8, PMB-CH2), 3.72 (3 H, s, PMB-OCH3), 3.79
(3 H, s, CO2CH3), 3.81 (1 H, d, J 12.8, PMB-CH2), 4.42 (1 H,
m, CH), 5.69 (1 H, d, J 8.4, NH), 6.87-6.83 (2 H, m, Ar-H),
7.27-7.23 (2 H, m, Ar-H); dC(100 MHz, CDCl3) 18.3 (CH3), 27.9
(C(CH3)3), 28.3 (C(CH3)3), 34.0 (C-5), 44.4 (C-3), 51.7 (PMB-
CH2), 51.7 (PMB-OCH3), 54.3 (C-6), 55.2 (CO2CH3), 64.5 (C-2),
79.7 (C(CH3)3), 82.4 (C(CH3)3), 113.7 (Ar-C), 129.5 (Ar-C), 131.5
(Ar-C), 155.3 (CO), 158.8 (Ar-C), 169.8 (CO), 173.7 (CO); m/z
(ES+) Calcd for C25H41N2O7S 513.2629, found 513.2628 [MH+].


3-(S)-[(R)-2-tert-Butoxycarbonyl-2-(tert-butoxycarbonylamino)-
ethylsulfanyl]-(S)-(p-methoxybenzylamino)butanoic acid methyl
ester (20b)


Boc-Cys-OtBu 18 (178 mg, 0.64 mmol) and Cs2CO3 (210 mg,
0.64 mmol) were added to a solution of 12e (169 mg, 0.54 mmol)
in DMF (3 mL). The reaction solution was left to stir at rt for
20 h. The solvent was removed under vacuum to give a thick
residue. The residue was dissolved in CH2Cl2 (4 mL) and cooled to
0 ◦C. BF3·Et2O (0.11 mL, 0.80 mmol) was added, and the reaction
solution was left to stir for 30 min. nPrSH (0.06 ml, 0.80 mmol)
was then added, and the reaction was left to stir for a further 16 h.
NH4OH (30% NH3, 1.5 mL) was added, and the resulting solution
was left to stir 30 min before MgSO4 (excess) was added. The
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reaction solution was filtered and the solid washed with CH2Cl2.
The solvent was removed under reduced pressure and the resulting
oil was purified by column chromatography (SiO2, 4 : 1 to 2 : 1
Hex–EtOAc) to give 20b as an oil (194 mg, 70%). TLC (SiO2, 4 :
1 Hex–EtOAc) Rf 0.13; [a]26


D +11.02 (c 2.04, CHCl3); mmax(CHCl3,
microscope)/cm−1 3372 (br), 2978, 2934, 1737, 1715, 1513, 1456,
1513, 1368, 1248 1155; dH(400 MHz; CDCl3) 1.31 (3 H, d, J 6.8,
CH3), 1.45 (9 H, s, C(CH3)3), 1.46 (9 H, s, C(CH3)3), 2.91 (1 H, dd,
J 13.6 and 5.2, H-5), 2.96 (1 H, dd, J 13.6 and 4.8, H-5), 3.13 (1 H,
m, H-3), 3.25 (1 H, d, J 5.6, H-2), 3.60 (d, 1H, J 13.2, PMB-CH2),
3.74 (3 H, s, PMB-OCH3), 3.79 (3 H, s, CO2CH3), 3.83 (1 H, d,
J 13.2, PMB-CH2), 4.37 (1 H, m, H-6), 5.49 (1 H, d, J 7.2, NH),
6.86-6.83 (2 H, m, Ar-H), 7.27-7.23 (2 H, m, Ar-H), dC(100 MHz;
CDCl3) 19.3 (CH3), 28.0 (C(CH3)3), 28.3 (C(CH3)3), 33.6 (C-5),
44.0 (C-3), 51.7 (PMB-CH2), 51.8 (PMB-OCH3), 53.8 (C-6), 55.2
(CO2CH3), 64.9 (C-2), 79.8 (C(CH3)3), 82.5 (C(CH3)3), 113.7 (Ar-
C), 129.7 (Ar-C), 131.7 (Ar-C), 155.2 (CO), 158.7 (Ar-C), 169.8
(CO), 173.9 (CO); m/z (ES+) Calcd for C25H41N2O7S 513.2629,
found 513.2627 [MH+].
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A library of stereo- and regiochemically diverse aminoglycoside derivatives was screened at 1 lM using
surface plasmon resonance (SPR) against RNA hairpin models of the bacterial A-site, and the HIV
viral TAR and RRE sequences. In order to double the stereochemical diversity of the library, the
compounds were screened against both enantiomers of each of these sequences. Remarkably, this initial
screen suggested that the same four aminoglycoside derivatives bound most tightly to all three of the
RNAs, suggesting that these compounds were good RNA binders which, nonetheless, discriminated
poorly between the RNA sequences. The interactions between selected isomeric aminoglycoside
derivatives and the RNA hairpins were then studied in more detail using an SPR assay. Three isomeric
tight-binding aminoglycoside derivatives, which had been identified from the initial screen, were found
to bind more tightly to the RNA hairpins (with KD values in the range 0.23 to 4.7 lM) than a fourth
isomeric derivative (which had KD values in the range 6.0 to 30 lM). The magnitude of the tightest
RNA–aminoglycoside interactions stemmed, in large part, from remarkably slow dissociation of the
aminoglycosides from the RNA targets. The three tight-binding aminoglycoside derivatives were found,
however, to discriminate rather poorly between alternative RNA sequences with, at best, around a
twenty-fold difference in affinity for alternative RNA hairpin sequences. Within the aminoglycoside
derivative library studied, high affinity for an RNA target was not accompanied by good discrimination
between alternative RNA sequences.


Introduction


The aminoglycoside antibiotics (such as 1–5) interfere with protein
synthesis by interacting with 16S rRNA within the 30S subunit of
the bacterial ribosome, thereby inhibiting translation and causing
miscoding.1 The structural basis of recognition of aminoglycosides
by the prokaryotic A site has been determined.2 In addition,
the aminoglycosides bind to a range of other RNA sequences:
aminoglycosides inhibit the splicing of group I introns,3 and can
disrupt key protein–RNA recognition events, for example, the
formation of the RRE–Rev4 and TAR–Tat5 complexes required
in the life cycle of the HIV virus.


The binding between aminoglycosides and their RNA targets is,
however, often not particularly specific. In one study, the specificity
of aminoglycoside–RNA hairpin interactions was investigated
in detail:6 the affinity of five aminoglycosides—tobramycin,
kanamycin A, kanamycin B, dibekacin and amikacin—for four
RNA hairpins—three variants of an aptamer selected to bind


aSchool of Chemistry, University of Leeds, Leeds, UK LS2 9JT
bAstbury Centre for Structural Molecular Biology, University of Leeds,
Leeds, UK LS2 9JT
† Electronic supplementary information (ESI) available: Data on the
preliminary screening of the aminoglycoside derivative library, kinetic
parameters for binding of aminoglycoside derivatives to RNA sequences,
experimental procedures, and mass spectra of RNA sequences. See DOI:
10.1039/b618683a


tobramycin, j6, and an A-helix stem without bulges, HpB‡—was
measured. Several equivalents of the aminoglycosides were found
to bind to each equivalent of the RNA hairpins. However, the first
equivalent of each aminoglycoside was found to bind similarly
tightly to all four hairpins; in fact, the binding affinity depended,
in large part, only on the charge of the aminoglycosides, with
an approximate 10-fold increase7,8 in (non-specific) electrostatic
interaction associated with each additional (protonated) amine.
Thus, the hydrogen bonds that are formed between the hydroxyl
groups on the aminoglycosides and the RNA do not contribute
significantly to the affinity: the aminoglycosides studied did not,
therefore, display significant RNA sequence selectivity, and were
unable to discriminate between the three aptamers and the RNA
fragment HpB.


Rather low specificity is also observed in the interactions
between the aminoglycosides and RNA hairpin models of the
prokaryotic A-site.7 For example, kanamycin B and tobramycin,
which both have a 4,6-disubstituted 2-deoxystreptamine ring, have
low (2- to 4-fold) specificity for the A-site sequence relative to its
U1495A variant (see Fig. 1 for the sequences of these RNAs).
In contrast, neomycin B and paromomycin, which both have a
4,5-disubstituted 2-deoxystreptamine ring, bind up to 20 times


‡ Hairpin B, HpB, comprising a structured GAAA tetraloop and an
A-helix stem without bulges, was designed as a reference sequence to
evaluate the properties of the j6 hairpin series. The sequence of HpB was
5′-GGCGAUACCAAGCCGAAAGGCUUGGUAUCGCCA-3′ (ref. 6).
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Fig. 1 RNA hairpins used in this study. Both enantiomers of the A-site, TAR and RRE RNAs were prepared by solid-phase oligonucleotide synthesis.


more tightly to the A-site sequence than to its U1495A variant.
In E. coli, the U1495A mutation confers low levels of resistance
to neomycin, tobramycin and gentamicin, and a high level of
resistance to paromomycin.9


Although aminoglycosides generally bind with similar affinities
to structurally diverse RNA targets, nucleobase–aminoglycoside
conjugates have been discovered with selectivity for the TAR
sequence over the A-site sequence.10 In addition, a cyclic aminogly-
coside derivative has been shown to recognise the TAR sequence
by interacting simultaneously with the bulge residues required for
Tat binding, and the A35 residue of the hexanucleotide loop.11


We have screened a library of aminoglycoside derivatives12§ (see
Fig. 2 and 3) against RNA hairpin models of the prokaryotic A-
site and the viral RNA sequences RRE and TAR. Similar models
of RNA binding sites have previously been used to understand the
structure and function of complexes of the aminoglycosides and
larger RNA targets found in vivo.7,13c,16–18 Within the library, the
configuration and regiochemistry of the aminoglycoside deriva-
tives were widely varied, allowing regions of conformational space,
which are not available to the natural products, to be explored.
In addition, we effectively doubled the stereochemical diversity
of the library by measuring the affinity of each aminoglycoside
derivative for both enantiomers of each RNA hairpin; in this
way, the affinities of both enantiomers of each aminoglycoside


§ A wide range of aminoglycoside derivatives have previously been
prepared in which the substitution8,13 of one or more carbohydrates14


has been varied systematically. In addition, orthogonally protected sugar
diamino acids have been exploited as building blocks in the synthesis of
linear and branched aminoglycoside derivatives.15


derivative could be inferred without doubling the synthetic effort
required. The pattern of amino groups can modulate the structure,
dynamics and function of natural aminoglycosides.19


The library was designed such that many of the library members
were isomeric, having the same number of amino groups. It was
hoped that the comparison of largely isomeric compounds would
allow compounds which recognised each RNA target specifically
to be identified. Previously, libraries of stereo- and regioisomeric
ligands, probing large areas of conformational space, have been
used to identify unnatural ligands for macromolecular targets;20a


for example, two compounds with higher affinity for a bacterial
lectin than its natural ligand were identified from a 1300 member
library of acylated amino di- and tri-saccharides.20b


Screen of the library of stereo- and regiochemically diverse
aminoglycoside derivatives


The library of stereo- and regiochemically diverse aminoglycoside
derivatives was screened against models of the bacterial ribosomal
A-site, and the viral TAR and RRE sequences (see Fig. 1).7,13c,16,17


The compounds were also screened against the enantiomeric RNA
sequences to allow the affinities of the enantiomeric compounds
for the natural targets to be inferred indirectly.


Surface plasmon resonance (SPR) was used to screen for
binding of each aminoglycoside to each of the RNA targets.7,13c,16,17


The biotinylated RNAs were immobilised on streptavidin-coated
sensor chips, and a regeneration buffer was injected to remove any
unbound RNA. The affinity of kanamycin A, a 4,6-disubstituted
aminoglycoside with four amino groups, for a range of RNA
targets has been determined previously by surface plasmon
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Fig. 2 Aminoglycoside derivatives screened in this study. The compounds indicated with an asterisk were not prepared; instead, the enantiomeric
compounds were screened against enantiomeric RNA targets. See Fig. 3 for the range of modified glycosyl substituents A–G and A′–G′ explored.


Fig. 3 Variations in the sugar substituents.


resonance (KD = 18 lM for the A-site;7 KD in the range 4–
11 lM for three variants of the aptamer j6;6 KD = 20 ± 2 lM
for the hairpin HpB6). An aim of our study was to identify
ligands which were similar in structure to kanamycin A, but which,
nonetheless, bound more tightly to the RNA hairpins. Most of the
aminoglycoside library members were tetra-amines, and, therefore,
it was hoped that compounds exhibiting higher specific binding to
RNA, rather than simply increased electrostatic interaction, would
be identified. The ligands were screened at 1 lM, and the relative
increases in resonance units (RU) in the association phase were
determined. The results of this screen are summarised in Fig. 4
and Table S1 (Supporting Information).†


Most of the compounds screened against the RNA targets
resulted in small increases in RU. However, between four and
six of the compounds, depending on the RNA target, resulted
in increases in RU which were at least 20% of Rmax, the maximum
response observed when one binding site is occupied. The affinities
of the compounds for each of the RNA targets are strongly
correlated:¶ compounds which bind strongly to one of the RNA
sequences generally also bind strongly to the other two RNA
sequences (see Fig. 5). Remarkably, for each of the RNAs, the


¶ The correlation coefficients for the affinities of the compounds for pairs
of RNA sequences are: 0.96 (TAR and RRE), 0.92 (TAR and A-site) and
0.88 (RRE and A-site).


four compounds which resulted in the largest relative response
were the same: 6A′C and 6G were ranked first and second for
all three targets, and 6A′F and 6A′D were ranked either third or
fourth. The compounds with the highest relative responses (6A′C,
6G, 6A′F and 6A′D) are all tetra-amines; their higher apparent
affinity for RNA, relative to isomeric tetra-amines within the
library, cannot simply stem, therefore, from increased electrostatic
interaction. However, the preliminary screen suggested that none
of these compounds were able to discriminate effectively between
the A-site, TAR and RRE sequences.


The relationship between the activity of the compounds
6Sug1Sug2, and the identity of each of the glycosyl substituents
Sug1 and Sug2, is summarised in Fig. 6. Within this series,
the three compounds with the highest affinity for the three
RNA targets (6A′C, 6A′D and 6A′F) all have an L-a-6-amino-6-
deoxyglucopyranosyl Sug1 substituent, A′ (see Fig. 6, panel A);
however, presence of this substituent is not sufficient for high
activity. The dependence of activity on the nature of the Sug2


substituent is less clear (Fig. 6, panel B): however, the compounds
with a D-a-6-amino-6-deoxyglucopyranosyl Sug2 substituent, A,
are generally found in a cluster which is distinct from the least
active compounds.‖ Figures which summarise the relationships


‖ The identity of the Sug1 substituent has little effect on the activity of the
compounds in the series 6Sug1A.
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Fig. 4 Relative change in resonance units (RU) observed in the associa-
tion phase in the presence of 1 lM of each aminoglycoside derivative. The
data have been normalised to account for differences in the immobilisation
levels and relative molecular masses of the RNA molecules and the
aminoglycosides. Data for many compounds have been obtained by
screening the enantiomeric compound against enantiomeric RNA (see
Table S1, Supplementary Information†). A response of 100% refers to an
increase in RU of Rmax, the maximum response observed when one binding
site is occupied. Panel A: A-site sequence; panel B: TAR sequence; panel
C: RRE sequence.


between activity and the regiochemistry and configuration of
the aminoglycoside derivatives are provided as Supplementary
Material.†


Fig. 5 Relative change in resonance units (RU) observed in the presence
of 1 lM of each aminoglycoside derivative (see Fig. 4). The aminoglycoside
class is indicated by colour: 6Sug1Sug2 (red); 7Sug1Sug2 (blue); 8Sug1Sug2


(green) and other derivatives (purple). The affinity of the aminoglycoside
derivatives for the three target RNA sequences (RRE, TAR and the
bacterial A-site) are strongly correlated. For each of the targets, the four
compounds which resulted in the largest relative change in RU in the
association phase were the same (6A′C, 6G, 6A′F and 6A′D).


Determination of apparent dissociation constants for
aminoglycoside derivatives


Apparent dissociation constants were determined for selected
pairs of aminoglycoside derivatives and RNA sequences (Table 1).
The binding of the aminoglycoside derivatives was monitored
at four concentrations (0.3 lM, 0.9 lM, 1.8 lM and 3.0 lM)
using surface plasmon resonance. Previous studies have shown that
multiple equivalents of aminoglycoside derivatives bind to similar
RNA sequences;6,21 for example, three equivalents of a range of
aminoglycosides bind to a 27-mer variant of an RNA aptamer.6


The experimental data were, therefore, fitted to a model with
three aminoglycoside binding sites (see Table S2, Supplementary
Information†). The dissociation constants, KD, representing the
binding of the first equivalent of each aminoglycoside to the RNA
sequences are shown in Table 1. In general, it was found that
subsequent equivalents of aminoglycoside analogues bound with
(at least) one order of magnitude less affinity.


In addition to the RNA sequences used in the initial screen, two
variants in which the U·U non-canonical base pair was replaced by
an A:U or a U:A Watson–Crick base pair, U1495A and U1406A,
were also investigated. In E. coli, these mutations confer bacterial
resistance to aminoglycoside antibiotics:9,22 the U1406A mutation
confers resistance to aminoglycosides with a 4,6-disubstituted 2-
deoxystreptamine ring, and the U1495A mutation confers low to
moderate levels of resistance to neomycin and tobramycin and a
high level of resistance to paromomycin. SPR studies have also
shown that the affinity of aminoglycosides for the A-site depends
critically on the presence of the non-canonical U·U base pair.** 7


** Paromomycin binds about eight-fold more tightly to the U1406A
variant than to the A-site sequence. Neomycin and paromomycin bind
between ten- and twenty-fold less tightly to the U1494A variant than to
the A-site sequence.
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Table 1 Apparent dissociation constants for the binding of the first equivalent of aminoglycoside derivatives to RNA sequences


A site A site U1495A variant A site U1406A variant TAR RRE


Compound KD
a/lM KD


a/lM KD
a/lM KD


a/lM KD
a/lM


6A′B 29 ± 1 6.0 ± 1.5 14 ± 1 —b 30 ± 13
6A′C 0.23 ± 0.2 —b 0.32 ± 0.1 0.27 ± 0.03 2.7 ± 0.5
6A′D —b —b —b 0.26 ± 0.03 0.27 ± 0.04
6A′F 4.7 ± 0.1 2.8 ± 0.1 3.9 ± 0.1 0.26 ± 0.07 —b


a Experimental data were fitted to a three binding site model. The apparent dissociation constant, KD,a, representing the binding of the first equivalent of
the aminoglycoside derivative to the RNA is provided here. b Not determined.


Fig. 6 Relationship between the relative change in resonance units
(RU) observed in the association phase in the presence of 1 lM of the
aminoglycoside derivatives 6Sug1Sug2 (see Fig. 4) and the nature of the
Sug1 and Sug2 substituents. The compounds are coloured according to the
nature of the glycosyl substituents. Panel A: dependence of activity on the
nature of Sug1: A (blue), A′ (green) and other substituents (purple). Panel
B: dependence of activity on the nature of Sug2: A (blue), C (orange) and
other substituents (purple).


The aminoglycoside derivative 6A′B was used as a negative
control (Table 1). The aminoglycoside 6A′B bound to the RNA


hairpins with KD in the range 6–30 lM, that is, with significantly
lower affinity than the compounds 6A′C, 6A′D and 6A′F which
were identified from the screen (Table 1). The affinity of the
aminoglycoside 6A′B for the RNA hairpins was similar to that
of kanamycin A for RNA hairpin models of the bacterial A-site
(KD = 18 lM),7 its U1495A (KD = 33 lM) and U1406A (KD =
28 lM) variants,7 and four other RNA hairpins (KD = 4–20 lM).6


The aminoglycosides 6A′C, 6A′D and 6A′F were found to
bind significantly more tightly to the RNA hairpins than their
isomer 6A′B i.e. with up to 120-fold higher affinity (Table 1). The
aminoglycoside derivative 6A′C bound to the RNA hairpin model
of the bacterial A-site with KD = 0.23 lM and the model of
the TAR sequence with KD = 0.27 lM. The tetra-amine 6A′D was
found to bind to both the TAR and RRE sequences, and its isomer
6A′F to the TAR sequence, with similar affinity i.e. with KD values
in the range 0.2–0.3 lM. In all cases, the highest affinity RNA–
aminoglycoside interactions stem, in large part, from remarkably
slow “off” rates in the range 0.4 to 1.0 × 10−4 s−1 (see Fig. 7 and
Table S2, Supplementary Information†).


Fig. 7 Kinetic parameters for the binding of selected aminoglycosides to
RNA sequences: A-site (square), TAR (diamond) and RRE (triangle). The
aminoglycosides are indicated by colour: 6A′B (black), 6A′C (red), 6A′D
(green) and 6A′F (blue).


Although the aminoglycoside derivatives 6A′C, 6A′D and 6A′F
bind tightly to the RNA hairpins, they discriminate rather poorly
between the alternative RNA sequences. The aminoglycoside 6A′C
bound similarly tightly to the A-site model, its U1406A variant,
and the TAR site model; 6A′C did, however, bind to the RRE
model sequence with approximately 10-fold lower affinity. The
aminoglycoside 6A′D discriminated poorly between the TAR and
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the RRE sequences. However, the aminoglycoside derivative 6A′F
bound to the TAR sequence more than 10-fold more tightly
than to the A-site and its variants. Although the aminoglycoside
derivatives 6A′C, 6A′D and 6A′F bind more tightly to the RNA
hairpins than isomeric derivatives, their sequence specificity is
rather low.


Summary


An SPR screen was used to identify tight-binding ligands for the
bacterial A-site, and the viral TAR and RRE sequences from
a library of stereo- and regiochemically diverse aminoglycoside
derivatives. Remarkably, this initial screen suggested that the same
four aminoglycoside derivatives bound most tightly to all three of
the RNAs, suggesting that these compounds discriminated poorly
between the RNA sequences.


The interactions between selected isomeric aminoglycoside
derivatives and the RNA hairpins were studied in more detail
using surface plasmon resonance. Experimental data obtained
at four aminoglycoside concentrations was fitted to a three-site
binding model, and dissociation constants were obtained. The
aminoglycoside derivatives 6A′C, 6A′D and 6A′F, which were
identified from the screen, were found to bind more tightly to
the RNA hairpins than their isomeric derivative 6A′B (Table 1);
indeed, 6A′C had about 120-fold higher affinity than 6A′B for
the RNA model of the bacterial A-site. The magnitude of the
tightest RNA–aminoglycoside interactions stemmed, in large
part, from remarkably slow dissociation of the aminoglycosides
from the RNA targets. Aminoglycosides possessing unnatural
sugar configurations may be poor substrates for aminoglycoside-
modifying enzymes which confer antibiotic resistance.23


The aminoglycoside derivatives 6A′C, 6A′D and 6A′F, however,
discriminate rather poorly between alternative RNA sequences.
The aminoglycoside 6A′C bound similarly tightly to the A-site
model, its U1406A variant, and the TAR site model (with KD


values in the range 0.23–0.32 lM), though it bound to the RRE
model sequence with approximately 10-fold lower affinity. The
aminoglycoside 6A′D discriminated poorly between the TAR and
the RRE sequences. The aminoglycoside derivative 6A′F bound
to the TAR sequence more than 10-fold more tightly than to the
A-site and its variants. Although the aminoglycoside derivatives
6A′C, 6A′D and 6A′F bind more tightly to the RNA hairpins than
isomeric derivatives, their sequence specificity is rather low.


In this study, we showed that the affinity of aminoglycoside
derivatives for RNA sequences does not stem entirely from their
electrostatic interaction with a macromolecular target: within our
library of isomeric aminoglycosides, ligands with the same number
of amino groups had widely differing affinities for RNA. However,
within our library, high affinity was not accompanied by good
sequence discrimination: even the tightest binding aminoglycoside
derivatives discovered were found to discriminate poorly between
alternative RNA sequences.
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The structural features of carbohydrates are a combination of 1) sequence and types of mono-sugars, 2)
stereochemistry of their glycosidic linkages, and 3) their glycosidic linkage sites. We performed the first
systematic VCD study on glycoside linking site discrimination. VCD spectra, in the CH stretching
region from 2000 to 4000 cm−1, of eleven glucobioses (trehalose (a1-a1), neotrehalose (a1-b1),
isotrehalose (b1-b1), kojibiose (a1-2), nigerose (a1-3), maltose (a1-4), isomaltose (a1-6), sophorose
(b1-2), laminaribiose (b1-3), cellobiose (b1-4), gentiobiose (b1-6)) suggested a possible new
discrimination method for glyco analysis, while VCD spectra in the mid-IR region distinguished the
stereochemistry (a or b) of the glycosidic linkage. Both reducing and nonreducing glucobioses showed
different VCD spectral features compared to their constituent D-glucose and the anomer-fixed model
compounds. Interresidue interaction such as hydrogen bonding was suggested to cause these spectral
differences. Interplay between residues is a common phenomenon and thus VCD analysis could be
applicable to other di-, oligo- or poly-saccharides. Several isotropic labeled compounds were also
measured to support spectral assignment and interpretation.


Introduction


The diversity of carbohydrates comes from a combination of 1) the
sequence of the monosaccharide residues, 2) the stereochemistry
of their glycosidic linkages (a or b), and 3) their glycosidic linkage
sites. The resultant complex structures relate to the biological
roles of glycoproteins or glycolipids, through interactions with
various receptor proteins on the cell surface and interior.1 For
these reasons, the development of a technique to characterize these
complex carbohydrate structures is critical in the postgenomic era.
However, the structural analysis of carbohydrates is complicated
and needs to utilize several analytical methods in a complementary
way. X-Ray crystallographic study requires suitable crystals for
diffraction, and it is generally difficult for carbohydrates to form
good crystals. On the other hand, NMR study is a widely
used and powerful method,2 however, for oligosaccharides, its
measurement and interpretation could be time-consuming work.
In recent decades, mass spectrometry analysis has successfully
played an important role in glycobiology by means of tandem
MS spectrometry (MSn) and its fragmentation pattern.3 Since MS
analysis is based on an empirical method, stereochemical analyses
of uncommon biological carbohydrates not in the library are still
difficult. These methods are founded on achiral technologies which
would not extract their chiral structural information, although
carbohydrates are considered chiral cumulated devices. Recently,
the advent of technical improvement of chiroptical techniques,
such as vibrational circular dichroism (VCD),4,5 vibrational Ra-
man optical activity (VROA)6 and vacuum-ultraviolet circular
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dichroism (VUV-CD),7 opened a new field of carbohydrate
analysis. An advantage for these chiral techniques over achiral
ones is the availability of information on chiral properties, which
are inherent in carbohydrates.


VCD measures the differential absorption of left versus right
circularly polarized IR radiation associated with all the 3N-6
fundamental molecular vibrational transitions, where N is the
number of atoms in the molecule. Supported by the commercial
availability of several Fourier Transform (FT)-VCD instruments
with developed sensitivity, VCD is becoming one of the standard
chiroptical techniques for absolute configuration determinations
and conformation studies of all chiral molecules. For small
molecules, these studies are reliably conducted with the aid of
ab initio density functional theory (DFT) calculations.8 On the
other hand, for flexible medium-sized molecules and larger ones
such as peptides, proteins, nucleic acids and even viruses, an
empirical analysis based on comparison with VCD spectra of
similar compounds or a database has been effectively applied.9 For
carbohydrate structure elucidation, because of the difficulties in
managing their flexible structures and solvation effects, theoretical
calculation studies have only been launched recently.10 Meanwhile,
based on a carbohydrate VCD database, we recently reported
the discrimination of 1) monosaccharide residues and the 2)
stereochemistry of their glycosidic linkage.5,11,12 To resolve the
remaining problem of 3) their glycosidic link sites, VCD spectra
of eleven glucobioses were systematically measured in the CH
stretching region. Current VCD studies are mainly focused on
the mid-IR region from 800 to 2000 cm−1 where commercial
FT-VCD spectrometers have operated, although the earliest
ones, using dispersive instruments, were on the hydrogen and
deuterium stretching region from 2000 to 4000 cm−1.13 Very
recently, instrumental progress has made the CH stretching region
available by using an FT-VCD instrument.14 So far, there are


1104 | Org. Biomol. Chem., 2007, 5, 1104–1110 This journal is © The Royal Society of Chemistry 2007







only a few studies on carbohydrate VCD in the CH-stretching
region,12,15,16 which were dedicated exclusively to monosaccharides,
and CH stretch VCD studies on di- or oligosaccharides remain to
be investigated. By focusing on the CH region, we report (i) our
findings about the first discrimination of linking positions by VCD
and (ii) deuteration studies to gain understanding of the origin of
the differences in their VCD patterns.


Results and discussion


Choice of the experimental system


The eleven D-glucobioses studied are shown in Fig. 1. The O-
glycosidic bond can connect the hydroxyl group at the anomeric
carbon (C-1) of a residue to any hydroxyl group of another. A
simple monosaccharide, such as D-glucose, has five hydroxyls at
the 1, 2, 3, 4 and 6 positions, which can give rise to a branched
oligosaccharide. Hence, the analysis of glycosidic linkage is the
most significant matter in carbohydrate structural studies and
is not as straightforward as that of linear proteins and nucleic
acids. If a residue links at the anomeric carbon, it is classified as
a nonreducing residue and its anomeric configuration is fixed to
either a or b. On the other hand, if it links at the other hydroxyl, it
is described as a reducing residue and its anomeric configuration


Fig. 1 The eleven D-glucobioses measured in this study.


is an equilibrium mixture of a and b. Consequently, the eleven
D-glucobioses shown in Fig. 1 cover all the possible O-glycosidic
linking patterns of disaccharides. The selected set of glucobioses
are a good starting point for the linkage position study, since all
of them are made up solely from two D-glucose residues, which
enables us to investigate the influence of the glycoside linkage
on the spectra. Although previous VROA and VUV-CD studies
reported the discrimination of a few disaccharides,6a,7 this study
in the CH stretching region and our recent one in the mid-IR
region5 are the first systematic chiroptical spectroscopic studies
on disaccharides.


VCD spectra of glucobioses


Figs. 2, 3 and 4 show the IR and VCD spectra of D-glucose and
three nonreducing glucobioses, four a-linked reducing glucobioses,
and four b-linked glucobioses, respectively, in the range of 3050–
2750 cm−1. In this region, there are only a few vibrational
transitions mainly contributed to by stretch motions of each CH
bond among the 3N-6 normal modes, in addition to overtones.
This makes interpretation of VCD signals in this region easier
with the assistance of deuterium substitutions. In fact, all three


Fig. 2 IR and VCD spectra of D-glucose and three nonreducing D-gluco-
bioses: a1-a1 (trehalose), a1-b1 (neotrehalose), b1-b1 (isotrehalose).
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Fig. 3 IR and VCD spectra of four a-linked reducing D-glucobioses: a1-2
(kojibiose), a1-3 (nigerose), a1-4 (maltose), a1-6 (isomaltose).


reports on carbohydrate CH-stretching VCD so far successfully
assigned the normal mode of characteristic signals mostly based
on experimental evidence from deuteration.12,15,16


In this study, the IR and VCD spectra of anomer-fixed D-
glucopyranosides and their C1-deuterated derivatives were com-
pared at first to assign the anomeric methine stretching band
(Fig. 5). A few IR and VCD characteristics in the C1-H monosac-
charides were missing in the corresponding C1-D isotopomers,
allowing their assignment. Namely, the positive VCD band at
∼2890 cm−1 observed in methyl a-D-glucopyranoside and a part of
the negative band ∼2840 cm−1 in the b-anomeric isomer come from
a C1-H stretching vibration in each anomeric configuration. These
assignments are consistent with a previous conclusion based on D-
glucose and 1-d-D-glucose except for a slight wavenumber shift.16


The C(b)-H1 signal appeared at a lower frequency than C(a)-H,
which is reasonable considering an electron donation from the
lone pair of the ring oxygen to an antibonding r* orbital of the
C1-H bond.17 This idea was confirmed by ab initio calculations.18


While, recent density functional theory calculations indicated that
the C1-H distance in the b-anomer is longer than that in the a-
anomer, this again agrees with the current assignment.19 Due to


Fig. 4 IR and VCD spectra of four b-linked reducing D-glucobioses: b1-2
(sophorose), b1-3 (laminaribiose), b1-4 (cellobiose), b1-6 (gentiobiose).


Fermi resonance and anharmonic effects in the CH region, the
theoretical assignment of the whole spectra must await further
studies.


As one would expect, the IR and VCD spectra of glucobioses in
this region show much simpler features than those in the mid-IR
region.5,20 The VCD spectra in Figs. 2–4 share a similar feature
represented by two valleys (roughly centered around 2940 and
2840 cm−1) and an upward local maximal peak between them
(around 2900 cm−1) but all differed in their wavelengths, intensities
and shapes (Table 1). As assigned for the monosaccharides
(vide supra), the central strong positive VCD feature around
2900 cm−1 is dominated by a C1-H stretching vibration in the
a-configuration. This positive band was observed in D-glucose,
trehalose (a1-a1), neotrehalose (a1-b1), nigerose (a1-3), maltose
(a1-4) and isomaltose (a1-6). In particular, this band was strong in
trehalose, which has two a-anomeric centers. On the other hand,
isotrehalose (b1-b1) showed no positive-signed peak due to lack of
the a-anomeric configuration. Instead, a C(b)1-H negative broad
feature around 2840 cm−1 is more obvious in isotrehalose (b1-
b1) as well as in b-linked neotrehalose (a1-b1), sophorose (b1-
2), laminaribiose (b1-3) and cellobiose (b1-4). It is noteworthy
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Table 1 Observed frequencies and intensities in the CH stretching IR and VCD spectra of D-glucose, D-glucobioses and methyl-d3 a- and b-D-glucobioses.
For VCD, the local minima in two valleys and the local maximum between them are shown. In some D-glucobioses, these peak tops are less clear due to
their broadness or weakness, so the extrema around there are written in parentheses


IR VCD IR VCD


k/cm−1 (e × 10−2) kmin, kmax, kmin/cm−1 (De × 103) k/cm−1 (e × 10−2) kmin, kmax, kmin/cm−1 (De × 103)


D-Glc 2916 2875 (sh) 2945 2908 2856 a1-b1 2914 2875 (sh) (2943) 2912 (2843)
(1.2) (0.7) (−1.4) (+1.9) (−2.7) (1.6) (1.4) (−2.6) (+4.9) (−4.1)


a1-a1 2924 2871 (sh) a2927 2902 2856 b1-b1 2899 2881 (sh) 2904 2875 2847
(2.0) (1.1) (−5.1) (+5.3) (−1.9) (1.7) (1.6) (−4.7) (−0.1) (−3.6)


a1-2 2918 2875 (sh) (2939) (2891) (2862) b1-2 2910 2879 (sh) (2939) (2912) (2870)
(1.9) (1.2) (−6.2) (−1.0) (−3.0) (1.7) (1.5) (−2.9) (−1.5) (−4.1)


a1-3 2920 2875 (sh) 2947 2908 2860 b1-3 2902 2877 (sh) (2931) 2895 (2839)
(1.8) (1.1) (−2.6) (+2.9) (−2.1) (1.8) (1.7) (−3.4) (+0.6) (−2.9)


a1-4 2916 2875 (sh) (2943) 2902 2846 b1-4 2908 (sh) 2881 2925 2879 2844
(1.6) (1.3) (−2.7) (+3.4) (−1.4) (1.6) (1.8) (−4.1) (+1.0) (−2.1)


a1-6 2914 2889 (sh) 2922 2889 2858b b1-6 2902 (sh) 2885 (2941) 2862 (2810)
(1.8) (1.6) (−6.4) (+2.1) (−0.8) (1.7) (1.9) (−2.8) (+0.7) (−1.6)


a-D-CD3 2911 2898 (sh) 2915 2885 2851 b-D-CD3 2901 2875 (2941) 2897 (2838)
(1.1) (1.0) (−3.4) (+3.6) (−1.1) (0.8) (0.8) (−1.5) (−0.6) (−2.2)


a An additional positive VCD peak at 2949 (+2.6). b An additional positive peak at 2827 (+0.8).


Fig. 5 IR and VCD spectra of (a) methyl a-D-glucopyranoside (solid
line) and methyl 1-d-a-D-glucopyranoside (dotted line) and (b) methyl
b-D-glucopyranoside (solid line) and methyl 1-d-b-D-glucopyranoside
(dotted line).


that neotrehalose which possesses only one a-anomeric center
exhibited a stronger C(a)1-H positive band than the other a-linked
reducing glucobioses, considering that they should have more
a-anomeric contribution from their reducing residue. Kojibiose
(a1-2) lacks a C(a)1-H band probably due to suppression by a
strong negative broad tendency by other vibrations. This negative
tendency, which is observed also in sophorose (b1-2), makes the
central local maximum less clear for both 1-2 linked disaccharides.
For 1-6 linked isomaltose (a1-6) and gentiobiose (b1-6), the


valley around 2840 cm−1 was shallower than the others. It is
known that a Fermi resonance diad of D-glucose involving the
symmetric CH2 stretch and the overtone of the CH2 scissors
mode renders negative features around here as well as around
2940 cm−1.16 Therefore participation of C6 in a glycoside bond,
through perturbation of CH2 vibrational modes of a reducing
residue, can dramatically change overall spectral features. The
VCD spectra of a1-3 and b1-3 glucobioses seemed similar to those
of a1-4 and b1-4 glucobioses, respectively (Figs. 3,4). However, for
1-4 linked glucobioses, a negative peak around 2940 cm−1 and a
positive one around 2900 cm−1 are shifted to a lower frequency and
the negative band around 2840 cm−1 is smaller, showing potential
for their discrimination. Table 1 summarizes these spectral features
indicating that all eleven linking patterns were distinguishable.
This is the first finding of discrimination of linkage positions for
disaccharides by VCD. In our recent disaccharide study in the mid-
IR region, VCD spectra were able to distinguish the anomeric
configuration but were less sensitive for the linking position.5


In this way, the CH region and the mid-IR region provided
complementary information about the carbohydrate structure.
This speculation may promote carbohydrate VROA investigation
into the CH stretching region.


Comparison of VCD spectra between nonreducing glucobioses and
nonreducing residue models


As discussed in 1-6 linked sugars, the reducing residue in a
disaccharide can exhibit a distinct spectral pattern from that of a
corresponding free monosaccharide via a vibrational perturbation
through the glycosidic covalent bond. But this explanation is
not applicable for the three nonreducing glucobioses, which are
devoid of a reducing unit but show thoroughly different spectra
from that of D-glucose. To interpret this discrepancy, the VCD
spectra of methyl-d3 a- and b-D-glucopyranosides were compared
with those of nonreducing disaccharides. They are appropriate
models for nonreducing a- and b-D-glucose residues since their
anomeric configurations are fixed but the methyl-d3 group does
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not have any VCD signal in this region. Their VCD spectra are
shown in Fig. 6. Although the VCD spectrum of the methyl-d3 b-
D-glucopyranoside was almost flat, both VCD spectra showed two
negative features and an upward one in the center, as did the other
glucobioses (Table 1). Surprisingly, the nonreducing glucobiose
spectra were completely different from either of the deuterated
compounds. As an example, a positive peak at 2949 cm−1 was
observed only in trehalose (a1-a1). It is possible that a C1-H
stretching VCD was perturbed by a glycosidic linkage: however
this 2949 cm−1 band would not be assigned to an anomeric methine
stretch, since a C(a)1-H signal is suggested to appear around
2900 cm−1 as discussed earlier, and such a large shift from ∼2900
to 2949 cm−1 is unlikely to happen in this system. Moreover, a
C(a)1-H feature is also observable in this trehalose VCD spectrum
with reasonable intensity at 2902 cm−1, indicating the 2949 cm−1


band originates from other CH vibrations not related to the
glycosidic linkage. The comparison between the VCD spectra of
these nonreducing residue models and nonreducing glucobioses
revealed that disaccharide spectra were not just additive of the
two residues.


Fig. 6 IR and VCD spectra of methyl-d3 a- and b-D-glucopyranosides.


VCD studies on the non-hydrogen bonding saccharides


The VCD data presented above indicate that there are other factors
to induce spectral change than through covalent bond interresidue
perturbation. X-Ray and NMR studies on glucobioses have
suggested an intramolecular hydrogen bond between two glucose
residues.21 To examine the effect of hydrogen bonding, we prepared
permethyl-d3 a-D-glucopyranoside and permethyl-d3 trehalose.
These molecules would not form hydrogen bonding due to the
capping of all hydroxyls by the methyl-d3 groups, which again leave
the hydrogen stretching signal observable. Both are composed
of an a-D-glucoside unit as a monomer or a dimer, hence they
would be reasonable models for a mono- and disaccharide with no
hydrogen bond. Fig. 7 presents a direct comparison of their spectra
and wavenumbers for each VCD peak. The central positive C(a)1-
H stretching band is shifted to a higher wavenumber in per CD3-
capped D-trehalose, which would result from the aforementioned


Fig. 7 IR and VCD spectra of permethyl-d3 a-D-glucopyranoside and per-
methyl-d3 D-trehalose. The wavenumbers of VCD extrema are indicated.


perturbation from the glycosidic covalent bond. The similarity of
the relative VCD intensities and frequencies, except for the center
absorption, indicated that CH stretching VCD of the disaccharides
becomes similar in the absence of a hydrogen bond. In other words,
hydrogen bonds affect VCD spectral features. VCD intensity is
known to be proportional to an imaginary part of the scalar
product of the electric and magnetic dipole transition moments.22


Both intramolecular and through-solvent hydrogen bonds that
may affect a local electronic environment will dramatically modify
VCD signals attributed to CH bonds nearby. Moreover, it was
proposed that the vibration of each CH bond can generate a ring
current around the adjacent ring system containing the hydrogen
bond, which would strongly change the VCD features.23 By any
means, these indications explain that, not only a reducing residue,
but also a nonreducing one in an oligosaccharide system can
show various VCD signals depending on the glycoside linking
patterns therein. Therefore VCD spectra in the CH region could be
sensitive to glycosidic linkage position as shown in this glucobiose
study. Recently, interresidue hydrogen bonds are beginning to be
simulated at the DFT level.24 Further computer and theoretical
development will assist carbohydrate VCD analysis in the future.


Conclusions


We performed the first systematic VCD study on glycoside linking
site discrimination. Both reducing and nonreducing glucobioses
showed different spectral features compared to their constituent
D-glucose and the anomer-fixed model compounds. From the
per CD3-protected sugar study, it was indicated that interaction
between two components such as intramolecular hydrogen bond-
ing causes these spectral changes. Interresidue interaction is a
common phenomenon in glycoscience, hence spectral differences
will also be observed in di-, oligo- and poly-saccharides containing
other sugar species which are often difficult to analyze. This is the
first discrimination of the linkage position of carbohydrates using
VCD. With recent insights into discrimination of monosaccharide
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residues and anomeric configurations, this study will encourage
further carbohydrate chiroptical studies to establish a new field of
carbohydrate structural analysis. In cooperation with achiral tools
such as NMR and MS, chiral spectroscopic analyses will allow the
rapid progress of glycobiology.


Experimental


IR spectra were collected for 20–30 scans on an FT/IR-470
spectrometer (JASCO, Co. Japan). VCD spectra were measured
for 20 000 scans on a JV-2001 spectrometer (JASCO, Co. Japan),
equipped with an InSb detector. An optical filter to cut off
incident light lower than 2650 cm−1 was situated directly before
the polarizer to increase sensitivity in the region of interest.
DMSO-d6 was selected as the solvent for its strong solubility
of the all unprotected glucobioses including the b-linked series,
and non-absorption in the CH stretching region. Permethyl-d3


sugars were measured in CHCl3 or CCl4, which does not have
absorption in this region. The sample solutions were prepared
at a concentration of 0.64 M for monosaccharides and 0.32 M
for glucobioses, except for permethyl-d3 a-D-glucopyranoside at
0.75 M. All spectra were recorded in a CaF2 cell with a 50 lm
pathlength at 4 or 8 cm−1 resolution under ambient temperature.
The raw IR and VCD spectra were corrected by a solvent spectrum
obtained under the same experimental conditions and presented
in molar absorptivity e (L mol−1 cm−1). Except for minor noise,
these results were reproducible. Maltose and cellobiose were also
measured in 0.16 M and 0.64 M, showing virtually the same VCD
as 0.32 M (data not shown).


D-Glucose and the eleven D-glucobioses were purchased from
Wako Pure Chemicals (D-glucose, kojibiose, nigerose and mal-
tose), Aldrich (trehalose), Sigma (neotrehalose, isotrehalose,
sophorose, laminaribiose and isomaltose), Seikagaku Corpora-
tion (cellobiose) and Kanto Kagaku (gentiobiose), and used
without further purification. The preparation of methyl-d3 glu-
copyranosides were reported previously.12 Starting from 1-d-
glucose (Cambridge Isotope Laboratories, Inc.), methyl 1-d-
glucopyranosides were prepared in a similar procedure. Permethyl-
d3 a-D-glucopyranoside was prepared from methyl-d3 a-D-
glucopyranoside and iodomethane-d3 (C/D/N Isotopes Inc.)
in the presence of potassium tert-butoxide. Permethyl-d3 D-
trehalose was prepared from D-trehalose and iodomethane-d3 in
the presence of sodium hydride.†


† Permethyl-d3 a-D-glucopyranoside. 1H NMR (600 MHz, CDCl3): d 4.81
(1H, d, J = 3.6 Hz, H-1), 3.61–3.54 (3H, m, H-5, H-6a, H-6b), 3.49 (1H,
dd, J = 9.3, 9.3 Hz, H-3), 3.20 (1H, dd, J = 3.6, 9.6 Hz, H-2), 3.18 (1H,
dd, J = 9.3, 9.3 Hz, H-4). 13C NMR (150 MHz, CDCl3): d 97.6 (C-1), 83.4
(C-3), 81.7 (C-2), 79.4 (C-4), 71.0 (C-6), 69.9 (C-5). HRMS (EI) m/z for
C11H7D15O6 (M+), calcd 265.2358, found 265.2355. [a]D +107◦ (CHCl3, c
1.0). Permethyl-d3 D-trehalose. 1H NMR (600 MHz, CDCl3): d 5.17 (1H,
d, J = 3.6 Hz, H-1), 3.98 (1H, ddd, J = 2.3, 2.9, 10.1 Hz, H-5), 3.60 (1H,
dd, J = 3.5, 10.6 Hz, H-6a), 3.52 (1H, dd, J = 2.0, 10.6 Hz, H-6b), 3.48
(1H, dd, J = 9.3, 9.3 Hz, H-3), 3.22 (1H, dd, J = 9.5, 9.7 Hz, H-4), 3.18
(1H, dd, J = 3.6, 9.6 Hz, H-2). 13C NMR (150 MHz, CDCl3): d 93.7 (C-1),
82.8 (C-3), 81.4 (C-2), 79.2 (C-4), 70.9 (C-6), 70.4 (C-5). HRMS (FAB)
m/z for C20H15D24O11 ([M + H]+), calcd 479.3999, found 479.3995. [a]D


+157◦ (CHCl3, c 1.0).
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This research describes the effects of structural variation and medium effects for the novel
split-oligonucleotide (tandem) probe systems for exciplex-based fluorescence detection of DNA. In this
approach the detection system is split at a molecular level into signal-silent components, which must be
assembled correctly into a specific 3-dimensional structure to ensure close proximity of the exciplex
partners and the consequent exciplex fluorescence emission on excitation. The model system consists of
two 8-mer oligonucleotides, complementary to adjacent sites of a 16-mer DNA target. Each probe
oligonucleotide is equipped with functions able to form an exciplex on correct, contiguous
hybridization. This study investigates the influence of a number of structural aspects (i.e. chemical
structure and composition of exciplex partners, length and structure of linker groups, locations of
exciplex partner attachment, as well as effects of media) on the performance of DNA-mounted exciplex
systems. The extremely rigorous structural demands for exciplex formation and emission required
careful structural design of linkers and partners for exciplex formation, which are here described.
Certain organic solvents (especially trifluoroethanol) specifically favour emission of the DNA-mounted
exciplexes, probably the net result of the particular duplex structure and specific solvation of the
exciplex partners. The exciplexes formed emitted at ∼480 nm with large Stokes shifts (∼130–140 nm).
Comparative studies with pyrene excimer systems were also carried out.


Introduction§
Detection of specific target nucleic acid sequences is commonly
achieved by hybridization of a fluorescently labelled oligonu-
cleotide probe to a complementary target. This usually has very
large background fluorescence when one compares the same
fluorophore-labelled oligonucleotide in its single-stranded and
duplex-bound forms.1 It is possible to decrease the background
fluorescence by using two short oligonucleotide probes that are
complementary to neighbouring sites of the same DNA target, and
can form a pyrene excimer (X = Y = pyrene in Fig. 1). Excitation of
one of the pyrene partners, forms an excited state dimer (excimer)
that emits at long wavelength (Stokes shifts >100 nm).2–8 Thus,
the target assembles its own detector from components which
are non-fluorescent at the detection wavelength, giving a massive
improvement in terms of the reduced background.
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§ Abbreviations used: BOP, benzotriazol-1-yloxytris(dimethylamino)-
phosphonium; IE/IM, ratio of exciplex or excimer fluorescence intensity to
that of the corresponding locally excited state for the pyrene or perylene
component of the system; LES, locally excited state; ON1, oligonucleotide
1 (5′pdTGTTTGGC); ON2, oligonucleotide 2 (dCGATTCTG3′p); ou260,
the amount of oligonucleotide that gives an optical density of 1 at 260 nm
for a 1 cm pathlength; SNP, single nucleotide polymorphism; kext, excitation
wavelength maximum; kem, wavelength emission maximum.


Fig. 1 Schematic diagram of DNA-mounted exciprobes. ON1-5′-X and
ON2-3′-Y represent oligonucleotide split-probes with covalently attached
exciplex partners X and Y, respectively. The oligonucleotide parts of
the split-probes ON1 and ON2 possess sequences 5′-pdTGTTTGGC
and dCGATTCTG-3′p, respectively. GCCAAACACAGAATC is the
target DNA. Structural variants of the exciprobes tested, along with
nomenclature, are shown in Table 1.


For excimer–DNA systems, X and Y must be identical. More
variety in the molecular properties of such systems and hence
their potential applications would be possible if X and Y could be
different from each other and could be varied (i.e. exciplexes),9,10


which provides a clear advantage for exciplex-based detecting
systems over excimer-based analogues. Being able to vary the
chemical and physical natures of X and Y should allow exciplex-
assembling systems of a range of properties to be constructed
increasing their potential for applications, for example, tuning
of properties to provide detectors matched to specific needs,
or possibly for multiplexing. In model organic intramolecular
systems corresponding to those exciplex partners used in this DNA
system, the wavelengths of exciplex emission were strongly affected
by the identities of X and Y.11 To achieve efficient exciplex or
excimer formation, the partners X and Y must be able to approach
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each other very closely (typically the distance is ∼4 Å for the
pyrene excimer9,10). This distance is of the order of the thickness
of a base pair. Thus, the potential resolution of the exciplex or
excimer systems theoretically approaches a single base pair. In
contrast, FRET systems are effective over much greater distances
(10–100 Å; >∼3 bp) and hence of low resolution.


While excimer-based systems have been successfully applied to
nucleic acid detection,3,5,7,8,12 exciplex-based split-probe systems
have been introduced only recently and studied to a much lesser
extent.1,13,14 There are several differences15 in the fundamental na-
tures of excimers and exciplexes. The most problematic difference
in terms of DNA detection is the much greater solvent sensitivity of
exciplexes compared to excimers. For solvents of polarity greater
than approximately that of acetonitrile intramolecular organic
exciplex emission is usually totally quenched,16–25 although there
are some exceptions,26,27 and very recently we described an organic
intramolecular exciplex system that emits even in solvents with
a dielectric constant of over 180.11 Recently Kashida et al.14


reported exciplex emission in aqueous solution from pyrene and
N,N-dimethylaniline moieties incorporated into the middle of
DNA probes with the exciplex partners directed internally and
lying in the centre of a (distorted) duplex. This approach allowed
successful detection of one-base deletion in DNA sequences, but
as it requires formation of specific secondary structures (e.g.
loops), the unambiguous signalling of single base changes has
not yet been reported for it. We have introduced an alternative
approach,1,13 which utilised two separate oligonucleotide split-
probes, each equipped with exciplex partners that are oriented
towards the bulk medium. We also reported assay conditions1,13


under which DNA-based exciplexes can be strongly emissive
for systems constructed according to the design of Fig. 1, and
allow the clean detection of single base mismatches and thus the
potential for SNP calling. However, only one initial prototype
pair of exciplex partners was described in detail.13 Thus, we now
report the influence of a number of structural aspects (i.e. chemical
structure and composition of exci-partners, length and structure
of linker groups, locations of exci-partner attachment, as well as
effects of media) on the performance of DNA-mounted exciplex
systems conceptualised as in Fig. 1. The 16-mer-target nucleotide
sequence (Fig. 1) was chosen to avoid formation of secondary
structure. The exciplex is formed between various donor and
acceptor moieties (see Table 1 for structures) covalently attached
to the 5′- and 3′-terminal phosphate groups, respectively, of the
8-mer oligonucleotides shown in Fig. 1 (referred to as the probe
oligonucleotides or exciprobes). The structures and nomenclature
used for the systems studied are shown in Fig. 1 and Table 1.


Results


Split-probe system in aqueous solutions


Split-probe systems SP-1–SP-41 (Table 1) were constructed
using appropriate combinations of potential exciplex-forming
oligonucleotide-probe components ON1-5′-X and ON2-3′-Y
mixed with 16-mer target in 0.01 M Tris buffer (pH 8.3), containing
0.1 M NaCl at 10 ◦C. In the absence of target, mixing equimolar
amounts of two exciprobe components ON1-5′-X and ON2-3′-
Y (2.5 lM) did not alter kmax for emission or excitation of the
components, indicating no interaction between the probes in the


absence of target. Adding the target strand led to strong quenching
of the pyrene emission (LES), and kmax for emission shifted from
340 nm to higher wavelength (typically by 3–7 nm). This evidence
of hybridisation in the full duplex tandem system was confirmed by
the A260 melting profiles.13 However, none of the potential exciplex
systems studied showed exciplex emission in such purely aqueous
conditions, although excimer emission at ∼480 nm was observed
for SP-1 under identical conditions (Fig. 2).


Fig. 2 Fluorescence spectra of the excimer-forming SP-1 system at
different stages of self-assembly in pure aqueous solution. 1, ON1-5′-Pyr
probe alone; 2, ON1-5′-Pyr + ON2-3′-Pyr; 3, fully assembled SP-1 system
(ON1-5′-Pyr + ON2-3′-Pyr + Target). Spectra were recorded at 5 ◦C in
10 mM Tris buffer, pH 8.3, 0.1 M NaCl (kext 345 nm, slitwidth 3). Spectra 1
and 3 were re-scaled to the 380 nm pyrene LES emission band in spectrum
2 using a scaling factor of 9. The intensity of the pyrene (LES) peaks for
systems with a 3′-pyrene label is usually very much greater than for similar
systems with the pyrene on a 5′-site. For this reason the intensity observed
for system 2 (which contains a 3′- as well as a 5′-pyrene-labelled probe,
mutually non-interacting) is much greater than for system 1 with only a
5′-pyrene probe present in solution, and it was useful to scale the data.


Influence of co-solvents on exciplex signals from split-probe oligo
systems


Exciplex emission was specifically enhanced by trifluoroethanol
(TFE).13 Fig. 3 (curve 1) shows the emission spectrum of the


Fig. 3 Fluorescence spectra of the SP-19 split-probe system (1) and
a control system (ON1-5′-Pyr + ON2 + target) with unmodified
ON2 oligo-probe lacking the N,N ′-dimethylnaphthalene exci-partner (2)
recorded at 10 ◦C. Spectrum (3) is the emission spectrum of re-annealed
SP-19 system following a heating–re-cooling cycle. Spectra were recorded
in Tris buffer (10 mM Tris, pH 8.3, 100 mM NaCl) containing 80% TFE
v/v (excitation at 350 nm).
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Table 1 Structures and nomenclature of modified oligonucleotides used


Code Exci-partner X (to give ON1-5′-X exciprobe) Exci-partner Y (to give ON2-3′-Y exciprobe)


Excimer systems
SP-1


SP-25


SP-40


SP-41


Exciplex systems
SP-2


SP-4


SP-3
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Table 1 (Contd.)


Code Exci-partner X (to give ON1-5′-X exciprobe) Exci-partner Y (to give ON2-3′-Y exciprobe)


SP-18


SP-19


SP-20


SP-26


SP-27


SP-28


SP-29


SP-19 split-probe exciplex system (ON1-5′Pyr + ON2-3′NMeNp
+ target strand) recorded at 10◦ C in Tris buffer containing 80%
TFE. As in fully aqueous solutions, on hybridisation of probes
to target there was a bathochromic shift and quenching of the


pyrene LES emission. The new, broad emission band at ∼480 nm
(Fig. 3) in the presence of target strand at 80% TFE is attributable
to exciplex formation between the pyrenyl and dialkylnaphthyl
exci-partners. A control experiment (curve 2) under identical
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conditions, but without an N,N-dialkylaminonaphthaleno exci-
partner at the 3′-terminal phosphate group of ON2 (leaving a free
3′-phosphate), revealed no exciplex emission at 480 nm, although
there was quenching and red shift of the LES emission, indicating
hybridisation of the probes with the target. Thus, the 480 nm
emission band was attributed to interaction between the two exci-
partners, not interaction of the exci-partner(s) with the nucleotide
bases. An additional control experiment of mixing the two oligo
probes in the absence of the target DNA sequence (data not shown)
resulted in no exciplex emission at 480 nm, demonstrating that
tandem hybridisation to the target is necessary for the exciplex
signal development.


A heating–re-cooling cycle can significantly improve the ex-
ciplex signal (Fig. 3, curve 3). Heating the system (up to
70 ◦C) results in duplex melting and subsequent separation of
exciplex partners, which causes the exciplex band to disappear
(accompanied by an increase in LES emission intensity and kem


shifting back to that for the ON1-5′Pyr probe). On cooling back
to 10 ◦C the oligonucleotide chains re-anneal and the full tandem
system reassembles with concomitant exciplex emission of greater
intensity than before the heating–re-cooling cycle. The increased
intensity is likely to be the result of thermodynamically achieving
a tandem duplex conformation with more favourable orientations
of the exci-partners. This phenomenon was observed for various
split-probe systems and assigned to improved mutual orientation
of exci-partners (in terms of exciplex assembly) as a result of
the slow cooling. The heating–cooling cycle presumably disrupts
undesirable, competitive hydrophobic interactions of the exci-
partners with the DNA, freeing them for exciplex formation.


Fig. 4 shows emission spectra of the split-probe exciplex SP-
19 system (ON1-5′-Pyr + ON2-3′-NMeNp + target strand) in
Tris buffer containing various percentages of TFE (spectra were
recorded without heating–re-cooling optimisation). A plot of the
effect of percentage TFE on the ratio (IE/IM) for SP-19 is shown in
the inset to Fig. 4, where IM is intensity of fluorescence emitted by
the pyrene LES at 376 nm and IE is intensity of the exciplex band
at 480 nm. The plot shows that the strongest exciplex emission


Fig. 4 Effect of percentage trifluoroethanol (v/v as indicated on the
spectra labels) on exciplex emission for the SP-19 system. Spectra were
recorded at 5 ◦C with component concentrations of 2.5 lM in 10 mM
Tris, pH 8.3, containing 0.1 M NaCl and percentage of TFE as indicated
by labels; kext 350 nm, slit width 5 nm. Spectra were base-line corrected
for small contributions from buffer- and co-solvent background. The inset
shows a plot of the ratio of exciplex fluorescence to LES fluorescence
(IE/IM) versus percentage TFE (v/v).


occurs once a level of ≥80% TFE has been reached. In addition,
the maximum wavelength of the excitation spectrum is influenced
by a higher percentage of TFE: 340 nm for 70%; 350 nm for
80%; 348 for 85% and 335 nm for 90%. Values of kmax for exciplex
emission at various percentages of TFE also varied (Fig. 4) and
were (percentages of TFE in parentheses): 465 nm (60%), 483 nm
(70%), 482 nm (80%), 480 nm (85%) and 481 nm (90%). The
wavelength shift of the excitation spectrum may arise from a
simple solvent effect on the excitation spectrum of the exciplex
and/or from a structural change in the environment of the exciplex
partners with respect to each other and the DNA to which they
are chemically bound.


Similar observations were made for the pyrene excimer (SP-
1 split-probe system) assembly. Excimer fluorescence at 481 nm
increased in intensity relative to the LES peak by means of a
heating–re-cooling cycle. For example, in 80% TFE/pH 8.3 Tris
medium IE/IM changed from 2.24 to 2.74 by heating from 10 ◦C
to 70 ◦C over 5 minutes followed by cooling back to 10 ◦C
over 15 minutes. In addition, excimer emission for SP-1 was also
augmented by the presence of TFE: IE/IM values were (percentage
of TFE in parentheses): 0.24 (20%), 0.46 (40%), 0.62 (60%) and
2.24 (80%).


Effect of reversing relative locations of donor and acceptor partners


Exciprobe performance can be strongly affected by the relative
location of donor and acceptor partners within the oligo probe
systems, i.e. by their relative attachment sites at the 3′- and 5′-
juxtaposed ends of the hybridised short probe oligonucleotides,
ON1 and ON2 in Fig. 1. Fig. 5 compares the fluorescence
emission spectra for systems SP-19 vs. SP-18 (A, spectra 1 and
2, respectively) and SP-4 vs. SP-2 (B, spectra 3 and 4, respectively)
in which the relative locations of the acceptor partner (pyrene)
and the donor (N,N-dialkylaminonaphthalene (for SP-18 and
SP-19, A), or N,N-dimethylaminobenzyl (for SP-2 and SP-4,
B) were reversed. Since the formation of the exciplex/excimer
band is accompanied by quenching of the LES signal, IE/IM


(the ratio between the intensity of the LES pyrene emission and
the exciplex/excimer emission) is a good measure of formation
of excited state complex/dimer efficiency.28 As a rule, a higher
exciplex:LES ratio (IE/IM) was observed with the pyrenyl group at
the 5′-terminal phosphate site of oligo probe ON1 and the electron-
donating group (i.e. N,N-dialkylaminonaphthalene for SP-19 or
N,N-dimethylaminobenzyl for SP-4) at the 3′-terminal phosphate
site of oligo probe ON2 (spectra 1 and 3, respectively). Changing
the relative (3′- or 5′-) locations of the electron donor and acceptor
partners to give systems SP-18 and SP-2, respectively, resulted in a
decrease in exciplex:LES ratio (see spectra 2 and 4, respectively).


Effect of structural properties of exci-partners on exciprobe
performance


(i) Hydrophobicity and electron-donating properties of the exci-
partners. Our experimental data show that based on the relatively
crude measure of IE/IM, the ability to form an excited state
complex decreases in the order pyrene > N,N-dialkylamino-
naphthalene > N,N-dimethylaminobenzyl, if the second exciplex
partner is represented by a fixed aromatic group (e.g. pyrenyl).
Fig. 6A contrasts the emission spectra of SP-1, SP-4 and SP-19
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Fig. 5 Comparison of the fluorescence emission of exciplex-forming sys-
tems SP-19 vs. SP-18 (A, spectra 1 and 2, respectively) and SP-4 vs. SP-2 (B,
spectra 3 and 4, respectively) with donor (N,N-dialkylaminonaphthalene
or N,N-dimethylaminobenzyl) and acceptor (pyrene) partners swapped
(see Table 1 for the structures). Spectra were recorded at 10 ◦C in
80% TFE–10mM Tris buffer, pH 8.4, 0.1 M NaCl with component
concentrations of 2.5 lM (1 : 1 : 1); kext 350 nm. Due to the very
different fluorescence intensity of Pyr-5′-ON1 and ON2-3′-Pyr oligo
probes, spectra were scaled against the pyrene LES band at 380 nm to
compare exciplex:LES ratios for the systems studied.


split-probe systems possessing the same exci-partner (pyrene)
at the 5′-terminal phosphate of the ON1 oligo probe and dif-
ferent exci-partners (pyrenyl, N,N ′-dialkylaminonaphthaleno or
dimethylaminobenzyl, respectively) at the 3′-terminal phosphate
of the ON2 oligo probe (spectra are scaled against LES emission
band of the pyrene at 380 nm as a reference to allow comparison
of exciplex:LES or excimer:LES ratios (IE/IM) for these systems).
It is seen that IE/IM is highest for SP-1, possessing pyrene
as a second partner. The replacement of 3′-pyrene by 3′-N,N-
dialkylaminonaphthalene (SP-19) resulted in a marked decrease
in IE/IM. Further replacement of the 3′-partner group by 3′-N,N-
dimethylaminobenzyl (SP-4) resulted in an additional decrease in
the relative intensity of the exciplex band. A similar effect was
observed when SP-2 and SP-18 (with the reversed location of
donor and acceptor groups) were compared with the SP-1 system
(Fig. 6B). Detailed evaluation of these types of structural effects
requires time-resolved measurements, as indicated by a referee,
and such studies are in progress.


(ii) Effect of N-alkylation of donor exci-partners. The
electron-donating properties of an exci-partner strongly depend
on the nature and number of N-alkyl substitution group(s) in the
aminobenzyl or aminonaphthaleno aromatic groups. Comparison
of SP-18 (with an N,N-dialkylaminonaphthalene group) and SP-
20 (with an N-alkylaminonaphthalene donor partner) showed that
the relative integral intensity of the exciplex band is slightly higher


Fig. 6 A: Comparison of the emission spectra of systems SP-1, SP-19
and SP-4 with a fixed exci-partner (pyrene) at the 5′-terminal phos-
phate site of the ON1 oligo probe and different exci-partners (pyrenyl,
N,N ′-dialkylaminonaphthaleno or dimethylaminobenzyl, respectively) at
the 3′-terminal phosphate site of the ON2 oligo probe. 1: SP-1 excimer
system containing two pyrenyl exci-partners; 2: SP-19 exciplex system
containing N,N ′-dimethylalkylaminonaphthaleno 3′-donor partner; 3
SP-4 exciplex system containing a dimethylaminobenzyl 3′-donor partner.
B: Comparison of the emission spectra of systems SP-1, SP-18 and
SP-2 with a fixed exci-partner (pyrene) at the 3′-terminal phosphate
site of the ON2 oligo probe and different exci-partners (pyrenyl,
N,N ′-dialkylaminonaphthaleno or dimethylaminobenzyl, respectively) at
the 5′-terminal phosphate site of the ON1 oligo probe. 4: SP-1 excimer
system containing two pyrenyl exci-partners; 5: SP-18 exciplex system
containing an N,N ′-dialkylaminonaphthaleno 5′-donor partner; 6: SP-2
exciplex system containing a dimethylaminobenzyl 5′-donor partner.
Spectra were recorded at 10 ◦C in 80% TFE–10 mM Tris, pH 8.3, 0.1 M
NaCl; kext 350 nm.


for SP-18 than for SP-20, and the kem value for the N-methyl donor
(485 nm) is at longer wavelength than that for the N–H variant
(480 nm) of the naphthalene donor (data not shown).


(iii) Effect of linker structure. One way to improve the
performance of DNA-mounted exciprobes is to design linker
groups connecting donor and acceptor partners to the oligo probes
that could prevent unfavourable interactions of hydrophobic
exci-partners with DNA nucleotide bases and/or encourage
interactions between exci-partners. Success in this strategy was
demonstrated by SP-26, which is a structural analogue of the
SP-19 system, but possesses an alternative linker group. In the
SP-26 system the ethylenediamine linker connecting 5′-pyrene
to the DNA was replaced by a negatively charged aspartate
fragment to induce repulsion of the pyrene group from the DNA
sugar–phosphate surface. Fig. 7 shows that the exciplex:LES
ratio is significantly enhanced for the SP-26 system (spectrum 2)
compared with the original SP-19 system (spectrum 1). However,
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Fig. 7 Comparison of emission spectra of systems SP-19 and SP-26
possessing different linker groups. 1: SP-19 system with an ethylenediamine
linker connecting both exci-partners; 2: SP-26 system with a negatively
charged aspartate linker connecting the 5′-pyrenyl to ON1 oligo probe and
ethylenediamine linker connecting the 3′-N,N ′-dialkylaminonaphthaleno
exci-partner to ON2 oligo probe. Spectra were recorded at 10 ◦C (without
heating–re-cooling) cycle in 80% TFE–10 mM Tris, pH 8.3, 0.1 M NaCl;
kext 350 nm.


in pure aqueous solutions SP-26 did not produce an emissive
exciplex.


Excimer system SP-25 (a structural analogue of SP-1) with two
pyrenyl exci-partners attached to oligo probes via aspartate linkers
showed good excimer emission in the presence of 80% TFE (see
Table 2). However, in aqueous solutions SP-25 produced a fairly
weak excimer band (data not shown), which was similar to that
observed for SP-1 (Fig. 2) under identical conditions. For excimer
systems SP-40 and SP-41 with ‘mixed’ linker groups (see Table 1
for structures), the exciplex:LES ratio (IE/IM) was rather low even
in the presence of TFE (Table 2). A possible explanation could be
that pyrenyl partner attached via a non-charged ethylenediamine
linker may still be involved in competitive interactions with DNA,
which discourage its interaction with the second partner and thus
reduce excimer emission.


In an attempt to further improve excimer/exciplex emission,
we designed system SP-27, SP-28 and SP-29 (see Table 1),
which are structural analogues of systems SP-19, SP-18 and
SP-1, respectively. Systems SP-27, SP-28 and SP-29 possess an


Table 2 Fluorescence emission data collected at 10 ◦C and melting
temperature values obtained for exciplex and excimer systems in 80%
TFE/10 mM Tris, pH 8.3, 0.1 M NaCl; kext 350 nm except where indicateda


System kem/nm IE/IM Tm measured at kmax
em


SP-1 486 1.18 27.0 ± 0.5
SP-25 487 0.83 26.0 ± 0.5
SP-2 484 0.22 25.0 ± 1.0
SP-4 480 0.28 26.0 ± 1.0
SP-3 480 0.19 N/D
SP-18 485 0.27 26.0 ± 1.0
SP-19 482 0.61 26.0 ± 1.0 b


SP-20 480 0.21 N/D
SP-26 484 1.18 N/D
SP-40 481 0.57 25.0 ± 0.5
SP-41 481 0.23 25.0 ± 0.5 c


SP-27 484 0.45 N/D
SP-28 483 0.48 N/D
SP-29 484 0.23 N/D


a N/D: not determined. b Tm based on A260 was 25.0 ◦C (ref. 12). c The
melting temperature measured at kem 376 nm for the LES of pyrene was
25.0 ± 0.5 ◦C.


oligopeptide linker (-Ala(Gly)4-) connecting both pyrenyl and
N,N ′-dialkylaminonaphthaleno exci-partners to the 5′- or 3′-
terminal phosphate groups of the oligo probes. These have the
potential for hydrogen bonding between the main chain carbonyl
oxygen and amide groups of the peptide linkers, as in b-sheet
structures in proteins.29,30 This could bring the exci-partners close
together, favouring efficient excimer/exciplex emission. The exci-
partners were thus separated from the nucleotides by five amino
acid residues. However, it was shown that SP-19, SP-18 and SP-1
systems, with the short ethylenediamine linker groups, produced
much stronger exciplex emission than the corresponding peptide-
based versions SP-27, SP-28 and SP-29, respectively. Fig. 8 gives
examples of inferior emission of peptide systems SP-27 (curve 1)
and SP-29 (curve 3) compared to their structural analogues SP-
19 (curve 2) and SP-1 (curve 4), respectively (see the Discussion
section). In small organic intramolecular systems, the efficiency
of exciplex formation from exciplex partners linked by variable-
length CH2 chains depends on the chain length.31,32 In such
systems, rotational/conformational effects govern the relative
location of the exciplex partners. However, in these new DNA
constructs the situation is rather different. The present exciplex
constructs on DNA are not directly comparable, as the exciplex
partners are borne on the tips of two chains (in the context of this


Fig. 8 Effect of an oligopeptide linker (-Ala(Gly)4-) on the performance
of exciprobes. A: Emission spectrum of the exciplex-based system SP-27
(1) with oligopeptide linker (-Ala(Gly)4-) connecting both pyrenyl and
N,N ′-dialkylaminonaphthaleno exci-partners to the 5′- and 3′-terminal
phosphates of the oligo probes, respectively, versus its structural ana-
logue SP-19 (2), containing short ethylenediamine linker groups. B:
Emission spectrum of excimer-based system SP-29 (3) with oligopeptide
linker (-Ala(Gly)4-) connecting two pyrenyl exci-partners to the 5′- and
3′-terminal phosphate groups of the oligo probes versus the structural
analogue SP-1 (4), containing short ethylenediamine linker groups.
Spectrum (5) is the emission spectrum of the re-annealed SP-29 system
following a heating–re-cooling cycle. Spectra were recorded at 10 ◦C in
80% TFE–10 mM Tris, pH 8.3, 0.1 M NaCl; kext 350 nm.
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particular paragraph it is peptides, but not for all the structures we
describe) that are connected though a duplex of DNA chains held
by a consortium of hydrogen bonds and stacking interactions.


For excimer system SP-29, containing two pyrenyl exci-partners
attached to oligo probes via the peptide linker, it was possible to
improve exciplex emission by a heating–re-cooling cycle (curve 5).


Melting profiles


Melting temperature profiles were obtained for the studied split-
probe systems (Table 1) by monitoring fluorescence emission
intensity as function of temperature increase (from 5 ◦C to 60 ◦C)
following detection at both exciplex kem (480 nm) and LES kem


(376 nm). Fig. 9 shows melting temperature profiles for the SP-
41 system as a typical example of such thermal denaturation.
The sigmoidal temperature dependence of the exciplex emission
signal disappearance (monitored at 480 nm; curve 1) and of the
LES emission band re-appearance (monitored at 376 nm; curve
2) corresponds to a DNA duplex melting profile typical of the
dsDNA to ssDNA transition. These data provide further evidence
of tandem duplex formation, showing only one transition, con-
sistent with literature findings that duplex structures containing
a backbone nick in one of the strands melt cooperatively.33–35


Tm values, along with summarised data for fluorescence emission
maxima and IE/IM values, are collected in Table 2.


Fig. 9 Melting curves for the excimer system SP-41 (ON1-5′-AspPyr +
ON2-3′-Pyr + Target), plotting relative fluorescence emission at 480 nm
(1, kext 350 nm) and at 376 nm (2, kext, 340 nm) against temperature in
80% TFE/Tris buffer (10 mM Tris, 0.1 M NaCl, pH 8.3); component
concentration 2.5 lM.


Discussion


Split-probe approach for exciplex-based detection of nucleic acids


In the last year two approaches using DNA-mounted exciplexes
have been reported for detection of nucleic acids. In addition to
our preliminary communication of the approach in the present
study there is a report by Kashida et al. who demonstrated
efficient exciplex emission in pure aqueous solution for the system
with exciplex partners introduced into the middle of DNA.14


In one specific example, exciplex partners (pyrene and N,N-
dimethylaniline moieties) were located face-to-face in the DNA
duplex. However, this approach requires both the oligo-probe
and the target sequence to be labelled by exciplex chromophores,
which may rather complicate bioassay conditions. Strong exciplex
emission was also observed when both exciplex partners were
consecutively positioned in the middle of the single DNA oligo


probe. However, in the case of successive location of exciplex
partners, even a single-stranded oligo-probe produced exciplex
emission, giving an undesirable background signal. For detection
of single-base insertions and deletions, the exciplex partners were
separated by one nucleotide residue to block interaction between
them and thus prevent exciplex emission on hybridization with
perfect match. Hybridisation with the target containing a single-
base deletion resulted in looping of the unhybridised probe region
containing exciplex partners, which induced interaction between
the two exciplex chromophores accompanied by exciplex emission.
Although this research clearly demonstrates that exciplex emission
can be observed even in aqueous solution, the disadvantage of
this method was a prerequisite of secondary structure formation
on hybridization (e.g. looping of the fragment possessing exciplex
partners). Also, although this method succeeded in detection of
insertions and deletions, the application of this approach to the
DNA mismatch detection has not yet been reported for it.


The alternative split-probe approach of the present study uses
externally oriented DNA-mounted exciplexes, from two sepa-
rate exciprobes designed to produce exciplex emission by being
specifically assembled in situ by hybridisation with a bio-target.
In this case, a unique fluorescence signal can be generated only
after specific self-assembly of signal-silent exciplex components
with a perfectly matched target. The advantage of the exciplex-
based split-probe approach is low or zero background, ultra-
biospecificity, and ability to detect DNA mismatches.


Melting temperature studies


Tm profiles for split-probe systems (Table 1) were obtained by
monitoring fluorescence intensity from 5 to 60 ◦C for both
exciplex/excimer kem (480 nm) and LES kem (376 nm). Melting
curves presented in Fig. 9 for the excimer system SP-41 provide
a pictorial example of thermal denaturation of such split-probe
systems in the presence of 80% TFE. Melting profiles reflect
thermal denaturation of the duplex, causing the dissociation of the
8-mer split-probes from the duplex, which results in separation of
exci-partners. This is accompanied by eventual disappearance of
exciplex/excimer signal and subsequent re-appearance of the LES
fluorescence band, previously quenched within the excited state
complex. The sigmoidal nature of the melting curves, typical of the
transition of dsDNA to ssDNA, provides evidence that presence
of co-solvent (80% TFE) does not disrupt duplex formation.
However, Tm values in the presence of 80% TFE were typically
10–11 ◦C lower than in purely aqueous solutions, demonstrating
the destabilisation effect of the TFE co-solvent, presumably
attributable to a decrease of hydrophobic stacking interactions
of nucleotide bases, or a change in duplex structure. Tm values
calculated from the melting profiles (Table 2) were very similar
for all split-probe systems studied, ranging between 25.0 ± 0.5
and 27.0 ± 0.5 ◦C, reflecting similarity in the duplex stabilities for
these systems. SP-1 was the most stable (Tm = 27.0 ± 0.5 ◦C),
presumably due to the presence of two pyrenyl residues, which are
known to stabilise DNA duplexes.33,34


TFE co-solvent for exciplex/excimer signal development


In model organic systems corresponding to the SP-19 and SP-4
cases, solvent polarity was found to have very little effect on the
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emission wavelength (kem) of the LES of the pyrenyl partner. In
contrast, exciplex emission showed a much greater dependence on
solvent dielectric constant, with kem varying over a range of nearly
100 nm on going from cyclohexane (e 2.0) to N-methylformamide
(e 182).11 This is consistent with the extensive literature showing
that solvent polarity is crucial to the properties of exciplexes.10


However, exciplex emission is more than just a matter of solvent
polarity in these DNA-mounted exciplex cases because out of
the many solvents tested only a few were able to induce exciplex
emission and of these, TFE was especially favourable. Exciplex
emission was not observed for various co-solvents (50 and 70% v/v
tested), viz. methanol, ethanol, acetone, hexafluoropropan-2-ol or
tetrafluoropropan-1-ol. Exciplex emission for the fully assembled
system was strongly and specifically enhanced by trifluoroethanol
(TFE), and weakly by ethylene glycol and ethylene glycol dimethyl
ether (∼5 and 10-fold less than TFE, respectively).13 The origins
of the rather specific effects of TFE on exciplex emission for
DNA systems is difficult at this stage to explain unambiguously
and probably arises from a combination of factors. TFE has
a particular ability to induce a structural transition in DNA
favouring a shift from B-like to A-like.36 However, by changing
the hydrophobicity of the environment, this co-solvent also
regulates the excited-state attraction of the exci-partners through
(i) affecting their relative attraction for each other in the excited
state (and perhaps also in the ground state) and (ii) through the
long-established stronger exciplex emission in lowered polarity
environments.9,37–39


Hydrophobic interactions between donor and acceptor in
model intramolecular organic exciplexes with the same types of
donor and acceptor pairs as in the present study stabilise a pre-
formed stacking structure detected by cross-peaks between them in
NOESY NMR experiments.11 In polar media, such as for the DNA
systems of the present study, this would enhance the probability
of the exci-partners forming their excited-state complex on photo-
excitation. Our observations show that hydrophobic properties of
the exci-partners significantly enhance exciplex emission (see next
section). However, aromatic nucleotide bases may competitively
interact with exci-partners via formation of non-specific hydropho-
bic contacts with donor or/and acceptor partners thus preventing
exciplex formation. Our NMR and UV-visible data33,34 provide
strong evidence of strong hydrophobic interactions of a pyrenyl
group with the DNA part of a split-probe. This competition
would act to discourage favourable interactions between exci-
partners, especially if one of them is not hydrophobic enough
to compete with pyrene–DNA interactions. Therefore, the exci-
partners should possess similar hydrophobic properties to increase
the chance of exciplex/excimer formation. The use of specific co-
solvents has also been noted in other systems that operate by the
principles of Fig. 1. Thus, Masuko et al. studied an excimer-based
split-probe system using DMF as a hybridisation co-solvent, in
analogy to the use of formamide to weaken base-pairing, and
found that an optimal amount was 20% v/v.5 The DMF was also
proposed to influence fluorescence quantum yields through an
effect on pyrene–solvent dipole–dipole interactions.5


Hydrophobic and electron donor/acceptor properties of the exci-
partners. Our studies of DNA-mounted exciplex/excimer split-
probe systems show that a reasonable compromise in hydrophobic


properties of exci-partners has to be achieved for successful
exciplex/excimer formation. The excimer system SP-1 possessing
two pyrenyl exci-partners produced the strongest signal at 480 nm
(both in absolute terms and, as shown in Fig. 6, when normalised
to the LES of pyrene) in comparison with SP-19, SP-18, SP-4 and
SP-2 exciplex systems with the second exci-partner replaced by
N,N-dimethylaminonaphthalenyl or N,N-dimethylaminophenyl.
However, it is hard to directly compare excimers and exciplexes in
view of the different degrees of charge transfer involved in their
emissive excited states. Formation of excited-state complexes also
depends on the ionisation potentials of the partners.


Effect of linker group on exciplex formation. The linkers
connecting the exci-partners to the oligo-probes strongly affect
the ability of donor and acceptor to interact and thus play an
important role in excimer/exciplex formation. Our studies demon-
strate that correctly designed linker groups significantly enhance
exciplex formation. Replacement of the neutral ethylenediamine
linker with a negatively charged aspartate fragment (e.g. system
SP-26) notably enhanced exciplex emission, presumably due to the
induced repulsion of the pyrene group from the negatively charged
sugar–phosphate surface of DNA (Fig. 8). Excimer system SP-25
with aspartate linker groups connecting both pyrene partners to
the oligo probes showed detectable excimer emission even in pure
aqueous solutions, similar to that observed for SP-1 (Fig. 2).


Another attempt in improving exciplex formation was based
on use of peptide fragments as linker groups to induce chain
interactions between the two linkers, thereby bringing the exci-
partners close and stabilising their interactions. This should have
resulted in an increase in excimer/exciplex emission relative to the
short linker systems. However, exciplex emission of peptide-based
systems was lower than the short-linker analogues. It is therefore
possible that no defined structure formed between the two peptide
linker systems. b-Sheet formation in proteins and peptides occurs
intramolecularly through formation of a b-hairpin.40 However, the
peptide linkers in this study are separate molecules, and therefore
may not form a b-sheet, especially in TFE media. While the
junction of the split oligos could serve the role of the hairpin,
it will be necessary to replace the conformationally unrestrained
glycine residues, which are known to destroy secondary structure.29


Although interaction of the exci-partners did occur within peptide-
based systems SP-27, SP-28 and SP-29, exciplex emission be-
tween exci-partners was reduced, presumably due to the high
conformational flexibility of these long linker groups reducing
the probability of collisions between exci-partners.


Conclusions


This research has investigated contributions from various factors
on exciplex performance within DNA tandem systems. These
factors include the relative hydrophobicities of the partners used
in the exciprobes, the medium in which the systems are studied,
the electron-donating and electron-accepting characteristics of the
exci-partners, and the structures and charge distributions of linker
groups. Careful design of exci-partners and linker groups, as well
as appropriate experimental design (e.g. media, use of a heating–
re-cooling cycle, etc.) significantly enhances exciplex/excimer
emission signal for DNA-mounted exciplexes.
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Methods


Pyren-1-ylmethylamine hydrochloride, (4-(aminomethyl)phenyl)-
dimethylamine hydrochloride, N-(naphthalen-1-yl)ethane-1,2-
diamine dihydrochloride and (4-(dimethylamino)phenyl)acetic
acid for the preparation of ON1-5′-Pyr, ON2-3′-Pyr, ON1-5′-
DMA, ON2-3′-DMA, ON1-5′-NHNp, ON2-3′-NHNp and ON1-
5′-C7DMA, respectively, were purchased from Sigma-Aldrich
Chemical Co., (Poole, Dorset, UK). N-Methyl-N-(naphthalen-
1-yl)ethane-1,2-diamine dihydrochloride for the preparation of
ON1-5′-NmeNp and ON2-3′-NmeNp oligo probes was syn-
thesised as described.13 Oligodeoxynucleotides were pur-
chased from Eurogentec (Liege, Belgium) and Sigma-Aldrich-
Proligo (Paris, France). Cetyltrimethylammonium bromide, triph-
enylphosphine, dipyridyldiphosphate, dimethylaminopyridine, tri-
ethylamine, lithium perchlorate, dimethylformamide, hydroxyben-
zotriazole, N-methylmorpholine and dicyclohexylcarbodiimide
were purchased from Sigma-Aldrich Chemical Co., (Poole,
Dorset, UK). H-BocAla(Gly)4-OH was purchased from Bachem
(St Helens, UK).


Attachment of H-BocAla(Gly)4-OH peptide linker to pyren-1-
ylmethylamine and N-methyl-N-(naphthalen-1-yl)ethane-1,
2-diamine


H-BocAla(Gly)4-OH was attached to pyren-1-ylmethylamine and
N-methyl-N-(naphthalen-1-yl)ethane-1,2-diamine according to
Scheme 1 for subsequent preparation of ON1-5′-Pept-Pyr, ON2-3′-
Pept-Pyr, ON1-5′-Pept-NMeNp and ON3-3′-Pept-NMeNp oligo
probes.


Pyren-1-ylmethylamine hydrochloride (VI) (0.25 g, 0.82
mmol) or N-methyl-N-(naphthalen-1-yl)ethane-1,2-diamine (VII)
(0.20 g, 0.82 mmol) and triethylamine (0.11 ml, 0.82 mmol) were
dissolved in DMF (15 mL) and stirred at room temperature for
30 min. H-BocAla(Gly)4-OH (0.25 g, 0.82 mmol), hydroxybenzo-
triazole (0.11 g, 0.82 mmol) and N-methylmorpholine (0.091 mL,
0.82 mmol) were then added, the reaction mixture cooled in
an ice bath and dicyclohexylcarbodiimide (0.18 g, 0.86 mmol)
added. The reaction mixture was stirred in the ice bath for 1 h,
then refluxed for several hours, and stirred at room temperature
overnight. The mixture was filtered to remove the urea formed, and
DMF removed in vacuo. The residue was dissolved in ethyl acetate
(50 mL) and extracted with 25 mL portions of saturated sodium
hydrogen carbonate, 10% citric acid, sodium hydrogen carbonate


and finally water. The organic layer was dried over anhydrous
sodium sulfate and the solvent removed in vacuo to give the crude
product IX or X as an orange solid (see Scheme 1).


To remove the Boc protecting group, a solution of IX or X in
50% TFA and 2% triethylsilane in methanol (total volume 20 mL)
was stirred for several hours at room temperature until TLC (ethyl
acetate–methanol 60 : 40) showed complete reaction. Solvents and
by-products were removed in vacuo and the product XI or XII re-
crystallised from hexane and methanol as a slightly orange solid,
which was characterised by 1H NMR spectroscopy.


1H NMR of XI (MeOD): dH 1.46 (d, 3H, CH3, Ala), 3.87–3.96
(m, 8H, 4 × CH2, Gly), 4.01–4.12 (m, 1H, CH, Ala), 5.14 (s, 2H,
-CH2NH- of pyrenemethylamino group), 8.00–8.36 (m, 9H, 9 ×
Ar-H, pyrene).


1H NMR of XII (D2O): dH 1.41 (d, 3H, CH3 of Ala), 2.86 (s, 3H,
-NCH3), 3.43 (m, 2H, -CH2NHCO-), 3.61 (m, 2H, -CH2NMe-),
3.87–3.82 (m, 8H, 4 × CH2, Gly), 4.01–4.12 (m, 1H, CH, Ala),
7.22–8.32 (m, 7H, 7 × ArH, naphthyl).


Conjugation of exci-partners to oligonucleotide probes ON1 and
ON2


In general, attachment of exci-partners bearing an aliphatic amine
functional group to the 5′- or 3′-terminal phosphate group of
oligonucleotide probes ON1 and ON2 followed by purification
and characterisation was achieved according to the published
protocols.13 b-(Pyren-1ylmethylaminocarboxamide)aspartic acid
(a gift from Dr Ben Law and AnMat Co., Manchester) was
attached similarly through its a-amino group, to give ON1-5′-
AspPyr and ON2-3′-AspPyr. ON1-5′-Pyr and ON2-3′-NMeNp
oligo probes were characterised as described elsewhere.13


ON1-5′-NMeNp: 1H NMR (D2O): dH 1.77–1.86 (s, 12H, 4 ×
CH3


′ 4 × dT), 2.15–2.92 (m, 16H, 8 × H2′ and 8 × H2′′ sugar
ring protons), 2.79 (s, 3H, NCH3), 3.22 (t, 2H, -NHCH2-), 3.43
(t, 2H, -NHCH2-), 3.60–4.60 (m, 24H, 8 × H4′, 8 × H5′ and 8 ×
H5′′ sugar ring protons), 5.4–6.40 (m, 8H, 8 × H1′ of sugar ring
and d, 1H, H5 of dC), 7.16–8.14 (m, 7H, 7 × Ar-H, naphthyl, s,
7H, 7 × Ar-H from each dG (×3) and dT (×4); d, 1H, H6 of
dC). The H3′ sugar ring proton region (4.90–5.20 ppm) was not
analysed due to suppression of residual water signal at 4.8 ppm.
The UV-visible absorption spectra of ON1-5′-NMeNp showed a
shoulder at 310 nm on the 260 nm absorption band, indicating the
presence of naphthalene.


Scheme 1 Attachment of H-BocAla(Gly)4-OH peptide linker to pyren-1-ylmethylamine and N-methyl-N-(naphthalen-1-yl)ethane-1,2-diamine.


1048 | Org. Biomol. Chem., 2007, 5, 1039–1051 This journal is © The Royal Society of Chemistry 2007







ON2-3′-Pyr: 1H NMR (D2O): dH 1.66–1.70 (s, 9H, 3 × CH3 of
3 × dT), 2.13–2.93 (m, 16H, 8 × H2′ and 8 × H2′′ sugar ring
protons), 3.60–4.60 (m, 24H, 8 × H4′, 8 × H5′, 8 × H5′′ sugar ring
protons; bs, 2H, -NHCH2-), 5.4–6.40 (m, 8H, 8 × H1′ of sugar; d,
2H, 2 × H5 of 2 × dC), 6.91–8.34 (m, 9H, 9 × Ar-H of pyrene; s,
7H, 7 × Ar-H from nucleotide bases (1 from each dG (×2) and
dT (×3), 2 from dA); d, 2H, H6 of dC (×2)). The resonance area
of H3′ sugar ring protons (4.90–5.20 ppm) was not analysed due
to suppression of residual water signal at 4.8 ppm. The presence
of pyrene alters the UV-visible absorption spectrum of ON2-3′-
Pyr, leading to an additional band around 345 nm, and altering
the band at 260 nm. The ratio between the absorbances at 260 and
345 nm was around 3.0, typical of mono-pyrene-substituted 8-mer
oligonucleotides.


ON1-5′-DMA: 1H NMR (D2O): dH 1.76–1.87 (s, 12H, 4 × CH3


of 4 × dT), 2.15–2.92 (m, 16H, 8 × H2′ and 8 × H2′′ sugar ring
protons), 2.60–2.63 (d, 6H, -N(CH3)2), 3.60–4.60 (m, 24H, 8 ×
H4′, 8 × H5′, 8 × H5′′ sugar ring protons; bs, 2H, -NHCH2-), 5.4–
6.40 (m, 8H, 8 × H1′ of sugar ring; d, 1H, H5 of dC), 7.16–8.14
(s, 7 × Ar-H from each dG (×3) and dT (×4); d, 1H, H6 of dC)
6.62–7.02 (d, 4H, 4 × Ar-H of N,N-dimethylaminobenzyl). The
H3′ sugar ring proton region (4.90–5.20 ppm) was not analysed
due to suppression of residual water signal at 4.8 ppm.


ON2-3′-DMA: 1H NMR (D2O): dH 1.65–1.71 (s, 9H, 3 × CH3


of 3 × dT), 2.15–2.92 (m, 16H, 8 × H2′ and 8 × H2′′ sugar ring
protons), 2.60–2.63 (d, 6H, -N(CH3)2); 3.60–4.60 (m, 24H: 8 ×
H4′, 8 × H5′, 8 × H2′′ sugar ring protons; bs, 2H, -NHCH2);
5.4–6.40 (m, 8H, 8 × H1′ of sugar ring; d, 2H, 2 × H5 of 2 × dC),
6.62–7.02 (d, 4H, 4 Ar-H of N,N-dimethylaminobenzyl), 6.91–
8.34 (s, 7H, Ar-H from nucleotide bases (1 from each dG (×2),
and dT (×3), 2 from dA); d, 2H, H6 of dC (×2)). The resonance
region of H3′sugar ring protons (4.90–5.20 ppm) was not analysed
due to suppression of residual water signal at 4.8 ppm.


ON1-5′-Pept-Pyr: 1H NMR (D2O): dH 1.00–1.03 (d, 3H, CH3


of alanine), 1.50–1.64 (s, 12H, 4 × CH3 of 4 × dTs), 2.15–2.92
(m, 16H, 8 × H2′ and 8 × H2′′ sugar ring protons), 3.87–3.96 (m,
8H, 4 × CH2 of 4 Gly residues), 3.60–4.60 (m, 32H, 8 × H4′, 8 ×
H5′, 8 × H5′′ sugar ring protons, 4 × CH2 of 4 Gly residues; bs,
2H, -NHCH2-), 5.4–6.40 (m, 8H, 8 × H1′ of sugar ring; d, 1H,
H5 of dC), 6.60–8.16 (m, 9H, 9 × Ar-H from pyrene; s, 7H, 7 ×
Ar-H from each dG (×3) and dT (×4); d, 1H, H6 of dC). The H3′


sugar ring proton region (4.90–5.20 ppm) was not analysed due to
suppression of residual water signal at 4.8 ppm. The presence of
pyrene alters the UV-visible absorption spectrum of ON1-5′-Pept-
Pyr, leading to an additional band around 345 nm, and altering
the band at 260 nm. The ratio between the absorbances at 260 and
345 nm was around 3.0, typical of mono-pyrene-substituted 8-mer
oligonucleotides.


ON2-3′-Pept-Pyr: 1H NMR (D2O): dH 1.35–1.38 (d, 3H, CH3 of
Ala), 1.65–1.66 (s, 9H, 3 × CH3 of 3 × dT), 2.15–2.92 (m, 16H, 8 ×
H2′ and 8 × H2′′ sugar ring protons), 3.60–4.60 (m, 32H, 8 × H4′,
8 × H5′, 8 × H5′′ sugar ring protons, 4 × CH2 of 4 Gly residues; d,
2H, -NCH2); 5.4–6.40 (m, 8H, 8 × H1′ of sugar ring; d, 2H, 2 × H5
of 2 × dC), 6.91–8.34 (m, 9H, 9 × Ar-H from pyrene; s, 7H, 7 ×
Ar-H from nucleotide bases (1 from each dG (×2) and dT (×3),
2 from dA); d, 2H, H6 of dC (×2)). The H3′ sugar ring proton
region (4.90–5.20 ppm) was not analysed due to suppression of the
residual water signal at 4.8 ppm. The presence of pyrene alters the
UV-visible absorption spectrum of ON2-3′-Pept-Pyr, leading to an


additional band around 345 nm, and altering the band at 260 nm.
The ratio between the absorbances at 260 and 345 nm was around
3.0, typical of mono-pyrene-substituted 8-mer oligonucleotides.


ON1-5′-Pept-NMeNp: 1H NMR (D2O): dH 1.00–1.03 (d, 3H,
CH3 of Ala);1.54–1.64 (s, 12H, 4 × CH3 of 4 × dT), 2.15–2.92 (m,
16H, 8 × H2′ and 8 × H2′′ sugar ring protons), 2.60 (s, 3H, N-
CH3), 3.22 (t, 2H, -NHCH2-), 3.43 (t, 2H, -NHCH2-), 3.60–4.60
(m, 32H, 8 × H4′, 8 × H5′, 8 × H5′′ sugar ring protons and 4 ×
CH2 of 4 Gly residues), 5.4–6.40 (m, 8H, 8 × H1′ of sugar ring; d,
1H, H5 of dC), 6.92–8.14 (m, 7H, 7 × Ar–H, naphthyl; s, 7H, 7 ×
Ar-H from each dG (×3) and dT (×4); d, 1H, H6 of dC). The H3′


sugar ring proton region (4.90–5.20 ppm) was not analysed due
to suppression of residual water signal at 4.8 ppm. The UV-visible
absorption spectra of ON1-5′-Pept-NMeNp showed a shoulder at
310 nm on the 260 nm absorption band, indicating the presence
of naphthalene.


ON2-3′-Pept-NMeNp: 1H NMR (dH, D2O): dH 1.35–1.38 (d,
3H, CH3 of Ala), 1.42–1.64 (s, 9H, 3 × CH3 of 3 × dT), 2.15–2.92
(m, 16H, 8 × H2′ and 8 × H2′′ sugar ring protons), 2.67 (s, 3H, N-
CH3), 3.22 (t, 2H, -NHCH2-), 3.43 (t, 2H, -NHCH2-), 3.60–4.60
(m, 32H, 8 × H4′, 8 × H5′, 8 × H5′′ sugar ring protons; 4 × CH2 of
4 Gly residues); 5.4–6.40 (m, 8H, 8 × H1′ of sugar; d, 2H, 2 × H5 of
2 × dC), 6.91–8.34 (m, 7H, 7 × Ar-H of N ′-methyl-N ′-naphthyl; s,
7H, 7 × Ar-H from nucleotide bases (1 from each dG (×2) and dT
(×3), 2 from dA); d, 2H, H6 × 2 of dC (×2)). The resonance area
of H3′ sugar ring protons (4.90–5.20 ppm) was not analysed due
to suppression of residual water signal at 4.8 ppm. The UV-visible
absorption spectra of ON2-3′-Pept-NmeNp showed a shoulder at
310 nm on the 260 nm absorption band, indicating the presence
of naphthalene.


ON1-5′-NHNp: 1H NMR (D2O): dH 1.77–1.86 (s, 12H, 4 ×
CH3


′ 4 × dT), 2.15–2.92 (m, 16H, 8 × H2′ and 8 × H2′′ sugar ring
protons), 3.22 (t, 2H, -NHCH2-), 3.43 (t, 2H, -NHCH2-), 3.60–
4.60 (m, 24H, 8 × H4′, 8 × H5′ and 8 × H5′′ sugar ring protons),
5.4–6.40 (m, 8H, 8 × H1′ of sugar ring; d, 1H, H5 of dC), 7.16–
8.14 (m, 7H, 7 × Ar-H, naphthyl; s, 7H, 7 × Ar-H from each dG
(×3) and dT (×4); d, 1H, H6 of dC). The H3′ sugar ring proton
region (4.90–5.20 ppm) was not analysed due to suppression of
residual water signal at 4.8 ppm. The UV-visible absorption spectra
of ON1-5′-NHNp showed a shoulder at 310 nm on the 260 nm
absorption band, indicating the presence of naphthalene.


Preparation of ON1-5′-C7DMA oligonucleotide probe


Synthesis of the ON1-5′-C7DMA oligonucleotide probe con-
taining the heptane-1,7-diamine linker (C-7) was achieved us-
ing two-step conjugation, viz., initial coupling of heptane-1,7-
diamine to the oligonucleotide followed by attachment of (4-
(dimethylamino)phenyl)acetic acid to the free aliphatic amino
group of the linker. Oligonucleotide ON1 (0.5 lmol, 35 ou260)
was dissolved in H2O (100 lL) and precipitated by addition of 4%
aqueous cetyltrimethylammonium bromide (20 lL). The sample
was then centrifuged (5 min, 10 000 rpm) and the procedure re-
peated until there was no apparent precipitation after the addition
of the cetyltrimethylammonium bromide. The supernatant was
carefully removed and the pellet washed by water and dried under
vacuum overnight.


A solution of oligonucleotide as the cetyltrimethylammonium
salt in DMF (∼150 lL) was treated with 2,2′-dipyridyl disulfide
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(6.6 mg, 30 lmol) and triphenylphosphine (8 mg, 30 lmol) for
10 min, followed by treatment by 4-dimethylaminopyridine (6 mg,
50 lmol) for 10 min at 25 ◦C. The activated oligonucleotide was
then precipitated using 2% LiClO4 in acetone (2 mL), and the dried
pellet dissolved in 1 M aqueous heptane-1,7-diamine (150 lL) and
left for 1 h. On completion of reaction the oligonucleotide material
was precipitated using 2% LiClO4 in acetone (2 mL), dissolved
in H2O (100 lL) and purified by reverse-phase HPLC. The
cetyltrimethylammonium salt of the oligonucleotide with the
attached heptanediamine linker was prepared as described above
and dissolved in anhydrous DMF (100 lL).


To a solution of (4-(dimethylamino)phenyl)acetic acid (17.9 mg,
100 lmol) in anhydrous DMF (100 lL), BOP (88.5 mg, 200
lmol) and 4-(dimethylamino)pyridine (24.4 mg, 200 lmol) were
added and the mixture left for 30 min at 50 ◦C. The solution of
oligonucleotide with attached heptanediamine linker was added
and the resulting mixture left to react at 50 ◦C for 1 h. The reaction
mixture was precipitated by addition of 2% LiClO4 in acetone (2
mL), the supernatant discarded, the pellet dried, dissolved in H2O
(100 lL) and purified by reverse-phase HPLC.


ON1-5′-C7DMA: 1H NMR (D2O): dH 1.29–1.56 (m, 10H, 5 ×
-CH2-) 1.76–1.87 (s, 12H, 4 × CH3 of 4 × dT), 2.15–2.92 (m, 18H,
8 × H2′ and 8 × H2′′ sugar ring protons; 2H, -CH2NH-), 2.60–
2.63 (d, 6H, -N(CH3)2), 3.21 (t, 2H, -CH2NHCO-), 3.44 (s, 2H,
-CH2CO-) 3.60–4.60 (m, 24H, 8 × H4′, 8 × H5′, 8 × H5′′ sugar
ring protons); 5.4–6.40 (m, 8H, 8 × H1′ of sugar ring; d, 1H, H5
of dC), 6.62–7.02 (d, 4H, 4 Ar-H of N,N-dimethylaminobenzyl),
7.16–8.14 (s, 7 × Ar-H from each dG (×3) and dT (×4); d,1H, H6
of dC). The H3′ sugar ring proton region (4.90–5.20 ppm) was not
analysed due to suppression of residual water signal at 4.8 ppm.


HPLC


Reverse-phase HPLC purification of oligonucleotides was per-
formed using an HPLC Holochrome 302 (Gilson) chromatograph
equipped with a C18 column (VydacTM, particle size 10 lm,
inner diameter 10 mm, length 250 mm, pore size 300 Å) with
elution using an increasing gradient (0–50%) of acetonitrile in
water (fraction detection at 260 nm). In some cases HPLC
purifications of probes were performed on an Agilent 1100
Series HPLC system, consisting of a quaternary pump with
solvent degasser, a diode-array module for multi-wavelength signal
detection using an Agilent 1100 Series UV-visible detector and an
Agilent 1100 Series fluorescence detector for on-line acquisition
of excitation/emission spectra. The system had a manual injector
and thermostatted column compartment with two heat exchangers
for solvent pre-heating. The HPLC system was operated through
Agilent HPLC 2D ChemStation Software. Depending on the
purification performed, the columns used were: Zorbax Eclipse
X DB-C8 column (length 25 cm, inner diameter 4.6 mm, particle
size 5 lm), or a Luna C18 (2) column (length 25 cm, inner diameter
4.6 mm, particle size 5 lm) with elution using an increasing
gradient (0–50%) of acetonitrile in water (detection at 260, 280,
and 340 nm).


Fluorescence spectroscopy


UV-Visible absorption spectra were measured at 20 ◦C on a
Cary-Varian 1E UV-Visible spectrophotometer with a Peltier-


thermostatted cuvette holder and Cary 1E operating system/2
(version 3) and the Cary 1 software. Quantification of the oligonu-
cleotide components used millimolar extinction coefficients (e260)
of 70.2 for ON1, 79.7 for ON2 and 169.4 mM−1 cm−1 for the
16-mer target. For the oligonucleotide probes ON1-5′-Pyr and
ON2-3′-Pyr millimolar extinction coefficients (e260) were corrected
taking into account millimolar extinction coefficients of pyren-
1-ylmethylamine at 260 nm (e260 for pyren-1-ylmethylamine in
water was determined to be 15.34 mM−1 cm−1). Fluorescence
excitation and emission spectra were recorded on a thermostatted
Shimadzu RF-5301 spectrofluorophotometer, or a Varian Eclipse
Fluorescence Spectrophotometer with a Peltier-thermostatted
cuvette holder. For comparative purposes the standard component
concentration of tested samples in the cuvette was 2.5 lM. Spectra
were recorded in Tris buffer (10 mM Tris, 0.1 M NaCl, at
pH 8.5) containing various percentages of TFE or other co-
solvents (0–80%) using a 2 mL or 100 lL thermostatted 4-sided
quartz cuvette. Excitation wavelengths for both monomer and
exciplex/excimer emission were optimised in each experiment
and ranged from 340 to 350 nm. In most cases slitwidths were
set from 5 to 10 nm both for excitation and emission spectra,
depending on the intensity of emission. “Automatic shutter-on”
regime was used to minimise photodegradation of compounds in
the cuvette. All spectra were corrected for buffer, TFE and/or
naphthalene emission as appropriate at the specific temperature
and wavelength. Fluorescence units shown on figures are arbitrary
fluorescence intensity units, except where spectra were scaled
for comparison, in which cases appropriate ratios of them were
used. In some cases spectra were scaled to the pyrene LES
emission at 380 nm of the pyrene-bearing probe to facilitate
visualisation of changes in the ratio between the pyrene LES
and the excimer/exciplex band. The ratio between the emission
intensity of the excimer/exciplex band at 480 nm and the LES
band at 380 nm (IE/IM) was also calculated for each spectrum.


Duplex formation


1 mL volume. The complex was formed by sequential addition
of aliquots (2.5 lL) of the components from stock solutions (1
mM) to Tris buffer (1 mL of 10 mM Tris, pH 8.30, 100 mM
NaCl) containing the appropriate amount of TFE (0–80%) at
10 ◦C. Components (molar ratio 1 : 1 : 1) were added in the
order: ON1-5′-X, ON2-3′-Y, then target. The concentration of
each component in the cuvette was 2.5 lM. On formation of the
full complex, the system was allowed to equilibrate for 10 min
at 10 ◦C or 5 ◦C, and emission spectra then recorded at 3 min
intervals. For the heating–re-cooling cycle, the cuvette containing
all components was heated to to 70 ◦C for 5 min and allowed
to cool back to 10 ◦C over 40 min. Emission spectra were then
recorded at 3 min intervals until exciplex emission did not increase
further (this usually occurred after 9 min). All spectra were
baseline- and TFE-corrected. As the emission from naphthalene
is a broad band (kmax 436 nm), spectra were recorded separately
for systems containing a naphthalene-bearing probe: the potential
naphthalene contribution was thus shown to be very small under
the conditions of excitation used.


100 lL volume. Studies were carried out to show that the
types of measurement described above for 1 mL reaction volumes
could also be used for smaller samples. The emission spectrum
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of the full SP-19 system (ON1-5′Pyr + ON2-3′NmeNp + 16-
mer oligonucleotide target) was recorded for a 1 mL sample in
the cuvette (excitation 350 nm, 5 nm slitwidth, medium PMT
detector voltage). An aliquot (50 lL) of this solution was pipetted
into a microcuvette and the emission spectrum recorded under
the same conditions, but with a high PMT detector voltage. The
experiment was repeated several times, and similar spectral results
were always obtained with both sample volumes (data not shown).
Duplex formation was also studied on small volumes as follows.
The complex was formed by sequential addition of aliquots (1.25
lL) of the components from stock solutions (0.2 mM) to Tris
buffer (100 lL of 10 mM Tris, pH 8.40, 100 mM NaCl) containing
the appropriate amount of TFE (0–80% v/v) at 5 ◦C. Components
(molar ratio 1 : 1 : 1) were added in the order: ON1-5′Pyr, ON2-
3′NMeNp, then target. The final concentration of each component
in the cuvette was 2.5 lM. On formation of the full complex,
the system was allowed to equilibrate for 5–10 min at 5 ◦C,
and emission spectra recorded at 3 min intervals. The cuvette
was then heated to 60 ◦C for 5 min and allowed to cool back
to 5 ◦C over 40 min. Emission spectra were then recorded at
3 min intervals until exciplex emission did not increase further
(this usually occurred after 9 min). If an exciplex emission peak
at ∼480 nm was not seen within this time frame, recording was
extended for up to 30 min.


Melting temperature studies


Optical melting curves of the complexes were obtained using
a Varian Cary 1E UV-visible spectrophotometer using a 1 mL
optical cell (pathlength 1.0 cm). Thermal denaturation (Tm)
measurements, detected at 260 nm and accurate to ±0.1 ◦C,
were performed at 2.5 lM component concentrations of the 1
: 1 : 1 complex in 80% TFE–Tris buffer (10 mM Tris, pH 8.3,
100 mM NaCl). Melting data were also obtained from fluorescence
emission spectra: the sample was heated to 60 ◦C at 0.25 ◦C min−1.
Wavelengths used were as follows: pyrene LES, kext 340nm, kem


376 nm; exciplex band kext 350 nm, kem 480 nm). Recordings were
made at 0.5 ◦C increments. The sample was cooled (0.13 ◦C
per min) and emission spectra again recorded. The melting
curve obtained during cooling was used determine Tm, calculated
either as the point at half the curve height41 or by derivative
calculation42,43 using the Cary software.
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Rh(I)–catalysed [2 + 2 + 2] cycloaddition allows the synthesis
of aryl ethers and diaryl methanes containing a high degree
of steric hindrance from relatively simple diyne and alkyne
precursors. The diarylmethanes made in this way show
no evidence in their NMR spectra, however, of rotational
restriction.


Introduction


Transition-metal catalysed cycloaddition reactions enable the
rapid construction of complex molecular entities. In particular, the
[2 + 2 + 2] cycloaddition reaction between 1,n-diynes and alkynes
provides a valuable synthetic route to highly substituted benzene
derivatives.1 As part of a research programme aimed at uncovering
new classes of atropisomeric molecules2 and delineating structural
requirements for atropisomerism in hindered systems, we were
interested in developing a concise synthesis of diaryl ethers and
diaryl methanes. Importantly, the method needed to be amenable
to the asymmetric preparation of these types of compounds
and also needed to be tolerant of substrates with a high level
of steric encumbrance. Recent work by Tanaka and others on
the asymmetric preparation of hindered, axially chiral biaryls
and cyclophanes3 or anilides4 using Rh(I)-catalysed [2 + 2 + 2]
cycloaddition reactions inspired us to investigate this method
for the synthesis of other potentially atropisomeric systems,
particularly as asymmetric variants of the Rh(I)-catalysed [2 +
2 + 2] cycloadditions are known.


Recently, we reported the syntheses of 2,6,2′-trisubstituted
diaryl ethers and 2,6,2′,6′-tetrasubstituted diaryl ethers by ortho-
lithiation of dibenzosiloxanes5 and through the use of SNAr
reactions of aryl chlorides with phenols.2a The stereochemistry,
stereodynamics, and stereoisomeric separation of these com-
pounds were investigated and some empirical rules to describe
the requirements for atropisomeric chirality in diaryl ethers were
deduced.


Results and discussion


The present study builds on these results and aims to provide an
asymmetric route to these types of compounds. To this end, a
series of diynes (1a–1g) were prepared and treated with alkynes
2a and 2b under various catalytic conditions.6 Under none of the
conditions tested (including all those listed in Table 1) was the
expected cycloadduct 3 detected (Scheme 1).


School of Chemistry, The University of Manchester, Oxford Road, Manch-
ester, UK M13 9PL. E-mail: clayden@man.ac.uk; Fax: +44 161 275 4939
† Electronic supplementary information (ESI) available: Experimental and
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Scheme 1 Attempted formation of diaryl ethers by [2 + 2 + 2]
cycloaddition.


Attention was turned towards the reaction of alkyne 4 in the
cycloaddition reaction (Scheme 2). No atropisomerism would be
possible in the cycloadducts from this coupling partner, but we
hoped nonetheless to gain an insight into the reactivity of alkynyl
ethers towards cycloaddition. A variety of catalytic conditions
was investigated, but only the combination of cationic Rh(I)
with BINAP gave the product 5 (Table 1). The solvent used,
the temperature, and the concentration all affected the yield. The
best results were obtained with 10 mol% Rh(cod)2BF4 and 10
mol% rac-BINAP in methylene chloride (0.021 M) at ambient
temperature (entry 7). In this case, cycloaddition occurred with
diyne 1a furnishing the cycloadduct in a moderate 50% yield.
Heating the reaction in chloroform lead to a complex mixture
of products, including 5, but purification proved difficult (entry
4). A more concentrated methylene chloride solution proved
less successful (entry 2), as did utilisation of toluene as solvent
(entry 3).


Scheme 2 Formation of a hindered aryl ether.


Table 1 Aryl ether synthesis by [2 + 2 + 2] cycloaddition


Entry Metal source Ligand Solvent T/◦C Yield 5a (%)a


1 CpCo(CO)2 — Heptane 80 0
2 Rh(cod)2BF4 (±)-BINAP CH2Cl2


b r.t. 39
3 Rh(cod)2BF4 (±)-BINAP Toluene r.t. 37
4 Rh(cod)2BF4 (±)-BINAP CDCl3 50 n/d
5 Rh(cod)2BF4 — CH2Cl2 r.t. 0
6 Rh(cod)2BF4 dppf CH2Cl2 r.t. 0
7 Rh(cod)2BF4 (±)-BINAP CH2Cl2


c r.t. 50
8 Pd(PPh3)4 — Toluene r.t. 0
9 Pd/C — THF 50 0


a Isolated product. b 0.21 M. c 0.021 M.
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Table 2 Extending the aryl ether synthesis


Entry Substrate Conversion Yield 5 (%)a


1 1a >99 50
2 1b >99 0
3 1c >99 29b


4 1d >99 0
5 1e >99 0
6 1f >99 0


a Isolated product. b Inseparable from side products.


Next, the scope of this cycloaddition reaction of alkyne 4
with alkynes 1b–1f was investigated (Scheme 3). Surprisingly, the
cycloaddition failed to generate the desired products for all of
the other diynes, except 1c, where a low yield of impure 5c was
obtained (Table 2). In all cases, complete conversion of the diynes
was observed, and unidentified self-condensation products were
formed. We conclude that alkynyl ethers are rather unreactive to
the cycloaddition reaction. Removal of the terminal silyl group,
to increase reactivity, was not investigated as these compounds
undergo ready polymerisation at ambient temperature.


Scheme 3 Other aryl ethers.


We expected hindered diaryl methanes to exhibit stereochemical
features comparable with those of diaryl ethers, and the [2 +
2 + 2] cycloaddition route seemed a potentially valuable way
of making hindered diaryl methanes. Diaryl methanes as a
compound class have been the subject of considerable attention.
Several biologically active compounds7 and drugs8 including
trimethoprim, a synthetic antibiotic, papaverin, a muscle relaxing
agent, and piritrexim, a dihydrofolate reductase inhibitor for
the potential treatment of cancer, are based on this framework.
Indeed, the synthesis of diaryl methanes and trimethoprim via a
copper-catalysed cross-coupling of aryl magnesium reagents with
benzylic phosphates was published late in 2006 by Knochel and
Kofink.9 This elegant chemistry is somewhat limited however as it
uses highly reactive Grignard species which are incompatible with
certain functional groups. More importantly, for our purposes, the
incorporation of ortho aromatic substituents is essential, and such
hindrance tends to shut down cross-coupling pathways. Molander
and Elia have also published recently a Suzuki–Miyaura cross-
coupling approach to diaryl methanes with benzyl halides and
potassium aryl trifluoroborates as substrates.10


The use of the [2 + 2 + 2] cycloaddition has the potential to
offer an alternative route to hindered diaryl methanes, and one
for which an asymmetric modification would be readily available.
Building on our experience of the reaction, we investigated the
reaction between diynes 1a–1g and alkynes 2-propynylbenzene 6a
and the more hindered 6b and 6c (Scheme 4). The cycloaddition
reactions were successful in all instances (Table 3), regardless of the
steric bulk inherent in the molecules.11 However, NMR at ambient
temperature or at −50 ◦C showed no evidence of rotational
restriction in any of the diaryl methanes. Consequently, a more


Table 3 Synthesis of diaryl methanes


Entry Diyne Alkyne Product Yield (%)a


1 1a 6a 86


2 1b 6a 46


3 1c 6a 60


4 1d 6a 82


5 1e 6a 65


6 1f 6a 92


7 1g 6a 93


8 1g 6b 82


9 1f 6b 70


10 1g 6c 56


11 1f 6c 64


12 1a 6d — 0
13 1h 6a — 0


a Isolated product. b Inseparable from side products.


Scheme 4 Diarylmethanes by [2 + 2 + 2] cycloaddition.
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hindered system was required, and diyne 1h, bearing t-butyl groups
at the alkyne termini, was synthesised. Unfortunately, this diyne
did not undergo cycloaddition with any of the alkynes investigated
and starting materials were recovered. Installation of a terminal
trimethylsilyl group in alkyne 6d would lead to the formation
of even more hindered 2,6,2′,6′-tetrasubstituted diaryl methanes
upon cycloaddition, however, in the event, no reaction occurred
with any of the diynes investigated (Table 3, entry 11).


In summary, a straightforward synthesis of densely substituted
benzenoids and diaryl methanes has been developed through use
of a Rh(I)-catalysed [2 + 2 + 2] cycloaddition. This protocol
complements cross-coupling strategies, but allows the synthesis
of more hindered systems. Progress towards the preparation of
compounds exhibiting atropisomerism continues in our laborato-
ries.
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b,meso,b-Fused porphyrin oligomers have many attractive photophysical features such as strong
absorption in the near-IR at wavelengths greater than 1000 nm, and high two-photon cross sections.
However their ultrafast S1–S0 deactivation (kd > 1011 s−1) limits potential applications. We have
synthesised a deuterated fused porphyrin dimer to test whether deuteration influences the rate of
non-radiative deactivation. An efficient synthetic strategy was developed, starting with deuteration of
dipyrromethane. Deuteration of the zinc porphyrin dimer does not affect its fluorescence quantum yield
in CD2Cl2 (U fD/U fH = 1.00 ± 0.05). This implies that the ultrafast non-radiative deactivation is not
simply a consequence of the small S1–S0 energy gap. Comparison with other conjugated porphyrin
oligomers confirms that the deactivation rate in the edge-fused oligomers is faster than would be
expected from the energy gap law. This result indicates that it should be possible to create near-IR dyes
with similar S1–S0 energy gaps to the b,meso,b-fused porphyrin oligomers but with slower rates of S1–S0


decay.


Introduction


The synthesis of b,meso,b-fused porphyrin dimers, such as 1a, and
longer tape-like oligomers of this type, pioneered by Osuka and
coworkers,1–5 is probably the most revolutionary development in
the field of porphyrin chemistry during the last 10 years. The strong
porphyrin–porphyrin p-conjugation in these oligomers shifts their
absorption far into the infrared and results in strong two-
photon absorption.6 For example dimer 1a exhibits an absorption
maximum at 1068 nm (in CHCl3)1,2 and a two-photon cross-
section of 14000 GM at 800 nm (in toluene);6 longer oligomers
take this absorption to even longer wavelengths. The rate of S1–S0


deactivation (kd) is amazingly fast in these molecules, occurring in
4.5 ps in dimer 1a (from transient absorption measurements).7–11


Thus neither fluorescence nor S1–T1 intersystem crossing compete
with deactivation to the ground state, and fluorescence quantum
yields are very low (U f < 10−3).9 Accordingly, the overall rate of S1


deactivation is dominated by the S1–S0 internal conversion process
(kd ≈ knr ≈ kic, where knr and kic denote the rates of non-radiative
and internal conversion processes, respectively).
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The usefulness of these chromophores is limited by the
negligible fluorescence quantum yield and triplet formation,9


precluding applications in near-infrared light emitting diodes
(NIR LEDs) and fluorescence imaging or in reverse-saturable
absorption (RSA).12 The short S1 lifetimes also preclude all
applications involving photochemistry, such as photoinduced
energy- and electron-transfer, photoinitiated polymerisation (e.g.
for microfabrication)13 or photochromism (e.g. for optical data
storage). We have shown that the attachment of heavy atoms to
the periphery of the p-system accelerates intersystem crossing in
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1b and 1c, bringing the triplet yield up to UT = 0.2 in 1c and
leading to substantial RSA in the spectral region 800–1000 nm
(rex/rgr = 8.2 at 870 nm).14 This work led to some promising NIR
RSA materials, but there is still a strong motivation for learning
to curtail the ultrafast deactivation of the lowest electronic singlet
excited state (S1) in these systems.


The ultrafast S1–S0 decay in chromophores such as 1a–d has
generally been attributed7–10 to the energy gap law.15,16 In other
words, it is assumed that in such rigid molecular systems the S1


and S0 states have very similar geometries so that their potential
energy surfaces do not intersect (Fig. 1a) and that the overall
deactivation rate (corresponding to kic, see above) is determined
by the Frank–Condon factor, f v, which in turn is determined by
the S1–S0 energy gap, DE, according to eqn (1) and (2):


kic = f 0 f v (1)


f v = e−aDE (2)


where f 0 is the maximum possible decay rate (f 0 ≈ 1013 s−1


in most chromophores with C–H bonds) and a is a constant
of proportionality. High frequency C–H stretch vibrations (m ≈
3000 cm−1) make a dominant contribution to the Frank–Condon
factor, f 0, so replacing C–H for C–D bonds (m ≈ 2200 cm−1)
generally reduces the rate of non-radiative deactivation.15–18 We


Fig. 1 Internal conversion (a) between matching adiabatic surfaces and
(b) between intersecting surfaces.


decided to test this idea by synthesising a deuterated dimer d-
1a and comparing its fluorescence quantum yield with that of
1a. We intended only to deuterate the b-positions of 1a, because
these protons are closest to the p-system, but during the synthesis
deuteration also occurred on the aryl substituents, mainly para to
the porphyrin.


We found that deuteration has no effect on the fluorescence
quantum yield, even in a deuterated solvent (CD2Cl2). This
implies that the ultrafast internal conversion in 1a is not simply a
consequence of the energy gap law, but reflects the presence of a
readily accessible intersection of the S1 and S0 surfaces (Fig. 1b).
In the course of this work we have developed new chemistry for
the synthesis of deuterated porphyrins, and to the best of our
knowledge this is the first time that a deuterated porphyrin dimer
has been synthesised.


Results and discussion


The deuterated fused dimer d-1a was synthesised as summarised
in Scheme 1. There have been several reports of the synthesis
of deuterated porphyrin derivatives,19–25 but no general methods
have been developed for the direct perdeuteration of porphyrins.
On the other hand, pyrrole is readily deuterated under acidic
conditions.26,27 We decided to explore whether similar deuteration
conditions could be applied to dipyrromethane 2. This might
appear to be a risky strategy, because dipyrromethane 2 readily
undergoes decomposition and oligomerisation in acid, but we dis-
covered that deuteration could be accomplished using a two-phase
system, by stirring 2 with trifluoroacetic acid-d in a mixture of
deuterium oxide and dichloromethane. These reaction conditions
result in no detectable decomposition or oligomerisation, d-2 was
isolated in 73% yield and 1H NMR analysis shows that the pyrrolic
positions are deuterated to a level of >97%. No deuteration
occurs at the central CH2. Condensation of d-2 with 3,5-di-tert-
butylbenzaldehyde in the presence of trifluoroacetic acid-d gave
porphyrin d-H2-3. Deuterium enrichment of d-H2-3 was slightly
reduced to 91% on the pyrrolic positions, while enrichment to a


Scheme 1 Preparation of deuterated dimer d-1a. Ar = 3,5-di-tert-butylphenyl. (a) d-TFA, D2O, CH2Cl2, 73%; (b) i. 3,5-di-tert-butylbenzaldehyde, TFA,
CH2Cl2, ii. DDQ, 27%; (c) Ni(OAc)2, DMF, reflux, 94%; (d) i. 3,5-di-tert-butylphenyllithium, THF, 0 ◦C to rt, ii. D2O, iii. DDQ, 65%; (e) i. D2SO4,
CH2Cl2, ii. Zn(OAc)2·2H2O, MeOH, CH2Cl2, 77%; (f) Sc(OTf)3, DDQ, PhMe, 32%.
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degree of 33% was observed for the meso-hydrogens, suggesting
scrambling of the hydrogens between these positions under the
condensation conditions. Some overall reduction in the level
of deuteration may have resulted from protic impurities in the
dichloromethane reaction solvent, but the level of deuteration of
the pyrrolic positions was sufficient for our purposes.


Metallation of d-H2-3 with nickel(II) acetate yielded the
nickel(II) porphyrin d-Ni-3. Treatment of d-Ni-3 with an ex-
cess of 3,5-di-tert-butylphenyllithium, using Senge’s method,28


followed by deuterium oxide work-up and oxidation gave nickel
triarylporphyrin d-Ni-4. It is possible to perform the Senge
arylation on the free base porphyrin d-H2-3 instead of d-Ni-
3, but in our hands arylation of the nickel complex was more
reproducible. Demetallation was accomplished with sulfuric acid-
d2 and, without isolation of the free-base porphyrin, metallation
to the zinc complex was achieved by neutralisation and stirring
with zinc(II) acetate. Analysis of the zinc porphyrin d-Zn-4 by
1H NMR indicated that further deuteration had occurred during
treatment of d-Ni-4 with D2SO4. The unsubstituted porphyrinic
meso-position was 96% deuterated, and deuteration was also
evident on the 3,5-di-tert-butylphenyl substituents (Fig. 2). The
deuteration of the aryl groups is highest para to the porphyrin ring
and occurs without any loss or migration of the tert-butyl groups.
Sulfuric acid-d2 mediated deuterium exchange has been reported
for aryl-substituents on porphyrins.25 Oxidative dimerisation of
d-Zn-4 was performed under the conditions described by Osuka,5


and after recrystallisation, dimer d-1a was isolated in 32% yield.
The un-deuterated dimer 1a, previously reported by Osuka,2,5


was also prepared. The 1H NMR spectra of dimers 1a and
d-1a, compared in Fig. 3, allow the level of deuteration in
dimer d-1a to be quantified (Fig. 2). The b-pyrrolic positions on
dimer d-1a were approximately 91% deuterium-enriched and the
phenyl substituents were also partially deuterated. The level of


Fig. 2 Structures of d-2, d-Zn-4 and d-1a showing the levels of
deuteration at selected positions, as determined by comparison of the
1H NMR spectra with those of the un-deuterated analogues.


Fig. 3 1H NMR spectra for (a) dimer 1a and (b) dimer d-1a (500 MHz in
CDCl3 containing a trace of d5-pyridine). Assignment is included for the
spectrum of 1a (see Fig 2).


deuteration for dimer d-1, as deduced from NMR analysis, is
consistent with analysis of the isotopic cluster for the molecular
ion in the MALDI-TOF mass spectrum, shown in Fig 4.


Fig. 4 MADLI-TOF mass spectrum for deuterated dimer d-1a. The
simulated spectrum is represented by the black squares, and was calculated
allowing for deuteration of 93% at the b-pyrrole positions and 33% at the
aryl substituents.


The absorption spectra for dimers 1a and d-1a (Fig. 5)
are completely superimposable, showing that, as expected, the
electronic structure of the dimer is not affected by deuteration.
The room temperature fluorescence spectra of dimers 1a and d-
1a, with excitation at 440 nm, are also shown in Fig. 5. These
spectra were recorded in deuterated solvent (CD2Cl2) so as to
exclude any effects due to solvent C–H vibrations. The emission
spectra were recorded for isoabsorbing solutions of the dimers and
are not normalised, so they directly show that deuteration has no
effect on the fluorescence quantum yield: U fD/U fH = 1.00 ± 0.05.


If the ultrafast S1 decay in this system were simply a consequence
of the energy gap law [eqn (2)] then one would expect the Frank–
Condon factor to be dominated by C–H vibrations.15–17 Thus it
seems likely that the ultrafast internal conversion in 1a results
from the availability of a specific deactivation pathway, such as
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Fig. 5 UV-visible-nearIR absorption (solid lines) and luminescence
spectra (dashed lines, isoabsorbing solutions, kex = 440 nm) for 1a (red)
and d-1a (black) in CD2Cl2 at 298 K. The lowest energy absorption and
highest energy emission peaks occur at 1185 nm and 1210 nm respectively.


an accessible intersection of the S1 and S0 surfaces, via a reaction
coordinate involving the lower energy vibration of the C–C and
C–N double bonds within the molecular framework (Fig. 1b).


Our conclusion that S1 deactivation in 1a is faster than can be
accounted for by the energy gap law is supported by comparison
with other related NIR chromophores. For example Therien and
coworkers29 have reported an alkyne-linked conjugated porphyrin
pentamer exhibiting S1–S0 emission at 883 nm (DE = 135 kJ mol−1)
with a fluorescence quantum yield of U f = 0.14 and a natural
radiative lifetime of s0 = 3.56 ns, so an upper limit to the rate of
non-radiative deactivation in this chromophore (assuming kisc =
0) is knr = (1/U f − 1)/s0 = 1.7 × 109 s−1. According to eqn (2),
with f 0 = 1013 s−1, this implies that a = 0.064 kJ−1 mol. Dimer 1a
exhibits S1–S0 emission at 1100 nm (DE = 109 kJ mol−1) so the
energy gap law predicts that it should have a non-radiative rate
constant knr ≈ kic = 9.3 × 109 s−1, which is about 20 times less than
the experimental value of knr ≈ 2.2 × 1011 s−1 (calculated from the
singlet lifetime of 4.5 ps with kr � knr and thus negligible).


While dimers 1a–d exhibit exceptionally short S1 lifetimes, their
T1 lifetimes seem to be fairly normal. Although the T1–S0 energy
gaps must be very small (less than the S1–S0 gaps) this does not
result in exceptionally rapid T1–S0 intersystem crossing. Previously
we reported that 1b and 1c have triplet lifetimes of 280 ns and 52 ns
respectively (in oxygen-free benzene containing 1% pyridine).14


The very low triplet yields of 1a and 1d make it difficult to
measure their triplet lifetimes, but in the case of 1d we were able
to measure a triplet lifetime of 177 ± 25 ls (in O2-free benzene
with 1% pyridine). We also measured the triplet lifetime of 1d by
generating the triplet by energy transfer from the triplet state of
tetraphenylporphyrin, giving a lifetime of 6.8 ls for the T1 state
of 1d (in aerated dichloromethane with 1% pyridine). The heavy
atoms reduce the triplet lifetime in 1b and 1c, and the triplet
lifetime of 1d is sensitive to the presence of oxygen, as expected,
but in general the T1 lifetime of these systems are normal, despite
the small T1–S0 gap, providing another indication that the ultrafast
S1–S0 decay is not simply a result of the small S1–S0 energy gap.


Conclusions


We have prepared a deuterated fused porphyrin dimer d-1a via
deuteration of the dipyrromethane 2. Its fluorescence quantum


yield is completely unaffected by the deuteration (U fD/U fH =
1.00 ± 0.05), demonstrating that C–H vibrations do not contribute
to radiationless deactivation (i.e. internal conversion). This result
suggests that a specific deactivation pathway is active via an
accessible intersection of the S1 and S0 surfaces. The initial
motivation for this study was to synthesise a fused porphyrin dimer
with retarded internal conversion, and consequently improved
triplet yield, for RSA applications.12 Although we have not
achieved this objective, our results indicate that it should be
possible to create near-IR dyes with similar S1–S0 energy gaps
to the b,meso,b-fused porphyrin oligomers but with slower rates
of S1–S0 internal conversion, for instance by making an even more
rigid molecular framework.


Experimental


NMR spectra were recorded on Bruker DPX250 or DPX400
instruments or AV500 with cryprobe. MALDI-TOF mass spec-
tra were acquired by the EPSRC Mass Spectrometry Ser-
vice, Swansea, UK from a trans-2-[3-(4-tert-butylphenyl)-2-
methylprop-2-enylidene]malononitrile (DCTB) matrix. Vis-NIR
absorption spectra were recorded on a Perkin-Elmer Lambda 20
or Lambda 9 spectrometer. NIR fluorescence spectra of dimers
1 and d-1 were recorded on an Edinburgh FLS920 spectrometer
equipped with a Hamamatsu R5509-72 supercooled PMT (193 K)
described earlier.30 Bis(1H-pyrrol-2-yl)methane 2 and 3,5-di-tert-
butylbromobenzene were prepared by literature methods.31,32


Preparation of d-2


Nitrogen was bubbled through a mixture of bis(1H-pyrrol-2-
yl)methane 2 (2.00 g, 13.7 mmol), deuterium oxide (20 mL) and
dichloromethane (200 mL). Trifluoroacetic acid-d (200 ll) was
added and the mixture stirred vigorously at room temperature
for 18 h. Anhydrous sodium carbonate was added to neutralise
the aqueous layer and the organic layer was separated, dried over
anhydrous magnesium sulfate and evaporated. This entire process
was repeated twice, and the resultant product purified by bulb-to-
bulb distillation under vacuum to give d-2 as a white solid. Yield
(1.54 g, 73%), mp 72–73 ◦C (lit.31 75 ◦C for 2) 1H NMR (200 MHz,
CDCl3; Me4Si): dH, ppm 3.97 (2 H, s, CH2), 6.04 (2 H, s, 97.5% 2H),
6.12 (2 H, s, 98.5% 2H), 6.62 (2 H, s, 97.5% 2H), 7.64 (2 H, s, 97.5%
2H). 2H NMR (38.4 MHz, CHCl3; Me4Si) 6.14 (2 2H, s), 6.26 (2
2H, s), 6.68 (2 2H, s), 6.67 (2 2H, s, N-2H). 13C NMR (62.9 MHz,
CDCl3; Me4Si) 26.1, 106.1 (t), 107.7 (t), 116.8 (t), 128.7. MS (FI+):
m/z 154.1341 (calcd. for [C9H2D8N2]+ 154.1346).


Preparation of d-H2-3


Nitrogen gas was bubbled through a solution of d-2 (1.25 g,
8.11 mmol) and 3,5-di-tert-butylbenzaldehyde (1.80 g, 8.11 mmol)
in dichloromethane (1600 mL). Trifluoroacetic acid-d (0.19 mL,
2.4 mmol) was added and the solution stirred at room temperature
for 3 h. DDQ (2.36 g, 10.4 mmol) was added and the mixture stirred
for 10 min before being neutralised by the addition of sodium
bicarbonate (3 g). The mixture was filtered through a plug of
silica, eluting with dichloromethane, the solvent removed and the
residue recrystallised from dichloromethane by layered addition
of methanol to give d-H2-3 as purple needles. Yield 770 mg (27%),
1H NMR (500 MHz, CDCl3; Me4Si): −2.95 (2 H, s, N-H), 1.64
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(36 H, s, t-butyl), 7.91 (2 H, t, phenyl 4-H), 8.22 (4 H, d, phenyl
2,6-H), 9.20 (4 H, s, pyrrole-H, 91% 2H), 9.45 (4 H, s, pyrrole-H,
91% 2H), 10.36 (2 H, s, meso-H, 33% 2H). MS (MALDI-TOF+):
m/z 694.4 (calcd. for [C48H46D8N4]+ 694.5).


Preparation of d-Ni-3


A suspension of d-H2-3 (650 mg, 0.935 mol), nickel(II) acetate
(2.33 g, 9.35 mmol) and N,N-dimethylformamide (60 mL) was
heated to reflux for 2 h. The solvent was removed under
vacuum and the residue passed through a plug of silica eluting
with dichloromethane. Recrystallisation from dichloromethane by
layered addition of methanol give d-Ni-3 as burgundy needles.
Yield 660 mg (94%), 1H NMR (400 MHz, CDCl3; Me4Si): 1.55
(36 H, s, t-butyl), 7.82 (2 H, t, phenyl 4-H), 7.98 (4 H, d, phenyl
2,6-H), 9.07 (4 H, s, pyrrole-H, 91% 2H), 9.23 (4 H, s, pyrrole-H,
91% 2H), 9.93 (2 H, s, meso-H, 33% 2H). MS (ESI+): m/z 751.4
(calcd. for [C48H44D8NiN4 + H]+ 751.4).


Preparation of d-Ni-4


A solution of 1-bromo-3,5-di-tert-butylbenzene (1.18 g,
4.39 mmol) in THF (15 mL) was cooled to −78 ◦C and n-
butyllithium (1.6 M in hexanes, 2.50 mL, 4.0 mmol) was added.
The solution was stirred at −78◦ for 1 h, then transferred via
syringe into a solution of d-Ni-3 (300 mg, 0.399 mmol) in THF
(15 mL) at 0 ◦C and the solution allowed to warm to room
temperature with stirring for 1 h, to give a green solution. A
mixture of D2O and THF (1 mL : 4 mL) was added and the
mixture poured into a rapidly stirred solution of DDQ (362 mg,
1.60 mmol) in dichloromethane (200 mL). The mixture was filtered
through a plug of silica, eluting with dichloromethane. The solvent
was removed and the residue purified by column chromatography
over silica, using ethyl acetate–light petroleum (bp 40–60 ◦C) (1 :
20) as eluent. Recrystallisation from dichloromethane by layered
addition of methanol gave d-Ni-4 as purple needles. Yield 242 mg
(65%), 1H NMR (400 MHz, CDCl3; Me4Si): 1.49 (18 H, s, t-butyl),
1.51 (36 H, s, t-butyl), 7.73 (1 H, t, phenyl 4-H), 7.76 (2 H, t, phenyl
4-H), 7.90 (2 H, d, phenyl 2,6-H), 7.93 (4 H, d, phenyl 2,6-H), 8.86
(2 H, s, pyrrole-H, 91% 2H), 8.87 (2 H, s, pyrrole-H, 91% 2H),
8.96 (2 H, s, pyrrole-H, 91% 2H), 9.15 (2 H, s, pyrrole-H, 90% 2H),
9.85 (2 H, s, meso-H, 42% 2H). MS (ESI+): m/z 938.6 (calcd. for
[C62H64D8N4Ni]+ 938.6).


Preparation of d-Zn-4


Sulfuric acid-d2 (0.5 mL) was added to a solution of d-Ni-4
(200 mg, 0.213 mmol) in dichloromethane (25 mL) and the mixture
stirred at room temperature for 5 min to give a green solution. The
solution was washed with water (25 mL) and aqueous sodium
hydroxide (2 M, 25 mL). A solution of zinc acetate dihydrate
(195 mg, 1.06 mmol) in methanol (2 mL) was added and the
mixture heated to reflux for 5 min, then filtered through a short
plug of silica, eluting with dichloromethane. Recrystallisation
form dichloromethane by layered addition of methanol gave d-
Zn-4 as purple needles. Yield 156 mg (77%), 1H NMR (400 MHz,
CDCl3; Me4Si): 1.52 (18 H, s, t-butyl), 1.56 (36 H, s, t-butyl), 7.77
(1 H, t, phenyl 4-H, 60% 2H), 7.79 (2 H, t, phenyl 4-H, 90% 2H),
8.07 (2 H, d, phenyl 2,6-H, 10% 2H), 8.10 (4 H, d, phenyl 2,6-H,
36% 2H), 8.96 (2 H, s, pyrrole-H, 91% 2H), 8.98 (2 H, s, pyrrole-H,


91% 2H), 9.07 (2 H, s, pyrrole-H, 91% 2H), 9.33 (2 H, s, pyrrole-H,
91% 2H), 10.13 (2 H, s, meso-H, 96% 2H). MS (ESI+): m/z 949.6
(calcd. for [C62H59D13N4Zn]+ 949.6).


Preparation of dimer d-1a


A mixture of d-Zn-4 (50 mg, 53 lmol), scandium(III) triflate
(130 mg, 264 mmol), DDQ (60.0 mg, 264 mmol) and toluene
(50 mL) was stirred at 50 ◦C for 1 h. The colour darkened to dark
purple. Once cool, the solution was washed with water (50 mL)
and the organic layer separated and filtered through a plug of
silica, eluting with dichloromethane–pyridine (1 : 0 to 100 : 1)
and the solvent removed. The residue was purified by column
chromatography over silica, eluting with light-petroleum (bp 40–
60)–ethyl acetate–pyridine (10 : 1 : 1). Recrystallisation from a
toluene–ethanol mixture gave dimer d-1a as a black solid. Yield
16 mg (32%) 1H NMR (500 MHz, CDCl3; Me4Si): 1.42 (36 H, s,
t-butyl), 1.46 (72 H, s, t-butyl), 7.36 (4 H, s, pyrrole-H, 91% 2H),
7.60 (2 H, t, phenyl 4-H, 61% 2H), 7.63 (4 H, t, phenyl 4-H, 93%
2H), 7.64 (4 H, s, phenyl 2,6-H, 10% 2H), 7.68 (8 H, s, phenyl
2,6-H, 30% 2H), 7.71 (4 H, s, pyrrole-H, 91% 2H), 7.76 (4 H, s,
pyrrole-H, 91% 2H). MS (MALDI-TOF+): m/z 1888.2 (calcd. for
[C124H121D17N8Zn2]+ 1888.1).
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A polymer-supported pseudoephedrine auxiliary linked to
the support through nitrogen, has been developed for use
in asymmetric alkylations on solid phase.


The development of immobilised chiral auxiliaries for asymmetric
library synthesis remains a relatively under-developed area.1 Our
interest in the development of new linkers2 for synthesis, has led
us to evaluate ephedrine3 and pseudoephedrine chiral resins4 for
solid phase, asymmetric synthesis. These chiral linking units tether
substrates to the polymer support and control the stereochemistry
of reactions carried out on the substrate (Fig. 1).


Fig. 1 Ephedrine and pseudoephedrine chiral resins.


Oxazolidinones remain the most extensively explored sup-
ported auxiliary,1,5 however, ephedrine and pseudoephedrine
resins present attractive, complementary systems that might be
expected to have greater stability and therefore recyclability.3,4


We have described a Sm(II)-mediated, asymmetric catch and
release approach to c-butyrolactones that involves intermolecular
radical additions to a,b-unsaturated esters attached to resin
through an ephedrine chiral linker3 (mode B). Myers’ pseu-
doephedrine chiral auxiliary6 continues to evolve as a valuable tool
for a range of asymmetric transformations.7 We have also reported
the application of a pseudoephedrine resin (mode A) in Myers-type
asymmetric alkylations on solid phase,4 and have demonstrated the
potential of the approach for asymmetric library synthesis.


Although immobilisation of pseudoephedrine through oxygen
(mode A) using Merrifield resin can be achieved in one-step,4 this
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simple approach to immobilisation does not permit hydrolytic
cleavage of enantiomerically enriched carboxylic acids from the
auxiliary8 although alcohols and ketones can be prepared (80–93%
ee). We felt that a pseudoephedrine resin bearing a free hydroxyl
group, attached to the polymer support through nitrogen (mode
C) (Fig. 1), would address this shortcoming. Here we describe the
design, synthesis and evaluation of an improved pseudoephedrine
auxiliary attached to the support through nitrogen.


The most straight-forward approach to the preparation of
a pseudoephedrine resin, immobilised through nitrogen, in-
volves the N-alkylation of norpseudoephedrine using Merrifield
resin. To examine whether such a system would be viable,
N-benzylpseudoephedrine amide 2, a solution model for an
amide immobilised through nitrogen, was prepared9 and alkylated
(Scheme 1). Myers’ system 16 is also included for comparison.


Scheme 1 Reagents and conditions: (i) LDA 2.1 equiv., LiCl 6 equiv., THF
−78 ◦C to rt then BnBr added at 0 ◦C, 88% (for 4); (ii) LDA, BH3·NH3,
THF, 0 ◦C to rt, 75%.


Alkylation of 2 using Myers’ conditions gave 4 in 88%
yield. The relative stereochemistry of 4 was confirmed by X-ray
crystallography.10 Reduction of 4 with lithium amidotrihydrobo-
rate gave (S)-5 in 75% yield and in 85% ee. Thus the exchange
of the N-methyl group in Myers’ pseudoephedrine auxiliary for a
larger benzyl substituent, led to a small drop in selectivity (∼9%
ee).


To evaluate this simple approach on solid phase, Merrifield resin
was treated with norpseudoephedrine hydrochloride 611 to give
pseudoephedrine resin 7 (∼0.88 mmol g−1). Acylation then gave
amide 8 that upon alkylation and reductive cleavage gave (S)-5 in
56% overall yield but only 45% ee (Scheme 2).


Not only does the proximity of the polymer backbone appear
to interfere with the diastereoselectivity of the alkylation step
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Scheme 2 Reagents and conditions: (i) 6, Et3N, DMF, 50 ◦C; (ii) propionic
anhydride, THF, Et3N, rt; (iii) LDA. LiCl, THF, −78 ◦C to rt then BnBr,
THF, 0 ◦C to rt; (iv) LDA, BH3·NH3, THF, 56% overall (based on loading
of 7).


but the bulk of the support hinders N-acylation and may lead
to competing O-acylation. For example, extended treatment of 7
with propionic anhydride gave a resin (m(C=O) 1628 cm−1, m (C=O)
1738 cm−1), that upon alkylation and cleavage, gave (S)-5 in 15% ee.
To add support to the hypothesis that over-acylation was effecting
the diastereoselectivities observed, N-methylpseudoephedrine was
acylated and alkylated to give 10. Reduction then gave the opposite
enantiomer (R)-5 in 62% ee, clearly showing that O-acylation and
ester alkylation would be expected to lead to an erosion of product
enantiomeric excess when preparing (S)-5 (Scheme 3).


Scheme 3 Reagents and conditions: (i) propionic anhydride, THF, Et3N,
rt; (ii) LDA, LiCl, THF −78 ◦C to rt then BnBr added at 0 ◦C; (iii) LDA,
BH3·NH3, THF, 0 ◦C to rt, 53% overall.


From these model studies it was clear that linkage to the
support through a longer spacer unit would be a necessary feature
of an effective pseudoephedrine auxiliary immobilised through
nitrogen. Aware of the need for a synthetically, straight-forward
approach, we investigated a new immobilisation strategy in
solution. Norpseudoephedrine 6 was converted to acrylamide 11
and the Michael addition of benzylthiolate was used to mimic an
immobilisation step involving a benzylthiol resin. Resulting amide
12 was then reduced to 13, a solution model for a pseudoephedrine
resin linked to the polymer support through nitrogen via a three
carbon spacer (Scheme 4). Pleasingly, acylation with propionic
anhydride, alkylation with benzyl bromide and reductive cleavage
gave (S)-5 in good overall yield and in 91% ee (cf. 94% ee using
Myers’ system in solution). Importantly, hydrolytic cleavage of the
auxiliary and esterification of the resultant acid, gave 15 in 75%
yield and 87% ee (Scheme 4).


Satisfied that this linker system would allow access to enan-
tiomerically enriched carboxylic acid derivatives by hydrolysis,
we prepared a polymer-supported analogue of pseudoephedrine
derivative 13. Norpseudoephedrine acrylamide 11 was immo-


Scheme 4 Reagents and conditions: (i) TMSCl, NEt3, CH2Cl2, 0 ◦C, 1 h
then acryloyl chloride, rt, 2 h, then citric acid, MeOH, 64%; (ii) BnSH,
NaH, THF, 0 ◦C, 60%; (iii) BH3·THF, D, THF, 92%; (iv) propionic
anhydride, CH2Cl2, Et3N, rt, 72%; (v) LDA, LiCl, THF −78 ◦C to rt
then BnBr added at 0 ◦C, 65%; (vi) LDA, BH3·NH3, THF, 0 ◦C to rt, 75%;
(vii) 9 N H2SO4, dioxane, D, 100%; (viii) TMSCHN2, toluene–MeOH, rt,
75%.


bilised using Merrifield-based thiol resin 1612 by addition to a
suspension of the resin and NaH in THF. Amide 17 was then
reduced with borane to give 18 (Scheme 5). Microanalysis of 18
indicated a loading of 0.90 mmol g−1.


Scheme 5 Reagents and conditions: (i) NaH, THF, 11; (ii) BH3·THF, THF.


Pseudoephedrine resin 18 (and its enantiomer, (1S,2S)-18)
was evaluated by carrying out the unoptimised synthesis of a
small collection of alcohols, acids and a ketone. Acylation of
18 with propionic anhydride and 3-cyclopentyl propionic acid
(activated with pivaloyl chloride) followed by alkylation with
benzyl bromide gave immobilised adducts 20. Reductive cleavage
gave the expected alcohols (S)-5, (R)-5 and 22 in 86–92% ee (NB
The level of selectivity observed in the synthesis of alcohol (R)-
5 is essentially the same as that observed using Myers’ solution
auxiliary6e). Pleasingly, hydrolysis using tetra-n-butylammonium
hydroxide in t-BuOH and water gave the carboxylic acids 21 and
23 with similar selectivities. Finally, ketone 24 was prepared in
somewhat lower enantiomeric excess due to some epimerisation
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during cleavage.13 All yields are for isolated products obtained after
3 steps. No attempt was made to optimise the cleavage reactions
and we conclude that the chemistry of pseudoephedrine resin 18
is relatively robust (Scheme 6).


Scheme 6 Reagents and conditions: (i) TMSCl, Et3N, THF then propionic
anhydride, THF, Et3N, rt or 3-cyclopentyl propionic acid and pivaloyl
chloride in MeCN and THF, then TBAF, THF; (ii) LDA, LiCl, THF
−78 ◦C to rt, BnBr, 0 ◦C to rt; (iii) LDA, BH3·NH3, THF, 0 ◦C to rt; (iv)
n-Bu4NOH, t-BuOH, H2O, THF, D; (v) 1-methylimidazole, n-BuLi, THF
−78 ◦C to rt then i-Pr2NH.


As pseudoephedrine resin 18 appeared to show a good correla-
tion with Myers’ solution auxiliary chemistry, we completed our
study by assessing the utility of 18 for the solid phase synthesis
of a-amino acids employing Myers’ asymmetric alkylation of
pseudoephedrine glycinamide.6b,d,f Immobilised glycinamide 25
was prepared by treatment of resin 18 with glycine methyl
ester hydrochloride and triethylamine in THF.6f Unfortunately,
exposure of 25 to the conditions for alkylation, hydrolytic cleavage
with NaOH and Boc protection gave a 40% overall yield of N-Boc-
glycine and N-Boc phenylalanine in a disappointing 5 : 1 ratio
(Scheme 7). Attempts to improve the efficiency of the alkylation
step have so far been unsuccessful.


While the alkylation of dianion intermediates generated from
polymer-supported pseudoephedrine amides 19 proceeds satisfac-
torily, the efficient generation and alkylation of such intermediates
from immobilised pseudoephedrine glycinamide 25 is more diffi-
cult and represents the current limit for the adaptation of Myers’
chemistry to polystyrene supported derivatives. The use of other
supports may resolve this problem.14


In conclusion, we have developed a polymer-supported pseu-
doephedrine auxiliary linked to the support through nitrogen. The
auxiliary parallels Myers’ solution chemistry more closely than the


Scheme 7 Reagents and conditions: (i) O-Me-glycine·HCl, t-BuOLi, THF,
rt; (ii) LHMDS, LiCl, THF, 0 ◦C, BnBr 0 C to rt; (iii) 2 M NaOH, dioxane,
H2O, THF, D; (iv) Boc2O, dioxane, H2O, 0 ◦C to rt.


previously reported pseudoephedrine resin in that it allows direct
access to enantiomerically enriched carboxylic acids in addition
to alcohols and ketones.
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A series of catalysts have been prepared for use in the asymmetric transfer hydrogenation of ketones.
The complexes were prepared using a [4 + 2] cycloaddition reaction at a key step in the reaction
sequence. This provides a means for the synthesis of catalysts with modifications at specific sites.


Introduction


Recent research has led to the development of a number of
highly active catalysts for asymmetric transfer hydrogenation
(ATH) of ketones.1–6 The popular Ru(II)–arene based catalysts
1 and 2 contain an g6-coordinated arene ring which occupies
three vertices of an octahedrally-complexed metal.2–5 An enan-
tiomerically pure bidentate ligand, most commonly an amino
alcohol2 such as ephedrine 3 or a monotosylated diamine3 such as
N-tosyl-1,2-diphenylethane-1,2-diamine (TsDPEN) 4 or N-tosyl-
1,2-diaminocyclohexane (TsDAC) 5, and a chloride, complete the
structure of the ‘pre-catalyst’ which may be isolated prior to use
or formed in situ. Upon addition to the reaction, which typically
consists of a solution of ketone substrate in either isopropanol–
alkoxide or formic acid–triethylamine (FA–TEA), HCl is lost
from the pre-catalyst to generate the 16-electron species 6 or
7. This intermediate removes two hydrogen atoms from either
isopropanol or formic acid to give hydride 8 or 9 which goes
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on to transfer these subsequently to the ketone substrate to
form the product thereby regenerating 6/7 which re-enters the
catalytic cycle.4 Formic acid is generally preferred to isopropanol
in this application because the reactions are essentially irreversible,
and may be carried out at high concentrations. However this
limits the ligand to the monotosylated diamines, since the Ru(II)–
aminoalcohol complexes are not stable to formic acid conditions.


The asymmetry of the ketone reduction is controlled by the
approach of the ketone to the hydrides 8 or 9, which are
known to be formed predominantly in the diastereoisomeric forms
illustrated (supported by X-ray crystallography and molecular
modeling studies).4 Crucial to the high enantioselectivity is a
favourable CH–p interaction between the hydrogen atoms of the
g6-arene and the aryl ring of a substrate, such as an acetophenone
derivative (illustrated for 9 in Fig. 1). This interaction accounts
for the high degree of enantiocontrol observed for acetophenone
derivatives. In contrast, substrates which contain a combination
of two alkyl groups flanking the ketone are generally reduced
in poor enantioselectivity, as the key stabilizing interaction does
not exist. There is evidence that dispersion and steric effects4e


also contribute to the enantiocontrol of the reduction process,
however these forces are not by themselves sufficiently strong
to effectively control the reduction of dialkyl ketones with high
enantioselectivity.


Fig. 1 Reduction of acetophenone derivatives by catalyst RR-9.


Some investigations into the modification of the g6-arene rings
have been reported, although these have been largely limited to
methyl substitution.2a,3a,c,4 In the case of the amino alcohol com-
plexes, it has been clearly demonstrated that the CH–p interaction
can be productively extended through a methyl group on the
arene ring, and indeed can even increase the enantioselectivity in
some cases.2a However for the monotosylated diamine complexes,
the situation is slightly more complicated. This is because an
additional N-Ts–g6-arene nonbonded interaction results in a
reduction of reaction rate,4d when hexamethylbenzene is used
instead of benzene as the g6-arene component.
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A comparison between the closely related Rh(III)–
pentamethylcyclopentadienyl transfer hydrogenation catalysts
is also of value.7 Rhodium(III) catalysts offer advantages in the
reduction of certain substrates, notably a-chloroacetophenones
and related substrates, for which they appear to give better
conversions and e.e. compared to the Ru(II) complexes.7 For the
Rh(III) complexes, however, the investigations have focused (with
the exception of some of our own studies) on the pentamethylated
complexes, which are widely assumed to operate through an
analogous transition state to that illustrated in Fig. 1, again
suggesting that the CH–p interaction works productively through
methyl groups on the g5-coordinated ring. We are not aware of
Rh(III) catalysts which lack the methyl groups on the Cp ring
having been reported for ATH of ketones or imines, however this
may be due to the increased stability of complexes containing Cp′


over Cp.


Results and discussion


In order to make the catalysts such as 1 and 2 effective at
enantioreduction of dialkyl ketones, it would be desirable to be
able to substitute the arene ring with large functional groups.
A large group such as t-butyl, positioned in the region close to
the substrate in the reduction, may be able to change the basis of
enantiocontrol from primarily electronic to steric. A substrate such
as acetocyclohexane, for example, might be expected to approach
the catalyst in a manner that positions the larger substituent
away from the bulky group on the arene, thus forcing delivery
of hydrogen to predominantly one face of the carbonyl group
(Fig. 2). One difficulty with this, however, is ensuring that the
‘bulky’ group is correctly positioned relative to the substrate; this
is difficult to control due to the high conformational flexibility of
the arene group.


Fig. 2 Changing the basis of stereocontrol from electronic to steric.


In our research work on Ru(II) complexes, we have sought
to address this problem by preparing modified catalysts which
contain a ‘tether’ between the chiral ligand component and the
arene.8 This tether serves to increase the stability of the catalyst and
to restrict the conformations available to the arene, thus permitting
it to be selectively functionalized. Two of our ‘tethered’ catalysts,
are 10 and 11, containing an aminoalcohol and a sulfonylated
diamine respectively.8b In order to prepare derivatives of these with
functional groups on the arene ring, the conventional approach
has been to use a Birch reduction to prepare the appropriate 1,4-


cyclohexadiene precursor (e.g. 12), coupling to the chiral ligand to
give intermediate 13, and finally complexation with ruthenium(III)
chloride. However, this route is difficult to pursue on a large scale,
and requires an appropriately-substituted aryl substrate, which
may not be readily available.


In order to prepare derivatives of 10 and 11 on a larger scale and
with substituents in specific positions, we chose to investigate an
alternative approach based on a [4 + 2] cycloaddition strategy
between a diene and a functionalized alkyne 14 (Fig. 3). If
successful, this would permit the large scale synthesis of large
quantities of the required functionalized catalysts.


Fig. 3 Established and proposed alternative approaches to complex 10
and its derivatives.


We first examined the synthetic approach to derivatives of
the monotosylated catalyst 11, and our final route is shown in
Scheme 1. Alkyne-containing sulfonyl chloride 15 was combined
with RR-DPEN 4 to give sulfonamide 16 in 62% yield. Studies
revealed that it was necessary to protect the free amine group in 16,
which was achieved by reaction with Boc2O to give 17 in 97% yield.
The cycloaddition reaction with isoprene required the use of a
catalyst. In our studies we examined the use of two catalysts which
have been reported for this application, the cobalt based 18 9 and


Scheme 1 Reagents and conditions: i) 4, Et3N, DCM, 0 ◦C. ii) tBoc2O,
THF, rt. iii) Catalyst 19 (2 mol%), DCM, rt. iv) HCl, Et2O, DCM, rt then
RuCl3, EtOH, reflux o/n.


1094 | Org. Biomol. Chem., 2007, 5, 1093–1103 This journal is © The Royal Society of Chemistry 2007







the rhodium complex 19.10 In the event, only the Rh(I) complex 19
proved to be successful, yielding 20a from the acetylene 17 in 65%
isolated yield. Following the success of this protocol, a series of
derivatives 20b–20d were also prepared. In the cases of 20a–20c,
the products were formed predominantly as the 1,4-disubstituted
dienes (1,4- : 1,3- ca. 5–6 : 1), however 20d contained ca. 25% of
the 1,3-isomer, which was not separable by flash chromatography.
Each of these was converted into the dimeric catalyst precursors
21a–21d in good yield through tBoc deprotection followed by
complexation with RuCl3. At the complexation stage, only the 1,4-
disubstituted products were isolated, except for the case of 21d,
which retained ca. 25% of the 1,3- isomer. In the final step, yields
were low to moderate, reflecting an incomplete crystallization of
the product from solution rather than an inherently low yielding
reaction. It is anticipated that these yields can be optimized
through modification of our isolation procedure.


We have previously demonstrated that dimers such as 21a–d are
converted directly to the respective monomers 22a–d in situ during
the reaction in FA–TEA. This process involves neutralization
of the salt, splitting of the dimer and ‘wrapping’ of the ligand
around the metal. In practice, the dimers give identical results in
reduction reactions to the monomers. We therefore employed 21a–
21d directly in reduction reactions without prior isolation of the
monomers. Results of ketone reduction using our new catalysts are
given in Table 1, with examples of reduction of both acetophenone
23 and acetocyclohexane 24. The introduction of substituents
results in the reduction of enantioselectivity and conversion for
acetophenone reduction. It therefore appears that the substituents
have an effect on the catalysts, but not a productive one. For the
reduction of acetocyclohexane 24, there is a more complex pattern.
The parent catalyst 11 gave a reduction product of only 19% e.e.,
in 84% yield. The methyl-substituted derivative 21a reduced the
ketone in slightly higher e.e. (27%) but at a significantly reduced
rate, only 20% yield after 166 hours. It appears that the new group
has a significant effect on reactivity, possibly due to an overall


Table 1 Reductions of ketones using catalysts RR-11 and 21a–da


Substrate Catalyst T/h Conversion (%)b Eec (R/S)d


Acetophenone 23 11 24 99 96 (R)
Acetophenone 23 21a 96 88 63 (R)
Acetophenone 23 21b 96 35 35 (R)
Acetophenone 23 21c 96 44 25 (R)
Acetophenone 23 21d 96 63 68 (R)
c-C6H11COMe 24 11 63 84 19 (R)
c-C6H11COMe 24 21a 166 20 27 (R)
c-C6H11COMe 24 21b 72 10 17 (R)
c-C6H11COMe 24 21c 91 < 10 18 (R)
c-C6H11COMe 24 21d 72 50 36 (R)


a Monomer RR-11(0.5 mol%) or dimer 21a–d (0.25 mol%) (200 : 1 S/C),
1 M solution of ketone in HCO2H–NEt3 (5 : 2), 40 ◦C. b Determined
by GC or 1H NMR analysis. c Determined by GC analysis using a
chrompac cyclodextrin-b-236M-19 50 m column unless otherwise spec-
ified. d Determined from the sign of rotation of the isolated product.


increase of the steric hindrance around the metal. Alternatively the
effect may be due to electronic factors. The complexes containing
the larger groups, 21b and 21c gave products in even lower
conversions, and ca. 17–18% e.e. The phenyl-substituted catalyst
21d gave a product in the best observed e.e. of 36%, although
only 50% conversion. The extra phenyl ring therefore appears to
have a beneficial effect, although it is not clear which isomer of
the catalyst may be giving the improved result, since the catalyst
was a mixture of 1,3- and 1,4-disubstituted arene derivatives. This
remains to be established.


By way of literature comparison, the reduction of acetophenone
under the same conditions with catalyst [(mesitylene)RuCl(SS-
TsDPEN)] gives a product of 98% e.e. (S configuration) in
>99% yield after 20 h at S/C = 200, 28 ◦C.3a Although no
systematic comparison of [(benzene)RuCl(SS-TsDPEN)] against
[(hexamethylbenzene)RuCl(SS-TsDPEN)] has been reported, it is
known that the additional methyl groups in the latter complex
reduce the reaction rate, in accord with our findings.


We also prepared a series of derivatives of the amino alcohol
catalyst 10, through the sequence in Scheme 2. The required alkyne
25 was prepared by the reaction of (1R, 2S)-norephedrine 3 with
tosylate 26 followed by N-protection in 40% yield for the two steps.
Experiments revealed that, as well as N-protection, it was also nec-
essary to protect the oxygen atom of the norephedrine in order for
the cycloaddition to be successful. This was achieved in 98% using
TBDMSCl, to furnish 27, which was subsequently reacted with
a series of four dienes to give the predominantly 1,4-cyclodienes
28a–28d. Following the precedent previously established, each of
these complexes was deprotected and converted to the catalyst
precursor dimers 29a–29d. Diene 28a and catalyst 29a have been
reported by us in an earlier publication, and the data obtained in
this study matched that previously obtained.8c Again, since our


Scheme 2 Reagents and conditions: i) 3, Et3N, MeCN, rt, then tBoc2O,
THF, rt. ii) TBSCl, Im, DMF, rt. iii) Catalyst 19 (2 mol%), DCM, rt. iv)
TBAF, THF, rt. v) HCl, Et2O, DCM, rt, then RuCl3, EtOH, reflux o/n.
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previous studies had revealed that the dimers are converted to
monomers 30a–30d in situ in the reduction reactions,8 complexes
29a–29d were directly employed in the reduction of acetophenone
and acetocyclohexane. For the aminoalcohol ligands, however,
the reductions were carried out in isopropanol with 5 mol%
KOH as base to form the activated catalysts. In contrast to the
monotosylated diamines, the amino alcohol complexes do not
appear to be stable to formic acid–triethylamine.


All the complexes proved to be competent reduction catalysts
(Table 2). In the case of acetophenone, the product e.e.s were
similar or in some cases a little higher than that obtained using the
parent complex 10, however the conversions were lower, possibly
due to increased steric hindrance. In the case of acetocyclohexane
24, the e.e.s were slightly below that obtained using 10, but in
the same sense. Again the reactions proceeded at significantly
reduced rates compared to the parent 10, which suggests that
the substituents are indeed in a position to influence the reaction,
although not at present in a productive manner. A small series of
dialkyl ketones were also reduced (Table 2) using 10 however in all
cases the e.e.s were moderate or rather poor.


The results can be compared with published results ob-
tained using the untethered [(benzene)RuCl(1R, 2S-N-methyl-
1,2-diphenylaminoethanol)] and [(hexamethyl)RuCl(1R, 2S-N-
methyl-1,2-diphenylaminoethanol)] complexes.2a In these systems,
the more substituted complex gives an acetophenone reduction
product of 13% e.e. in only 3% yield compared to 64% yield and
52% e.e. for the benzene complex. However this trend completely
reverses when the (S,S)-aminoalcohol ligand is employed; the
e.e. is 17% (91% yield) with the benzene complex and 92% (94%
yield) with the hexamethylbenzene complex. In our own studies
we have found that [(benzene)RuCl(1R, 2S-ephedrine)] reduces
acetylhexane in only 6% e.e. under comparable conditions.8c


Table 2 Reductions of ketones using catalysts (1R, 2S)-10 and 29a–da


Substrate Catalyst T/h Conversion (%)b Eec (R/S)d


Acetophenone 23 10 2 94 62 (R)
Acetophenone 23 29a 2 56 72 (R)
Acetophenone 23 29b 2 77 77 (R)
Acetophenone 23 29c 2 64 64 (R)
Acetophenone 23 29d 2 37 37 (R)
c-C6H11COMe 24 10 2 78 69 (S)
c-C6H11COMe 24 29a 2 22 62 (S)
c-C6H11COMe 24 29b 2 15 45 (S)
c-C6H11COMe 24 29c 2 12 54 (S)
c-C6H11COMe 24 29d 2 43 16 (S)
tBuCOMe 10 2 100 63 (S)
AdCOMe 10 2 21 61 (S)
n-C6H11COMe 10 2 68 24 (S)
c-C6H11COCH2CH3 10 2 19 28 (S)


a Monomer (1R, 2S)-10(0.5 mol%) or dimer 29a–d (0.25 mol%) (200 :
1 S/C), 0.1 M solution of ketone in iPrOH, 28 ◦C. b Determined
by GC or 1H NMR analysis. c Determined by GC analysis using a
chrompac cyclodextrin-b-236M-19 50 m column unless otherwise spec-
ified. d Determined from the sign of rotation of the isolated product.


However, again caution should be maintained here before reading
too much into the results, because the same reduction using
pseudoephedrine is reported to give a product of 75% e.e.3a


The sense of the ketone reduction using 10 and 29a–d is worthy
of comment. In all the acetophenone reductions, the products
of R-configuration were obtained, which matches that reported
for these configurations of chiral ligand, thus suggesting that the
CH–p interaction continues to dominate these (Fig. 1). In the case
of the acetocyclohexane 24, the product of S-configuration was
obtained in every case, suggesting that the ketone is approaching
the catalyst with the larger (cyclohexyl) substituent orientated
away from the g6-arene ring. This appears to be in contrast to the
mode of reduction operated by the sulfonylated diamine catalysts
11 and 21a–d (Fig. 4). Although the reversed substrate approach to
the aminoalcohol derivatives is what we had hoped to build into
the catalyst design, it is surprising that the parent structure 10,
with no arene substituent, appears to enforce this approach most
effectively. It appears that sterics are not the only factors here, but
possibly also a combination of electronic effects from the various
substituents which lead to subtle shifts in the enantiocontrol.


Fig. 4 Modes of asymmetric reduction of acetylcyclohexane.


Conclusion


In conclusion, we have developed a new approach to the synthesis
of ‘tethered’ catalysts for ATH reductions of ketones using a
variant of a [4 + 2] cycloaddition reaction to create the required
1,4-cyclohexadiene ring for complexation to ruthenium. This
process provides a means for the preparation of Ru(II) catalysts
on a larger scale than would be possible using the traditional
approaches. Using this method, it was possible to prepare a
small series of catalysts for evaluation in ATH of acetophenone
derivatives and dialkyl ketones. In all cases, the sense of reduction
for acetophenone was opposite to that for acetocyclohexane,
however the conversions and e.e.s were lower for the derivatives
than for the parent complexes, possibly reflecting the increased
steric hindrance. We are currently investigating the development
of ‘tethered’ catalysts in synthesis and are aided by the availability
of this new method for their preparation.


Experimental


Enantiomeric excesses were measured using chiral HPLC or chiral
GC methods, details of which are given in the experimental
section below. Absolute configurations were established by optical
rotation and comparison to literature data. Racemic standards of
all alcohol products were prepared by reduction of the precursor
ketone with sodium borohydride. General experimental details
are given in the ESI.† Compounds 28a, 29a and the desilylated
derivative of 28a have been reported in a previous publication.8c
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Synthesis of but-3-yne-1-sulfonic acid
((R,R)-2-amino-1,2-diphenylethyl)-amide 16


To a stirred solution of R,R-diphenylethylene diamine 4 (0.795 g,
3.75 mmol) and triethylamine (0.757 g, 7.50 mmol) in DCM
(20 cm3) at 0 ◦C was added dropwise 15 (0.570 g, 3.75 mmol).
The reaction mixture was stirred overnight at room temperature
and concentrated under vacuum to give the crude product. The
residue was purified by flash chromatography (20% EtOAc–hexane
to 80% EtOAc–hexane) to give 16 (0.757 g, 62%) as a white solid
(Found: C, 65.65; H, 6.1; N, 8.30. C18H20N2O2S requires C, 65.85;
H, 6.15; N, 8.55%); mp 148 ◦C (EtOH); [a]24


D +10.5 (c 1.25 in
CHCl3); mmax/cm−1 (solid) 3352 (NH), 3310 (NH2), 3145 (≡C–
H), 1603 (NH2), 1314 and 1133 (SO2N), 767 and 697 (Ph); dH


(300 MHz; CDCl3; Me4Si) 1.93 (1 H, t, J 2.6, ≡CH), 2.35 (2 H, dt,
J 8.3 and 2.6, ≡CCH2), 2.49–2.66 (2 H, m, CH2SO2N), 2.85–4.05
(2 H, br s, NH2), 4.28 (1 H, d, J 5.8, PhCHNH2), 4.57 (1 H, d,
J 5.8, PhCHNHTs), 7.21–7.40 (11 H, m, 2 × Ph and NH); dC


(75.5 MHz; CDCl3; Me4Si) 14.1 (t), 52.0 (t), 60.6 (d), 63.0 (d), 70.4
(d), 80.4 (s), 127.1 (2 × d), 127.3 (2 × d), 128.4 (2 × overlapping
s), 129.1 (2 × d), 129.2 (2 × d), 139.8 (s), 141.7 (s). Found (EI)
329.1321 [MH]+, C18H21N2O2S requires 329.1324 (0.9 ppm error);
m/z (EI) 329 (MH+, 60%), 312 (30), 196 (30), 106 (100), 79 (40),
77 (30).


Synthesis of [(R,R)-2-(but-3-yne-1-sulfonylamino)-1,
2-diphenylethyl]-tert-butyl carbamate 17


To a stirred solution of 16 (1.170 g, 3.57 mmol) in THF (20 cm3)
was added di-tert-butyl dicarbonate (0.770 g, 3.57 mmol). The
reaction mixture was stirred overnight, diluted with 1 M potassium
hydrogen sulfate (aq.) (50 cm3) and extracted with DCM (2 ×
75 cm3). The combined extracts were dried (MgSO4), filtered
and concentrated under vacuum to give 17 (1.48 g, 97%) as a
white solid; mp 161–162 ◦C (EtOH); [a]24


D +5.2 (c 0.90 in CHCl3);
mmax/cm−1 (solid) 3385 (NH), 3304 (NH), 1684 and 1672 (C=O),
1323 and 1135 (SO2N), 697 (Ph); dH (400 MHz; CDCl3; Me4Si)
1.47 (9 H, s, 3 × CH3), 1.92 (1 H, t, J 2.5, ≡CH), 2.45 (2 H, dt, J
7.8 and 2.5, CH2CH2SO2), 2.64–2.89 (2 H, m, CH2SO2), 4.71 (1 H,
dd, J 10.0 and 6.8, PhCHNHCO2), 4.86 (1 H, dd, J 10.0 and 8.0,
PhCHNHSO2), 5.30 (1 H, br s, NHCO2), 6.28 (1 H, br s, NHSO2),
7.02–7.20 (10 H, m, 2 × Ph); dC (100.6 MHz; CDCl3; Me4Si) 13.8
(t), 28.3 (3 × q), 52.1 (t), 60.1 (d), 64.4 (d), 70.7 (d), 79.8 (s), 81.1 (s),
127.4 (2 × overlapping (2 × d)), 128.1 (d), 128.2 (d), 128.6 (2 × d),
128.8 (2 × d), 137.9 (2 × overlapping s), 138.5 (s); Found (LSIMS)
429.1835 [MH]+, C23H29N2O4S requires 429.1848 (3.1 ppm error);
m/z (EI) 329 ([MH-CO2C4H9]+, 5%), 222 (30), 206 (25), 150(50),
106 (100).


General procedure for the synthesis of compounds 20a–d


To a stirred solution of catalyst 19 (0.02 eq.) in DCM was
added the required diene (2.00 eq.) followed by 17 (1.00 eq.).
The reaction mixture was stirred for 2 hours and concentrated
under vacuum to give the crude product. The residue was purified
by flash chromatography (DCM to 2% DCM–MeOH) to give
cyclohexadienes 20a–d.


Synthesis of {(R,R)-2-[2-(4-methylcyclohexa-1,4-dienyl)-ethane-
sulfonylamino]-1,2-diphenylethyl} tert-butyl carbamate 20a


Catalyst 19 (0.005 g, 0.01 mmol), DCM (3 cm3), isoprene (0.080 g,
1.17 mmol) and 17 (0.250 g, 0.58 mmol) were reacted according
to the general procedure above to give 20a (0.185 g, 65%) as a
white solid; mp 158–166 ◦C (EtOH); [a]24


D +11.8 (c 0.9 in CHCl3);
mmax/cm−1 (solid) 3300 (NH), 3262 (NH), 1686 (C=O), 1318 and
1145 (SO2N), 756 and 696 (Ph); dH (400 MHz; CDCl3; Me4Si) 1.48
(9 H, s, C(CH3)3), 1.59 (0.5 H, s, CH3 minor isomer), 1.61 (2.5 H, s,
CH3 major isomer), 2.08–2.29 (4 H, m, 2 × CH2), 2.42–2.45 (2 H,
m, CH2), 2.54–2.62 (1 H, m, CHaHbNHSO2), 2.70–2.77 (1 H, m,
CHaHbNHSO2), 4.69 (1 H, dd, J 10.3 and 6.8, PhCHNHCO2),
4.84 (1 H, dd, J 10.3 and 10.0, PhCHNHSO2), 5.16–5.33 (3 H, m,
NHCO2 and 2 × =CH), 6.03 (1 H, m, NHSO2), 6.99–7.07 (4 H, m,
Ph), 7.15–7.22 (6 H, m, Ph); dC (100.6 MHz; CDCl3; Me4Si) 22.9
(q, major isomer), 23.0 (q, minor isomer), 28.3 (3 × q), 29.4 (s),
30.6 (t), 31.4 (t), 52.3 (t), 60.0 (d), 64.0 (d), 80.8 (t), 118.0 (d, major
isomer), 118.2 (d, minor isomer), 120.3 (d, minor isomer), 120.4
(d, major isomer), 127.4 (2 × d), 127.5 (2 × d), 127.9 (d), 128.0 (d),
128.6 (overlapping 2 × (2 × d)), 131.0 (overlapping 2 × s), 138.2 (s),
138.9 (s); Found (LSIMS) 495.2334 [M-H]+, C28H35N2O4S requires
495.2318 (3.4 ppm error); m/z (EI) 495 (M-H+, 10%), 419 (100),
395 (75), 240 (75).


Synthesis of {(R,R)-2-[2-(4-tert-butylcyclohexa-1,4-dienyl)-
ethanesulfonylamino]-1,2-diphenylethyl}-tert-butyl carbamate 20b


Catalyst 19 (0.006 g, 0.02 mmol), DCM (5 cm3), 2-tBu-butadiene
(0.163 g, 1.48 mmol) and 17 (0.317 g, 0.74 mmol) were reacted
according to the general procedure above to give 20b (0.329 g,
83%) as a white solid; mp 99–100 ◦C; [a]18


D +15.3 (c 1.35 in CHCl3);
mmax/cm−1 (solid) 3350 (NH), 3250 (NH), 1686 (C=O), 1319 and
1145 (SO2N), 755 and 697 (Ph); dH (400 MHz; CDCl3; Me4Si) 0.90
(2.1 H, s, =CC(CH3)3 minor isomer), 0.98 (6.9 H, s, =CC(CH3)3


major isomer), 1.48 (9 H, s, C(CH3)3), 2.11–2.33 (4 H, m, 2 × CH2),
2.53–2.63 (3 H, m, CH2 and CHaHbNHSO2), 2.69–2.79 (1 H, m,
CHaHbNHSO2), 4.70 (1 H, dd, J 10.0 and 6.8, PhCHNHCO2),
4.84 (1 H, dd, J 10.0 and 10.0, PhCHNHSO2), 5.18–5.42 (3 H, m,
NHCO2 and 2 × =CH), 6.03 (1 H, m, NHSO2), 6.99–7.07 (4 H, m,
Ph), 7.15–7.22 (6 H, m, Ph); dC (100.6 MHz; CDCl3; Me4Si) 28.7
(3 × q), 29.2 (3 × q, minor isomer), 29.3 (3 × q, major isomer),
30.1 (t), 30.9 (t), 31.3 (s), 35.2 (s), 52.7 (t), 60.5 (d), 64.6 (d), 81.3
(t), 115.1 (d, major isomer), 115.3 (d, minor isomer), 120.3 (d,
minor isomer), 121.3 (d, major isomer), 127.8 (2 × d), 127.9 (2 ×
d), 128.3 (d), 128.4 (d), 128.9 (2 × d), 129.1 (2 × d), 130.9 (s),
135.1 (s), 139.2 (s), 142.8 (s); Found (LSIMS) 537.2769 [M-H]+,
C31H41N2O4S requires 537.2787 (3.3 ppm error); m/z (LSIMS) 537
(M-H+, 40%), 439 (80), 240 (65), 196 (90), 106 (100).


Synthesis of {(R,R)-2-[2-(4-adamantan-1-ylcyclohexa-1,4-dienyl)-
ethanesulfonylamino]-1,2-diphenylethyl}-tert-butyl carbamate 20c


Catalyst 19 (0.009 g, 0.02 mmol), DCM (5 cm3), 2-adamantyl-
butadiene (0.404 g, 2.15 mmol) and 17 (0.460 g, 1.08 mmol)
were reacted according to the general procedure above to give 20c
(0.550 g, 83%) as a white solid; mp 119–121 ◦C; [a]24


D +19.0 (c 1.4
in CHCl3); mmax/cm−1 (solid) 3340 (NH), 3268 (NH), 1682 (C=O),
1319 and 1146 (SO2N), 755 and 698 (Ph); dH (400 MHz; CDCl3;
Me4Si) 1.47 (9 H, s, C(CH3)3), 1.56–1.85 (12 H, m, adamantyl
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6 × CH2), 1.95–2.08 (3 H, m, adamantyl 3 × CH), 2.10–2.32 (4
H, m, 2 × CH2), 2.52–2.95 (4 H, m, 2 × CH2), 4.65–4.75 (1 H, m,
PhCHNHCO2), 4.83–4.91 (1 H, m, PhCHNHSO2), 5.18 (0.1 H,
m, =CH minor isomer), 5.21 (0.9 H, m, =CH major isomer), 5.31–
5.41 (2 H, m, NHCO2 and =CH), 6.08–6.24 (1 H, m, NHSO2),
7.01–7.24 (10 H, m, Ph); dC (100.6 MHz; CDCl3; Me4Si) 24.8 (s),
28.4 (3 × q), 28.7 (3 × d), 29.8 (t), 30.5 (s), 37.1 (3 × t), 40.9
(3 × t), 43.2 (t), 52.4 (t), 60.2 (d), 64.2 (d), 80.9 (t), 114.9 (d,
major isomer), 115.0 (d, minor isomer), 120.0 (d, minor isomer),
121.0 (d, major isomer), 127.4 (2 × d), 127.5 (2 × d), 128.0 (d),
128.1 (d), 128.6 (2 × d), 128.7 (2 × d), 130.6 (s), 138.9 (s), 143.0
(s); Found (LSIMS) 616.3287 [M-H]+, C36


13CH47N2O4S requires
616.3290 (0.5 ppm error); m/z (LSIMS) 615 (M+, 3%), 559 (4),
515 (20), 408 (10), 240 (30), 196 (55).


Synthesis of {(R,R)-1,2-diphenyl-2-[2-(4-phenylcyclohexa-1,
4-dienyl)-ethanesulfonylamino]-ethyl}-tert-butyl carbamate 20d


Catalyst 19 (0.008 g, 0.02 mmol), DCM (5 cm3), 2-phenylbutadiene
(0.250 g, 1.92 mmol) and 17 (0.412 g, 0.96 mmol) were reacted
according to the general procedure above to give 20d (0.521 g,
97%) as a white solid (Found: C, 70.8; H, 6.8; N, 4.95. C33H38N2O4S
requires C, 70.95; H, 6.85; N, 5.0%); mp 164–168 ◦C (dec.);
[a]24


D +23.7 (c 1.1 in CHCl3); mmax/cm−1 (solid) 3388 (NH), 3303
(NH), 1685 (C=O), 1320 and 1142 (SO2N), 745 and 696 (Ph);
dH (400 MHz; CDCl3; Me4Si) 1.47 (9 H, s, C(CH3)3), 2.16–2.39
(2 H, m, CH2), 2.44–2.52 (1.5 H, m, CH2), 2.57–2.68 (1.5 H, m,
CH2), 2.73–2.84 (1.5 H, m, CH2), 2.94–3.00 (1.5 H, m, CH2) (NB
unable to determine major/minor isomers of CH2 groups), 4.73
(1 H, dd, J 9.5 and 7.3, PhCHNHCO2), 4.84 (1 H, dd, J 9.5 and
8.3, PhCHNHSO2), 5.26–5.39 (2 H, m, NHCO2 and CH2C=CH),
5.97–6.01 (0.7 H, m, PhC=CH major isomer), 6.03–6.06 (0.3 H,
m, PhC=CH minor isomer), 6.18 (1 H, m, NHSO2), 7.01–7.37
(15 H, m, Ph); dC (100.6 MHz; CDCl3; Me4Si) 28.3 (3 × q), 28.7
(t), 30.0 (t), 30.5 (s), 52.3 (t), 60.1 (d), 64.3 (d), 81.0 (t), 119.9 (d,
minor isomer), 120.5 (d, major isomer), 121.0 (d, major isomer),
121.3 (d, minor isomer), 124.9 (2 × d), 127.0 (d), 127.4 (2 × d),
127.5 (2 × d), 128.0 (d), 128.1 (d), 128.3 (2 × d), 128.6 (2 × d),
128.7 (2 × d), 130.6 (s), 131.2 (s), 133.3 (s, minor isomer), 133.6
(s, major isomer), 138.0 (s, minor isomer), 138.9 (s, major isomer),
141.0 (s); Found (LSIMS) 557.2471 [M-H]+, C33H37N2O4S requires
557.2474 (0.5 ppm error); m/z (LSIMS) 559 (MH+, 5%), 503 (15),
459 (55), 351 (20), 240 (65), 196 (60).


General procedure for the synthesis of compounds 21a–d


To a stirred solution of cyclohexadiene 20a–d (1.00 eq.) in DCM
was added an excess of a 2 M solution of HCl in diethyl ether and
the reactants stirred overnight. The solvent was removed from
the resulting precipitate under vacuum, dissolved in ethanol and
ruthenium trichloride trihydrate (typically 0.75 eq.) was added.
The reaction mixture was heated at reflux overnight and then
cooled to room temperature. The precipitate was collected by
filtration and washed with ethanol (5 × 10 cm3) to give ruthenium
dimers 21a–d.


Synthesis of 2-p-tolyl-ethanesulfonic acid ((R,R)-2-amino-1,
2-diphenylethyl)-amide ammonium chloride ruthenium dimer 21a


Diene 20a (0.170 g, 0.34 mmol), DCM (2 cm3), 2 M solution
of HCl in diethyl ether (8 cm3, 8.00 mmol), ethanol (5 cm3) and


ruthenium trichloride trihydrate (0.065 g, 0.25 mmol) were reacted
according to the general procedure above to give 21a (0.098 g, 48%)
as a dark green solid; mp >300 ◦C; mmax/cm−1 (solid) 3442 (NH),
1602 and 1496 (NH3


+), 1321 and 1137 (SO2N), 764 and 699 (Ph);
dH (400 MHz; DMSO-d6) 2.07 (6 H, s, 2 × CH3), 3.20–3.50 (8
H, m, 2 × CH2CH2SO2 (peaks obscured by overlap with H2O
resonance)), 4.50 (2 H, m, 2 × PhCHNH3


+), 4.70 (2 H, t, J 9.6,
2 × PhCHNH), 5.36 (2 H, d, J 6.0, 2 × ArH on Ru-Ph), 5.69 (2
H, d, J 6.0, 2 × ArH on Ru-Ph), 5.75 (4 H, d, J 6.0, 4 × ArH
on Ru-Ph), 7.10–7.32 (20 H, m, 4 × Ph), 8.43 (2 H, d, J 9.6, 2 ×
NH), 8.65 (6 H, m, 2 × NH3


+); dC (75.5 MHz; DMSO-d6) 18.4
(2 × q), 26.4 (2 × t), 52.1 (2 × t), 58.7 (2 × d), 61.4 (2 × d),
86.1 (2 × d), 86.3 (2 × d), 88.6 (2 × d), 89.0 (2 × d), 96.7 (2 ×
s), 101.6 (2 × s), 128.3 (2 × (2 × d)), 128.4 (2 × d), 128.8 (2 ×
(2 × d)), 128.9 (overlapping 2 × (2 × d) and 2 × (2 × d)), 129.2
(2 × d), 134.7 (2 × s), 138.3 (2 × s). Found (LSIMS): 531.0440
(monomeric species formed in situ), 102RuC23H26N2O2SCl requires
531.0447 (1.2 ppm error); m/z (LSIMS) 531 (monomer+, 40%),
522 (60), 495 (M-HCl+, 20), 397 (100), 196 (100).


Synthesis of 2-(4-tert-butyl-phenyl)-ethanesulfonic acid
((R,R)-2-amino-1,2-diphenylethyl)-amide ammonium chloride
ruthenium dimer 21b


Diene 20b (0.600 g, 1.12 mmol), DCM (10 cm3), 1 M solution of
HCl in diethyl ether (20 cm3, 40.0 mmol), ethanol (10 cm3) and
ruthenium trichloride trihydrate (0.142 g, 0.55 mmol) were reacted
according to the general procedure above to give 21b (0.242 g, 68%)
as a dark green solid; mp >300 ◦C; mmax/cm−1 (solid) 3492 (NH),
1606 and 1496 (NH3


+), 1319 and 1137 (SO2N), 765 and 699 (Ph);
dH (300 MHz; DMSO-d6) 1.33 (18 H, s, 2 × C(CH3)3), 3.20–3.50
(8 H, m, 2 × CH2CH2SO2 (peaks obscured by overlap with H2O
resonance)), 4.49 (2 H, m, 2 × PhCHNH3


+), 4.70 (2 H, m, 2 ×
PhCHNH), 5.34 (2 H, d, J 5.8, 2 × ArH on Ru-Ph), 5.72 (2 H,
d, J 6.0, 2 × ArH on Ru-Ph), 6.04 (4 H, m, 2 × (2 × ArH) on
Ru-Ph), 7.10–7.36 (20 H, m, 4 × Ph), 8.45 (2 H, d, J 9.8, 2 ×
NH), 8.59–8.78 (6 H, m, 2 × NH3


+); dC (125.8 MHz; DMSO-d6)
27.0 (2 × t), 30.6 (2 × (3 × q)), 52.6 (2 × t), 59.2 (2 × d), 61.9
(2 × d), 84.1 (2 × overlapping 2 × d), 87.7 (2 × d), 87.9 (2 × d),
98.6 (2 × s), 112.5 (2 × s), 128.8 (2 × (2 × d)), 128.9 (2 × d),
129.3 (2 × (2 × d)), 129.4 (2 × overlapping 2 × (2 × d)), 129.7
(2 × d), 135.3 (2 × s), 138.9 (2 × s). Found (LSIMS): 573.0920
(monomeric species formed in situ), 102RuC26H32N2O2SCl requires
573.0917 (0.6 ppm error); m/z (LSIMS) 573 (monomer+, 40%),
551 (100), 537 (M-HCl+, 50).


Synthesis of 2-(4-adamantan-1-yl-phenyl)-ethanesulfonic acid
((R,R)-2-amino-1,2-diphenylethyl)-amide ammonium chloride
ruthenium dimer 21c


Diene 20c (0.500 g, 0.81 mmol), DCM (5 cm3), 2 M solution of
HCl in diethyl ether (10 cm3, 20.0 mmol), ethanol (12 cm3) and
ruthenium trichloride trihydrate (0.154 g, 0.59 mmol) were reacted
according to the general procedure above to give 21c (0.098 g, 23%)
as a dark green solid; mp >300 ◦C; mmax/cm−1 (solid) 3424 (NH),
1605 and 1495 (NH3


+), 1318 and 1136 (SO2N), 763 and 699 (Ph);
dH (400 MHz; DMSO-d6) 1.67–2.05 (30 H, m, 2 × adamantyl),
3.20–3.50 (8 H, m, 2 × CH2CH2SO2 (peaks obscured by overlap
with H2O resonance)), 4.49 (2 H, m, 2 × PhCHNH3


+), 4.71 (2 H,
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m, 2 × PhCHNH), 5.30 (2 H, d, J 6.0, 2 × ArH on Ru-Ph),
5.68 (2 H, d, J 5.3, 2 × ArH on Ru-Ph), 6.07 (4 H, m, 4 ×
ArH on Ru-Ph), 7.09–7.35 (20 H, m, 4 × Ph), 8.44 (2 H, d, J
10.0, 2 × NH), 8.63–8.72 (6 H, m, 2 × NH3


+); dC (125.8 MHz;
DMSO-d6) 26.7 (2 × t), 28.5 (2 × (3 × d)), 36.3 (2 × (3 × t)),
41.0 (2 × (3 × t)), 43.0 (2 × s), 52.0 (2 × t), 58.7 (2 × d), 61.4
(2 × d), 84.3 (2 × overlapping 2 × d), 85.9 (2 × d), 86.2 (2 ×
d), 128.3 (2 × d), 128.4 (2 × (2 × d)), 128.8 (2 × (2 × d)), 128.9
(2 × (2 × d)), 129.0 (2 × (2 × d)), 129.2 (2 × d), 134.6 (2 × s),
138.0 (2 × s) (NB not all quaternary carbons distinctly observed).
Found (LSIMS): 652.1399 (monomeric species formed in situ),
102RuC31


13CH38N2O2SCl requires 652.1420 (3.2 ppm error); m/z
(LSIMS) 651 (monomer+, 10%), 615 (M-HCl+, 15), 515 (100), 196
(100).


Synthesis of 2-biphenyl-4-yl-ethanesulfonic acid ((R,R)-2-amino-1,
2-diphenylethyl)-amide ammonium chloride ruthenium dimer 21d


Diene 20d (0.500 g, 0.90 mmol), DCM (5 cm3), 2 M solution
of HCl in diethyl ether (5 cm3, 20.0 mmol), ethanol (15 cm3) and
ruthenium trichloride trihydrate (0.195 g, 0.75 mmol) were reacted
according to the general procedure above to give 21d (0.145 g, 29%)
as a dark green solid; mp >300 ◦C; mmax/cm−1 (solid) 3465 (NH),
1600 and 1495 (NH3


+), 1321 and 1138 (SO2N), 764 and 698 (Ph);
dH (400 MHz; DMSO-d6) 3.20–3.50 (8 H, m, 2 × CH2CH2SO2


(peaks obscured by overlap with H2O resonance)), 4.44–4.55 (2
H, m, 2 × PhCHNH3


+), 4.73 (2 H, t, J 9.8, 2 × PhCHNH), 5.48
(1.5 H, d, J 6.2, 2 × ArH on Ru-Ph major isomer), 5.87 (1.5 H, d,
J 6.2, 2 × ArH on Ru-Ph major isomer), 6.06–6.12 (1 H, m, 4 ×
ArH on Ru-Ph minor isomer), 6.26–6.29 (1 H, m, 4 × ArH on Ru-
Ph minor isomer), 6.47 (3 H, d, J 6.2, 4 × ArH on Ru-Ph major
isomer), 7.18–7.52 (30 H, m, 6 × Ph), 8.24 (0.5 H, d, J 9.8, 2 ×
NH minor isomer), 8.46 (1.5 H, d, J 9.8, 2 × NH major isomer),
8.60–8.72 (6 H, m, 2 × NH3


+); dC (100.6 MHz; DMSO-d6) 26.5
(2 × t), 51.8 (2 × t), 58.4 (2 × d), 61.0 (2 × d), 85.6 (2 × d), 85.8
(2 × d), 86.9 (2 × d), 87.0 (2 × d), 97.5 (2 × s), 101.8 (2 × s), 128.0
(2 × (2 × d)), 128.3 (2 × d), 128.5 (2 × (2 × d)), 128.7 (2 × (2 × d)),
128.8 (2 × (2 × d)), 128.9 (2 × (2 × d)), 129.0 (2 × (2 × d)), 129.1
(2 × d), 129.8 (2 × d), 133.2 (2 × s), 134.3 (2 × s), 137.7 (2 × s,
major isomer), 137.8 (2 × s, minor isomer) (NB not all carbons
of minor isomer distinctly observed). Found (LSIMS): 557.0841
(monomeric species formed in situ), 102RuC28H27N2O2SCl requires
557.0837 (0.7 ppm error); m/z (LSIMS) 557 (monomer+, 75%),
551 (90), 523 (100).


Note: the 1H-NMR spectra for compounds containing tBoc
protecting groups obtained at rt were subject to significant
broadening due to restricted rotation effects. The data for these
spectra have been quoted along with the best spectra obtained
using elevated temperatures where this was possible.


Synthesis of tert-butyl (1R,2S)-1-hydroxy-1-phenylpropan-2-yl-
(pent-4-ynyl) carbamate 25


To a solution of 1R,2S-norephedrine 3 (3.57 g, 23.6 mmol) and
triethylamine (2.63 g, 26.0 mmol) in acetonitrile (70 cm3) was
added 26 (5.63 g, 23.6 mmol). The reaction mixture was refluxed
overnight, cooled to room temperature and concentrated under
vacuum. The residue was dissolved in DCM (150 cm3), washed
with sat. NaHCO3 solution (100 cm3) and the aqueous layer


extracted with DCM (3 × 100 cm3). The combined extracts were
concentrated under vacuum, dissolved in THF (110 cm3) and di-
tert-butyl dicarbonate (3.65 g, 16.7 mmol) added. The mixture was
stirred at room temperature overnight, diluted with 1 M KHSO4


(220 cm3) resulting in formation of a precipitate, to which water
(500 cm3) was added, extracted with DCM (2 × 500 cm3) and the
organic layers combined, dried (MgSO4), filtered and concentrated
under vacuum to give crude product. The residue was purified by
flash column chromatography (5% EtOAc–hexane to 20% EtOAc–
hexane) to give 25 (3.02 g, 40%) as a colourless oil; [a]27


D +2.8 (c
2.1 in CHCl3); mmax/cm−1 (thin film) 3427 (OH), 3306 (≡CH),
1664 (C=O), 770 and 701 (Ph); dH(300 MHz; CDCl3; Me4Si)
1.27–1.30 (3 H, m, CH3), 1.46 (9 H, s, C(CH3)3), 1.58–1.76 (2
H, m, CH2CH2C≡CH), 1.95–1.97 (1 H, m, ≡CH), 2.12–2.17 (2
H, m, CH2C≡CH), 3.09–3.18 (2 H, m, NCH2), 3.56 (1 H, br s,
CH3CHN), 4.58 (0.4 H, br s, PhCH rotamer A), 5.01 (0.6 H, br s,
PhCH rotamer B), 7.10–7.41 (5 H, m, Ph); dH(400 MHz; DMSO-
d6; 373 K) 1.27 (3 H, d, J 7.0, CH3), 1.38 (9 H, s, C(CH3)3),
1.47–1.65 (2 H, m, CH2CH2C≡CH), 2.05 (2 H, dt, J 7.0 and
2.6, CH2C≡CH), 2.48–2.51 (1 H, m, ≡CH), 2.91–2.98 (1 H, m,
NCHaHb), 3.05–3.12 (1 H, m, NCHaHb), 3.77 (1 H, apparent
quintet, dq, J 7.0 and 7.0, CH3CH), 4.72 (1 H, d, J 7.0, CHPh),
7.19–7.34 (5 H, m, Ph); dC(75.5 MHz; CDCl3; Me4Si) 10.8 (d),
14.2 (t), 26.6 (q), 27.4 (3 × q), 29.9 (d), 46.9 (t), 60.9 (d), 75.8 (t),
79.2 (s), 82.5 (s), 125.3 (2 × d), 126.3 (d), 127.1 (2 × d), 141.7 (s),
155.6 (s). Found (LSIMS) 318.2060 [MH]+, C19H28NO3 requires
318.2069 (2.8 ppm error); m/z (LSIMS) 318 (MH+, 90%), 262 (65),
244 (100), 210 (75).


Synthesis of tert-butyl (1R,2S)–1-(tert-butyldimethylsilyloxy)-
1-phenylpropan-2-yl (pent-4-ynyl)carbamate 27


To a solution of 25 (2.153 g, 6.79 mmol) and imidazole (0.740 g,
10.86 mmol) in anhydrous DMF (22 cm3), was added tert-
butyldimethylsilyl chloride (1.535 g, 10.19 mmol). The reaction
mixture was stirred overnight, diluted with water (50 cm3) and
extracted with diethyl ether (2 × 100 cm3). The combined extracts
were dried (MgSO4), filtered, and concentrated under vacuum
to give the crude product. The residue was purified by flash
chromatography (2% EtOAc–hexane to 4% EtOAc–hexane) to
give 27 (2.856 g, 98%) as a colourless oil (Found: C, 69.5; H, 9.5,
N, 3.05. C25H41NO3Si requires C, 69.55; H, 9.55, N, 3.25%); [a]27


D


+10.1 (c 1.45 in CH2Cl2); mmax/cm−1 (thin film) 3250 (≡CH), 1688
(C=O), 1253 and 865 (Si(CH3)2), 774 and 701 (Ph); dH(300 MHz;
CDCl3; Me4Si) −0.25 (6 H, s, Si(CH3)2), 0.89 (9 H, s, SiC(CH3)3),
1.26–1.35 (3 H, m, CH3CHN), 1.41 (9 H, s, OC(CH3)3), 1.45
(2 H, s, CH2CH2C≡CH), 1.92 (1 H, s, ≡CH), 1.95–2.10 (2 H,
m, CH2C≡CH), 2.91–3.07 (2 H, m, NCH2), 3.64 (1 H, br s,
CH3CHN), 4.79 (0.4 H, br s, PhCH rotamer A), 4.98 (0.6 H, br s,
PhCH rotamer B), 7.20–7.35 (5 H, m, Ph); dH(400 MHz; DMSO-
d6; 373 K) −0.24 (6 H, s, Si(CH3)2), 0.84 (9 H, s, SiC(CH3)3), 1.29
(3 H, d, J 7.0, CH3CHN), 1.35 (9 H, s, OC(CH3)3), 1.45–1.55
(1H, m, ≡CH), 1.95–1.99 (2 H, m, CH2CH2C≡CH), 2.44–2.48
(2 H, m, CH2C≡CH), 2.75–2.82 (1 H, m, NCHaHb), 2.92–2.99
(1 H, m, NCHaHb), 3.58 (1 H, apparent quintet, dq, J 7.3 and
7.0, CH3CH), 4.88 (1 H, d, J 7.3, PhCH), 7.19–7.27 (5 H, m, Ph);
dC(125.8 MHz; DMSO-d6) −4.4 (2 × q), 15.6 (t), 18.1 (s), 26.0 (3 ×
q), 28.4 (3 × q), 40.4 (t), 55.3 (d), 71.5 (s), 71.6 (d), 76.3 (d), 78.7 (t),
79.1 (s), 84.1 (s), 126.7 (2 × d), 127.6 (d), 127.7 (2 × d), 143.1 (s),
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154.5 (s) (NB signal due to CH3CHN not observed possibly due
to restricted rotation effects). Found (LSIMS): 432.2916 [MH]+,
C25H42NO3Si requires 432.2934 (4.2 ppm error); m/z (LSIMS) 432
(MH+, 15%), 358 (25), 332 (65), 318 (50), 244 (100), 221 (75), 210
(60), 147 (55).


General procedure for the synthesis of compounds 28a–d


To a stirred solution of 19 (0.02 eq.) in DCM was added the
appropriate diene (2.00 eq.) followed by 27 (1.00 eq.). The reaction
mixture was stirred for 2 hours and concentrated under vacuum
to give the crude product. The residue was purified by flash
chromatography (2% EtOAc–hexane) to give cyclohexadienes
28a–d.


Synthesis of [(1S,2R)-2-(tert-butyldimethylsilanyloxy)-1-methyl-2-
phenylethyl]-[3-(4-methylcyclohexa-1,4-dienyl)-propyl]-tert-butyl
carbamate 28a7c


Catalyst 19 (0.050 g, 0.12 mmol), DCM (30 cm3), isoprene (0.317 g,
4.66 mmol) and 27 (1.00 g, 2.33 mmol) were reacted according
to the general procedure above to give 28a (0.853 g, 73%) as a
thick colourless oil; [a]27


D +5.9 (c 1.2 in DCM); mmax/cm−1 (thin
film) 1689 (C=O), 1252 and 865 (Si(CH3)2), 774 and 700 (Ph);
dH(300 MHz; CDCl3; Me4Si) −0.25 (6 H, s, Si(CH3)2), 0.88 (9
H, s, SiC(CH3)3), 1.19–1.29 (3 H, m, CH3CHN), 1.40 (9 H, s,
OC(CH3)3), 1.45 (2 H, m, CH2CH2N), 1.66 (3 H, s, CH3C=),
1.82–1.85 (2 H, m, CH2CH2CH2N), 2.22–2.27 (2 H, m, diene
CH2), 2.53 (2 H, m, diene CH2), 2.80–3.00 (2 H, m, NCH2), 3.63
(1 H, m, CH3CHN), 4.79 (0.4 H, br s, PhCH rotamer A), 4.97
(0.6 H, br s, PhCH rotamer B), 5.35 (1 H, m, =CH), 5.39 (1 H, m,
=CH), 7.00–7.20 (5 H, m, Ph); dH(500 MHz; DMSO-d6; 373 K)
−0.24 (6 H, s, Si(CH3)2), 0.84 (9 H, s, SiC(CH3)3), 1.27–1.29 (3 H,
d, J 7.5, CH3CHN), 1.36 (9 H, s, OC(CH3)3), 1.41–1.45 (2 H, m,
CH2CH2N), 1.62 (3 H, s, CH3C=), 1.77 (2 H, m, CH2CH2CH2N),
2.16–2.39 (2 H, m, diene CH2), 2.59–2.70 (2 H, m, diene CH2),
2.89–2.94 (2 H, m, NCH2), 3.56–3.61 (1 H, m, CH3CHN), 4.88
(1 H, d, J 7.3, PhCH), 5.35 (1 H, m, =CH), 5.38 (1 H, m, =CH),
7.20–7.29 (5 H, m, Ph); dC(75.5 MHz; CDCl3; Me4Si) −4.9 (2 × q),
17.8 (s), 22.8 (q), 25.7 (3 × q), 28.3 (3 × q), 29.7 (t), 31.4 (t), 34.0
(t), 34.2 (t), 41.4 (t), 51.2 (d), 76.2 (d), 79.8 (s), 118.3 (d), 118.4 (d),
126.7 (2 × d), 127.0 (d), 127.6 (2 × d), 133.2 (s), 133.4 (s), 136.1 (s),
161.0 (s) (NB signal due to CH3CHN not observed possibly due
to restricted rotation effects). Found (LSIMS): 498.3415 [M-H]+,
C30H48NO3Si requires 498.3403 (2.4 ppm error); m/z (LSIMS) 498
(M-H+, SS 5%), 426 (20), 400 (80), 312 (55), 222 (100), 178 (90).


Synthesis of [3-(4-tert-butyl-cyclohexa-1,4-dienyl)-propyl]-
[(1S,2R)-2-(tert-butyldimethylsilanyloxy)-1-methyl-2-
phenylethyl]-tert-butyl carbamate 28b


Catalyst 19 (0.009 g, 0.02 mmol), DCM (10 cm3), 2-tBu-butadiene
(0.192 g, 1.75 mmol) and 27 (0.441 g, 1.53 mmol) were reacted
according to the general procedure above to give 28b (0.428 g, 52%)
as a thick colourless oil; [a]25


D +0.9 (c 0.95 in CHCl3); mmax/cm−1


(thin film) 1690 (C=O), 1253 and 865 (Si(CH3)2), 774 and 700
(Ph); dH(400 MHz; CDCl3; Me4Si) −0.27 (6 H, s, Si(CH3)2), 0.87
(9 H, s, SiC(CH3)3), 1.02 (9 H, s, (CH3)3CC=), 1.21–1.32 (3 H, m,
CH3CHN), 1.38 (9 H, s, OC(CH3)3), 1.44 (2 H, m, CH2CH2N),


1.78–1.83 (2 H, m, CH2CH2CH2N), 2.52–2.56 (2 H, m, diene
CH2), 2.63–2.69 (2 H, m, diene CH2), 2.85–2.97 (2 H, m, NCH2),
3.63 (1 H, m, CH3CHN), 4.79 (0.4 H, br s, PhCH rotamer A),
4.95 (0.6 H, br s, PhCH rotamer B), 5.34 (0.15 H, m, =CH minor
isomer), 5.38 (0.85 H, m, =CH major isomer), 5.48 (1 H, m, =CH),
7.17–7.33 (5 H, m, Ph); dC(125.8 MHz; CDCl3; Me4Si) −5.7 (2 ×
q), 13.1 (q), 17.0 (s), 24.9 (3 × q), 27.5 (3 × q), 27.9 (3 × q),
29.2 (t), 31.8 (t), 33.3 (t), 33.9 (t), 41.2 (t), 51.7 (d), 75.4 (d), 77.8
(s), 78.3 (s), 114.2 (d), 117.9 (d), 125.5 (2 × d), 125.9 (d), 126.6
(2 × d), 132.8 (s), 142.2 (s), 147.6 (s), 154.1 (s). Found (LSIMS):
540.3889 [M-H]+, C33H54NO3Si requires 540.3873 (3.0 ppm error);
m/z (LSIMS) 540 (M-H+, 45%), 440 (95), 352 (60), 318 (55), 262
(100), 218 (85). A satisfactory 1H-NMR to improve the resolution
of peaks at elevated temperatures could not be obtained due to
facile oxidation of the cyclohexadiene ring to the corresponding
aromatic ring.


Synthesis of [3-(4-adamantan-1-ylcyclohexa-1,4-dienyl)-propyl]-
[(1S,2R)–2-(tert-butyldimethylsilanyloxy)-1-methyl-2-phenyl-
ethyl]-tert-butyl carbamate 28c


Catalyst 19 (0.034 g, 0.08 mmol), DCM (22 cm3), 2-adamantyl-
butadiene (0.600 g, 3.19 mmol) and 27 (0.685 g, 1.60 mmol)
were reacted according to the general procedure above to give
28c (0.730 g, 74%) as a thick colourless oil; [a]25


D −15.4 (c 0.15
in DCM); mmax/cm−1 (thin film) 1689 (C=O), 1251 and 864
(Si(CH3)2), 774 and 700 (Ph); dH(300 MHz; CDCl3; Me4Si) −0.27
(6 H, s, Si(CH3)2), 0.86 (9 H, s, SiC(CH3)3), 1.21–1.23 (3 H, m,
CH3CHN), 1.28–1.83 (26 H, m, OC(CH3)3, 6 × adamantyl CH2,
3 × adamantyl CH and CH2CH2N), 2.35–2.68 (4 H, m, 2 × diene
CH2), 2.86–2.92 (2 H, m, NCH2), 3.61 (1 H, m, CH3CHN), 4.77
(0.4 H, br s, PhCH rotamer A), 4.95 (0.6 H, br s, PhCH rotamer B),
5.32 (0.2 H, m, =CH minor isomer), 5.36 (0.8 H, m, =CH major
isomer), 5.41 (1 H, m, =CH), 7.16–7.24 (5 H, m, Ph); dC(75.5 MHz;
CDCl3; Me4Si) −4.2 (2 × q), 18.5 (s), 26.2 (t), 26.3 (3 × q), 29.2
(3 × q), 29.4 (3 × d), 30.6 (t), 33.2 (s), 34.7 (t), 37.0 (t), 37.2 (3 × t),
41.4 (3 × t), 43.6 (t), 58.0 (d), 76.8 (d), 79.2 (s), 115.7 (d), 119.4 (d),
126.9 (2 × d), 127.4 (d), 128.0 (2 × d), 134.2 (s), 134.4 (s), 143.6 (s),
154.1 (s) (NB signal due to CH3CHN not observed possibly due
to restricted rotation effects). Found (LSIMS): 618.4319 [M-H]+,
C39H60NO3Si requires 618.4342 (3.8 ppm error); m/z (LSIMS) 618
(M-H+, 10%), 518 (65), 430 (40), 340 (75), 296 (100), 221 (55), 210
(60), 135 (50). A satisfactory 1H-NMR to improve the resolution
of peaks at elevated temperatures could not be obtained due to
facile oxidation of the cyclohexadiene ring to the corresponding
aromatic ring.


Synthesis of [(1S,2R)-2-(tert-butyldimethylsilanyloxy)-1-methyl-2-
phenylethyl]-[3-(4-phenylcyclohexa-1,4-dienyl)-propyl]-tert-butyl
carbamate 28d


Catalyst 19 (0.02 g, 0.04 mmol), DCM (30 cm3), 2-phenyl-
butadiene (0.579 g, 4.46 mmol) and 27 (1.00 g, 2.23 mmol) were
reacted according to the general procedure above to give 28d
(1.20 g, 96%) as a thick colourless oil; [a]25


D −2.7 (c 0.15 in DCM);
mmax/cm−1 (thin film) 1688 (C=O), 1252 and 864 (Si(CH3)2),
775 and 698 (Ph); dH(300 MHz; CDCl3; Me4Si) −0.26 (6 H, s,
Si(CH3)2), 0.86 (9 H, s, SiC(CH3)3), 1.23–1.26 (3 H, m, CH3CHN),
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1.39 (9 H, s, OC(CH3)3), 1.48 (2 H, m, CH2CH2N), 1.83–1.88 (2
H, m, CH2CH2CH2N), 2.72–2.88 (4 H, m, 2 × diene CH2), 3.01–
3.05 (2 H, m, NCH2), 3.62 (1 H, m, CH3CHN), 4.70 (0.4 H, br s,
PhCH rotamer A), 4.97 (0.6 H, br s, PhCH rotamer B), 5.41 (0.3
H, m, =CH a to Ph, minor isomer), 5.48 (0.7 H, m, =CH a to Ph,
major isomer), 6.09 (1 H, m, =CH b to Ph), 7.16–7.40 (10 H, m,
2 × Ph); dH(400 MHz; DMSO-d6; 373 K) −0.25 (6 H, s, Si(CH3)2),
0.84 (9 H, s, SiC(CH3)3), 1.30 (3 H, d, J 7.0, CH3CHN), 1.37 (9
H, s, OC(CH3)3), 1.42–1.50 (2 H, m, CH2CH2N), 1.82–1.86 (2 H,
m, CH2CH2CH2N), 2.69–2.74 (4 H, m, 2 × diene CH2), 2.97 (2 H,
m, NCH2), 3.58 (1 H, dq (app. quintet), J 7.7 and 7.0 CH3CHN),
4.90 (1 H, d, J 7.7, PhCH), 5.40 (0.3 H, m, =CH a to Ph, minor
isomer), 5.47 (0.7 H, m, =CH a to Ph, major isomer), 6.09 (1 H,
m, =CH b to Ph), 7.16–7.39 (10 H, m, 2 × Ph); dC(75.5 MHz;
CDCl3; Me4Si) −4.8 (2 × q), 13.9 (q), 17.9 (s), 25.7 (3 × q), 27.1
(t), 28.5 (3 × q), 28.6 (t), 30.1 (t), 31.0 (t), 34.1 (t) 53.2 (d), 76.2 (d),
78.7 (s), 118.3 (d), 121.5 (d), 124.8 (2 × d), 126.3 (2 × d), 126.8
(d), 127.4 (2 × d), 127.7 (d), 128.064 (2 × d), 133.6 (s), 134.1 (s),
141.2 (s), 143.0 (s), 154.8 (s). Found (LSIMS): 560.3554 [M-H]+,
C35H50NO3Si requires 560.3560 (1.0 ppm error); m/z (LSIMS) 560
(M-H+, 30%), 460 (70), 372 (60), 338 (40), 282 (95), 238 (100), 221
(50), 136 (65).


General procedure for the desilylation of compounds 28a–d


To a stirred solution of 28a–d (1.00 eq.) in THF was added a
1 M solution of TBAF in THF (1.50 eq.). The reaction mixture
was stirred overnight, diluted with water, extracted with EtOAc,
dried (MgSO4) and concentrated under vacuum to give the crude
product. The residue was purified by flash chromatography (2.5%
to 20% EtOAc–hexane) to give the corresponding alcohols.


Synthesis of ((1S,2R)-2-hydroxy-1-methyl-2-phenylethyl)-[3-(4-
methylcyclohexa-1,4-dienyl)-propyl]-tert-butyl
carbamate7c


Diene 28a (0.800 g, 1.60 mmol), THF (8 cm3), and a 1 M solution
of TBAF in THF (2.4 cm3) were reacted according to the general
procedure above to give the product (0.386 g, 63%) as a thick
colourless oil; [a]27


D +14.3 (c 1.05 in DCM); mmax/cm−1 (thin film)
3391 (OH), 1664 (C=O), 759 and 700 (Ph); dH(300 MHz; CDCl3;
Me4Si) 1.22–1.26 (3 H, m, CH3CHN), 1.45 (9 H, s, OC(CH3)3),
1.52–1.64 (2 H, m, CH2CH2N), 1.67 (3 H, s, CH3), 1.88–1.91 (2
H, m, CH2CH2CH2N), 2.49–2.62 (4 H, m, 2 × diene CH2), 2.93–
2.98 (2 H, m, NCH2), 3.49 (1 H, m, CH3CHN), 4.87 (0.4 H, br s,
PhCH rotamer A), 4.99 (0.6 H, br s, PhCH rotamer B), 5.40 (2 H,
m, 2 × =CH), 7.25–7.37 (5 H, m, Ph); dH(400 MHz; DMSO-d6;
363 K) 1.20 (3 H, d, J 6.6, CH3CHN), 1.34 (9 H, s, OC(CH3)3),
1.34–1.53 (2 H, m, CH2CH2N), 1.59 (3 H, s, CH3), 1.79 (2 H,
t, J 6.4, CH2CH2CH2N), 2.55–2.62 (4 H, m, 2 × diene CH2),
2.88–2.95 (2 H, m, NCH2), 3.68 (1 H, dq (app. quintet), J 6.6
and 5.8, CH3CHN), 4.66 (1 H, t, J 5.8 and 4.8), 4.99 (1 H, d, J
4.8, OH), 5.31–5.38 (2 H, m, 2 × =CH), 7.12–7.28 (5 H, m, Ph);
dC(125.8 MHz; DMSO-d6) 13.9 (q), 23.3 (q), 27.5 (3 × q), 29.7 (t),
31.4 (t), 34.3 (t), 40.4 (t), 45.9 (t), 58.6 (d), 75.0 (d), 78.4 (s), 118.2
(d), 118.8 (d), 126.7 (2 × d), 127.9 (d), 128.4 (2 × d), 131.1 (s),
134.2 (s), 144.5 (s), 154.4 (s). Found (LSIMS): 384.2520 [M-H]+,
C24H34NO3 requires 384.2539 (4.9 ppm error); m/z (LSIMS) 384
(M-H+, 25%), 330 (45), 312 (95), 310 (90), 242 (65), 222 (80), 220
(60), 178 (100), 176 (60).


Synthesis of [3-(4-tert-butylcyclohexa-1,4-dienyl)-propyl]-
((1S,2R)-2-hydroxy-1-methyl-2-phenylethyl)-tert-butyl carbamate


Diene 28b (0.400 g, 0.74 mmol), THF (6 cm3), and a 1 M solution
of TBAF in THF (1.1 cm3) were reacted according to the general
procedure above to give the alcohol (0.283 g, 90%) as a thick
colourless oil; [a]21


D +6.1 (c 0.95 in CHCl3); mmax/cm−1 (thin film)
3440 (OH), 1665 (C=O), 760 and 701 (Ph); dH(300 MHz; CDCl3;
Me4Si) 1.04 (9 H, s (CH3)3CC=), 1.22–1.28 (3 H, m, CH3CHN),
1.45 (9 H, s, OC(CH3)3), 1.48–1.68 (2 H, m, CH2CH2N), 1.88–
1.93 (2 H, m, CH2CH2CH2N), 2.48–2.72 (4 H, m, 2 × diene
CH2), 2.95–3.08 (2 H, m, NCH2), 3.50 (1 H, m, CH3CHN), 5.00
(PhCH), 5.39 (0.15 H, m, =CH minor isomer), 5.44 (0.85 H, m,
=CH major isomer), 5.51 (1 H, m, =CH), 7.21–7.40 (5 H, m, Ph);
dC(125.8 MHz; CDCl3; Me4Si) 14.2 (q), 25.6 (t), 29.0 (3 × q), 29.0
(t), 31.4 (t), 31.6 (3 × q), 32.2 (t), 48.9 (t), 49.1 (s), 62.1 (d), 77.4
(d), 80.1 (s), 115.2 (d), 119.2 (d), 125.3 (d), 126.4 (2 × d), 127.9
(2 × d), 138.4 (s), 142.5 (s), 148.8 (s), 156.8 (s). Found (LSIMS):
426.2997 [M-H]+, C27H40NO3 requires 426.3008 (2.7 ppm error);
m/z (LSIMS) 426 (M-H+, 50%), 370 (40), 352 (80), 318 (50), 262
(100), 218 (85). A satisfactory 1H-NMR to improve the resolution
of peaks at elevated temperatures could not be obtained due to
facile oxidation of the cyclohexadiene ring to the corresponding
aromatic ring.


Synthesis of [3-(4-adamantan-1-yl-cyclohexa-1,4-dienyl)-propyl]-
((1S,2R)-2-hydroxy-1-methyl-2-phenylethyl)-tert-butyl carbamate


Diene 28c (0.730 g, 1.18 mmol), THF (10 cm3), and a 1 M solution
of TBAF in THF (1.8 cm3) were reacted according to the general
procedure above to give the alcohol (0.450 g, 65%) as a thick
colourless oil; [a]25


D +2.9 (c 0.1 in DCM); mmax/cm−1 (thin film)
3441 (OH), 1665 (C=O), 758 and 700 (Ph); dH(300 MHz; CDCl3;
Me4Si) 1.15–1.17 (3 H, m, CH3CHN), 1.34 (9 H, s, OC(CH3)3),
1.57–2.05 (19 H, m, CH2CH2CH2N, 6 × adamantyl CH2 and 3 ×
adamantyl CH), 2.38–2.61 (4 H, m, 2 × diene CH2), 2.84–3.01
(2 H, m, NCH2), 3.41 (1 H, m, CH3CHN), 4.77 (0.4 H, br s,
PhCH rotamer A), 4.99 (0.6 H, br s, PhCH rotamer B), 5.35–
5.38 (2 H, m, 2 × =CH), 7.02–7.24 (5 H, m, Ph); dC(75.5 MHz;
CDCl3; Me4Si) 11.3 (q), 24.6 (t), 28.3 (3 × q), 28.8 (3 × d), 30.0
(t), 32.5 (s), 34.0 (t), 36.6 (t), 36.9 (3 × t), 40.7 (3 × t), 43.0 (t),
61.9 (d), 77.2 (d), 79.9 (s), 115.0 (d), 119.0 (d), 125.9 (2 × d),
127.0 (d), 127.9 (2 × d), 133.4 (s), 142.6 (s), 143.0 (s), 155.4 (s).
Found (LSIMS): 504.3460 [M-H]+, C33H46NO3 requires 504.3478
(3.5 ppm error); m/z (LSIMS) 432 (M-H+, 45%), 430 (70), 396
(30), 340 (90), 296 (100). A satisfactory 1H-NMR to improve
the resolution of peaks at elevated temperatures could not be
obtained due to facile oxidation of the cyclohexadiene ring to
the corresponding aromatic ring.


Synthesis of ((1S,2R)-2-hydroxy-1-methyl-2-phenylethyl)-
[3-(4-phenylcyclohexa-1,4-dienyl)-propyl]-tert-butyl carbamate


Diene 28d (1.00 g, 1.79 mmol), THF (10 cm3), and a 1 M solution
of TBAF in THF (2.7 cm3) were reacted according to the general
procedure above to give the alcohol (0.740 g, 94%) as a thick
colourless oil; [a]25


D +9.7 (c 0.1 in DCM); mmax/cm−1 (thin film) 3434
(OH), 1662 (C=O), 756 and 698 (Ph); dH(300 MHz; CDCl3; Me4Si)
1.24–1.28 (3 H, m, CH3CHN), 1.43 (9 H, s, OC(CH3)3), 1.52–1.64
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(2 H, m, CH2CH2N), 1.98–2.03 (2 H, m, CH2CH2CH2N), 2.56–
3.07 (6 H, m, 2 × diene CH2 and NCH2), 3.48 (1 H, m, CH3CHN),
4.77 (0.4 H, br s, PhCH rotamer A), 4.99 (0.6 H, br s, PhCH
rotamer B), 5.38 (0.3 H, m, =CH a to Ph, minor isomer), 5.44 (0.7
H, m, =CH a to Ph, major isomer), 6.06 (1 H, m, =CH b to Ph),
7.24–7.48 (10 H, m, 2 × Ph); dC(75.5 MHz; CDCl3; Me4Si) 12.1
(q), 27.9 (t), 28.9 (3 × q), 31.3 (t), 33.3 (t), 33.8 (t), 47.0 (t), 57.5
(d), 77.8 (d), 80.6 (s), 120.8 (d), 125.4 (d), 126.6 (2 × d), 127.4 (2 ×
d), 127.6 (2 × overlapping d), 128.6 (2 × d), 129.2 (2 × d), 137.8
(s), 141.4 (s), 143.1 (s) (NB not all quaternary carbons distinctly
observed). Found (LSIMS): 446.2711 [M-H]+, C29H36NO3 requires
446.2695 (3.5 ppm error); m/z (LSIMS) 446 (M-H+, 30%), 372
(100), 318 (30), 282 (85), 238 (95). A satisfactory 1H-NMR to
improve the resolution of peaks at elevated temperatures could
not be obtained due to facile oxidation of the cyclohexadiene ring
to the corresponding aromatic ring.


General procedure for the synthesis of compounds 29a–d


To a stirred solution of the precursor alcohol prepared as described
above (1.00 eq.) in DCM was added an excess of a 2 M solution
of HCl in diethyl ether and the reactants stirred overnight.
The solvent was removed from the resulting precipitate under
vacuum, dissolved in ethanol and ruthenium trichloride trihydrate
(typically 0.75 eq.) was added. The reaction mixture was heated
at reflux overnight and then cooled to room temperature. The
precipitate was collected by filtration and washed with ethanol
(5 × 10 cm3) to give ruthenium dimers 29a–d.


Synthesis of (1R,2S)-1-phenyl-2-(3-p-tolylpropylamino)-
propan-1-ol ruthenium dimer 29a7c


The precursor alcohol (0.350 g, 0.94 mmol), DCM (10 cm3), 2 M
solution of HCl in diethyl ether (15 cm3, 30.00 mmol), ethanol
(15 cm3) and ruthenium trichloride trihydrate (0.196 g, 0.75 mmol)
were reacted according to the general procedure above to give
29a (0.182 g, 42%) as a dark green solid; mmax/cm−1 (thin film)
3422 (OH), 1602 (NH2


+), 749 and 703 (Ph); dH(400 MHz; DMSO-
d6) 0.93 (6 H, d, J 6.3, 2 × CH3CHN), 2.00–2.03 (4 H, m, 2 ×
CH2CH2N), 2.13 (6 H, s, 2 × ArCH3), 2.53–2.58 (4 H, m, 2 ×
CH2CH2CH2N), 3.07–3.15 (4 H, m, 2 × NCH2), 3.45 (2 H, m,
2 × CH3CHN), 5.11 (2 H, m, 2 × PhCH), 5.84–5.88 (8 H, m, 2 ×
(4 × ArH on Ru-arene)), 6.13 (2 H, br s, 2 × OH), 7.29–7.45 (10
H, m, 2 × Ph), 8.50 (2 H, m, 2 × NHaHb


+), 8.56 (2 H, m, 2 ×
NHaHb


+); dC(100.6 MHz; DMSO-d6) 9.8 (2 × q), 18.6 (2 × q),
25.8 (2 × t), 29.1 (2 × t), 45.0 (2 × t), 58.3 (2 × d), 69.7 (2 × d),
87.4 (2 × (2 × d)), 88.2 (2 × (2 × d)), 99.8 (2 × s), 100.4 (2 ×
s), 126.2 (2 × (2 × d)), 127.5 (2 × d), 128.4 (2 × (2 × d)), 141.0
(2 × s). Found (LSIMS): 420.0670 (monomeric species formed
in situ), 102RuC19H25NOCl requires 420.0668 (0.5 ppm error); m/z
(LSIMS) 420 (monomer+, 100%).


Synthesis of (1R,2S)-2-[3-(4-tert-butylphenyl)-propylamino]-
1-phenylpropan-1-ol ruthenium dimer 29b


The precursor alcohol (0.235 g, 0.58 mmol), DCM (10 cm3), 2 M
solution of HCl in diethyl ether (15 cm3, 30.00 mmol), ethanol
(10 cm3) and ruthenium trichloride trihydrate (0.125 g, 0.48 mmol)
were reacted according to the general procedure above to give 29b
(0.038 g, 13%) as a dark green solid; mmax/cm−1 (thin film) 3354


(OH), 1603 (NH2
+), 745 and 701 (Ph); dH(400 MHz; DMSO-d6)


0.94 (6 H, d, J 6.0, 2 × CH3CHN), 1.39 (18 H, s, 2 × ArC(CH3)3),
1.96–2.03 (4 H, m, 2 × CH2CH2N), 2.53–2.58 (4 H, m, 2 ×
CH2CH2CH2N), 3.08–3.17 (4 H, m, 2 × NCH2), 3.48 (2 H, m,
2 × CH3CHN), 5.10 (2 H, m, 2 × PhCH), 5.86 (4 H, d, J 6.0,
2 × (2 × ArH on Ru-arene)), 6.14 (4 H, d, J 6.0, 2 × (2 × ArH
on Ru-arene)), 7.33 (2 H, br s, 2 × OH), 7.38–7.45 (10 H, m, 2 ×
Ph), 8.41–8.68 (4 H, m, 2 × NH2


+); dC(100.6 MHz; DMSO-d6)
9.8 (2 × q), 25.8 (2 × t), 29.5 (2 × t), 30.3 (2 × (3 × q)), 34.8 (s),
44.7 (2 × t), 58.5 (2 × d), 69.9 (2 × d), 84.7 (2 × (2 × d)), 86.1
(2 × (2 × d)), 101.7 (2 × s), 111.1 (2 × s), 126.3 (2 × (2 × d)),
127.8 (2 × d), 128.6 (2 × (2 × d)), 141.5 (2 × s). Found (LSIMS):
462.1148 (monomeric species formed in situ), 102RuC22H31NOCl
requires 462.1138 (2.1 ppm error); m/z (LSIMS) 462 (monomer+,
30%), 326 (100), 232 (80).


Synthesis of (1R,2S)-2-[3-(4-adamantan-1-yl-phenyl)-
propylamino]-1-phenylpropan-1-ol ruthenium dimer 29c


The precursor alcohol (0.450 g, 0.90 mmol), DCM (10 cm3),
2 M solution of HCl in diethyl ether (15 cm3, 30.00 mmol),
ethanol (12.5 cm3) and ruthenium trichloride trihydrate (0.157 g,
0.60 mmol) were reacted according to the general procedure above
to give 29c (0.149 g, 28%) as a dark green solid; mmax/cm−1 (thin
film) 3396 (OH), 1602 (NH2


+), 746 and 701 (Ph); dH(300 MHz;
DMSO-d6) 0.92 (6 H, m, 2 × CH3CHN), 1.60–2.05 (34 H, m,
2 × (CH2CH2N, 6 × adamantyl CH2 and 3 × adamantyl CH)),
2.48–2.53 (4 H, m, 2 × CH2CH2CH2N), 3.08–3.19 (4 H, m, 2 ×
NCH2), 3.50 (2 H, m, 2 × CH3CHN), 5.10 (2 H, m, 2 × PhCH),
5.81 (4 H, m, 2 × (2 × ArH on Ru-arene)), 6.05–6.18 (6 H, m, 2 ×
(2 × ArH on Ru-arene) and 2 × OH), 7.31–7.43 (10 H, m, 2 ×
Ph), 8.38–8.61 (4 H, m, 2 × NH2


+); dC(125.8 MHz; DMSO-d6)
9.9 (2 × q), 25.7 (2 × t), 28.5 (2 × (3 × d)), 29.7 (2 × t), 36.6
(2 × (3 × t)), 41.2 (2 × (3 × t)), 43.1 (2 × s), 44.8 (2 × t), 58.4
(2 × d), 70.0 (2 × d), 81.8 (2 × d), 84.6 (2 × d), 85.0 (2 × d),
85.5 (2 × d), 103.2 (2 × s), 109.7 (2 × s), 126.3 (2 × (2 × d)),
127.8 (2 × d), 128.6 (2 × (2 × d)), 141.4 (2 × s). Found (LSIMS):
540.1599 (monomeric species formed in situ), 102RuC28H37NOCl
requires 540.1607 (1.6 ppm error). m/z (LSIMS) 510 (monomer+,
75%), 504 (M-HCl+, 100).


Synthesis of (1R,2S)-2-(3-biphenyl-4-yl-propylamino)-
1-phenylpropan-1-ol ruthenium dimer 29d


The precursor alcohol (0.600 g, 1.35 mmol), DCM (10 cm3),
2 M solution of HCl in diethyl ether (2 cm3, 4.00 mmol),
ethanol (15 cm3) and ruthenium trichloride trihydrate (0.186 g,
0.712 mmol) were reacted according to the general procedure
above to give 29d (0.180 g, 20%) as a dark green solid;
mmax/cm−1 (thin film) 3403 (OH), 1601 (NH2


+), 764 and 699 (Ph);
dH(400 MHz; DMSO-d6) 0.95 (6 H, d, J 6.3, 2 × CH3CHN), 1.31
(2 H, d, J 6.0, 2 × OH), 2.06–2.10 (4 H, m, 2 × CH2CH2N),
2.60–2.63 (4 H, m, 2 × CH2CH2CH2N), 3.06–3.19 (4 H, m, 2 ×
NCH2), 3.46 (2 H, m, 2 × CH3CHN), 5.13 (2 H, m, 2 × PhCH),
5.99–6.02 (4 H, m, 2 × (2 × ArH on Ru-arene)), 6.15 (2 H, m, 2 ×
ArH on Ru-arene), 6.54 (2 H, d, J 5.8, 2 × ArH on Ru-arene),
7.36–7.84 (20 H, m, 2 × (2 × Ph)), 8.43–8.64 (4 H, m, 2 × NH2


+);
dC(100.5 MHz; DMSO-d6) 9.1 (2 × q), 25.8 (2 × t), 29.8 (2 ×
t), 45.2 (2 × t), 58.4 (2 × d), 69.7 (2 × d), 84.8 (2 × (2 × d)),
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85.3 (2 × (2 × d)), 96.6 (2 × s), 105.3 (2 × s), 124.8 (2 × (2 ×
d)), 127.5 (2 × d), 128.4 (2 × (2 × d)), 129.0 (2 × overlapping
(2 × (2 × d))), 129.8 (2 × d), 141.1 (2 × s). Found (LSIMS):
482.0826 (monomeric species formed in situ), 102RuC24H27NOCl
requires 482.0825 (0.3 ppm error); m/z (LSIMS) 482 (monomer+,
30%), 446 (M-HCl+,15), 346 (100).
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Functionalization of amino acid C- and N-termini with
appropriate olefinic moieties allows for the generation of a
peptidomimetic via a stereoselective cross-metathesis.


The amide bonds in a polypeptide chain are capable of hydrogen-
bonding, a phenomenon that plays a major role in protein
folding. Furthermore, amide functionalities that are not involved
in folding can be available for protein–protein interactions, and
such interactions underpin many biological processes. The ability
to modify a protein so that it lacks an amide bond, and thus
the potential for hydrogen-bonding, at a particular site would
therefore be a valuable tool for probing both protein structure
and function. Recent work by Kelly et al.1 substitutes an amide
bond for an E-alkene moiety, introduced via a Wittig reaction.
This was then used to show that the removal of H-bonding ability
in a single site of Ab peptide inhibited the formation of fibrils
or protofibrils in amyloidogenesis. Their approach is attractive
because it removes the hydrogen-bonding ability whilst retaining
some of the geometrical constraints present in the amide linkage.


Olefin cross-metathesis is a process which yields a C–C double
bond and has a very high functional-group tolerance, and is,
therefore, worthy of consideration in the context of making
modified peptides selectively in order to perturb their ability to
form hydrogen bonds.


There have been examples of olefin metathesis applied to peptide
chemistry,2 and cross-metathesis has been used to functionalize
amino acid side chains.3 However, we aim to use cross-metathesis
in order to incorporate more fundamental changes into peptide
structures. Specifically, we are interested in using cross-metathesis
to create peptidomimetics in which the main chain is substantially
modified. The inherent directionality of the native peptide will
be maintained by the selectivity of cross-metathesis. Self cross-
metathesis could not achieve this (by definition), and statistical
cross-metathesis cannot without substantial wastage.


Here we present a protocol for the modification and linkage
of single protected amino-acids via stereoselective olefin cross-
metathesis using Grubbs’ second generation catalyst;4 yielding a
linker with a length equivalent to that of two amino-acids yet
lacking the central amide bond (Fig. 1). This novel use of cross-
metathesis thus has potential for use in the synthesis of modified
proteins, and in developing a greater understanding of both pro-
tein folding and protein–protein interactions. This methodology
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Fig. 1 Linker unit and two amino-acids, for comparison.


could also have implications in convergent peptide synthesis as a
novel form of ligation. Indeed, we additionally present the linkage
of a dipeptide to a tripeptide via our methodology, supporting this
idea. To the best of our knowledge, cross-metathesis has not been
performed on peptides of this size.


The approaches used to modify the C- and N-termini of the
peptides were chosen for their simplicity in yielding the correct
classes of olefins for successful cross-metathesis (Scheme 1).5


Scheme 1 Functionalization of amino acids.


Metathesis reactions utilized Grubbs’ second generation cat-
alyst (3), chosen for its stability to air (Scheme 2).4 Metathesis
reactions were carried out using microwave irradiation, which
has been reported to greatly increase the rate of cross-metathesis
reactions.6 The synthesis of 4d (AA1 = Tyr(Bzl); AA2 = PheOEt)
was used to optimise the reaction (Table 1).


The best yields were obtained using 18 mol% 3, DCM as the
solvent, a small excess of 1 : 2, typically 1.1–1.3 equivalents, and
by heating in the microwave at 300 W for two 30 min periods.
The reaction mixture was degassed with argon after the first 30
minutes to drive off any dissolved ethene. Addition of the catalyst
in two portions decreased the yield, as did the use of an excess of
the electron-deficient olefin 2. It is worth noting that we found the
Hoveyda–Grubbs catalyst to be far less active in this particular
cross-metathesis than the Grubbs second generation.
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Table 1 Synthesis of 4d—results of optimisation


1 (equiv.) 2 (equiv.) 3 (mol%) Temperature/◦C Yield (%)


1 1.3 19 90 57a


1 1.1 18 80 55
1 1.3 18 90 66
1.2 1 26 90 61b


1 1.3 18 90 36c


1 2.1 20 90 52
1.2 1 18 90 58d


1 1.3 18 100 82
1 1.3 18 110 59


a Reaction involved 4 irradiations of 15 min each with no degassing.
b 60 min irradiation with no degassing. c Hoyveda–Grubbs catalyst used in
place of 5. d Catalyst added in 2 × 9 lmol portions.


Scheme 2 Cross-metathesis of functionalized amino acids.


Results of the optimized conditions were applied to various
other combinations of peptides as shown in Table 2.


Although cross-metathesis is often not stereoselective,7 we were
pleased to observe that, in the present case, products were obtained
as a single isomer, exhibiting a vicinal coupling of 15 Hz between


Table 2 Isolated yields of cross-metathesis products


Product AA1 AA2 CM yield (%)a


4a Phe PheOEt 86b


4b His(Tos) PheOEt 41c


4c Cys(4-MeBzl) PheOEt 51
4d Tyr(Bzl) PheOEt 82
4e Ser(Bzl) PheOEt 73
4f Arg(diZ) PheOEt 70d


4g Phe ValOEt 34
4h Leu Ser(Bzl)OMe 75e


4i Leu Thr(Bzl)OMe 61
4j Ser(Bzl) ProOMe 50


a Utilized optimized conditions unless otherwise indicated. 1.3 equivalents
2 used for synthesis of 4a–d; 1.1 for 4e–i; 1.2 for 4j. b MW reaction carried
out at 80 ◦C, for 1 h, with no degassing. c MW reaction carried out at
90 ◦C, for 30 mins, with no degassing. 3 drops of DMF in addition to
DCM. d Obtained by refluxing in DCM for 96 h; 43% obtained using
microwave conditions. e Unwanted diastereomer (14% approx.) present in
product, resulting from susceptibility of serine to racemisation.8


olefinic protons, confirming it to be a trans bond. This was
supported by NOESY analysis of the cross-metathesis product, 4f.
In terms of peptidomimetics this is ideal, as it installs a structural
motif with a conformation closer to that of the native peptide than
in the case of the cis isomer.


Once the general applicability of this technique was established,
we were keen to examine the applicability of the method to larger
peptides. DCM was used as a solvent, as before, and although we
have not yet explored other solvents which may be significant in
future applications, we note the use of DCM in solubilizing large
fully protected peptide segments in the synthesis of thioesters for
native chemical ligation.9


The functionalized tripeptide, 5, was synthesized using standard
peptide coupling procedures in solution to produce the protected
tripeptide (52%). Removal of the Boc group was achieved using
trifluoroacetic acid and the acryloylation of the free amine (78%),
was achieved as previously described. 6 was prepared using
standard peptide coupling procedures in solution (33%). 5 and
6 were then subjected to the optimised microwave conditions, as
described previously, yielding 7 (Scheme 3). We determined the
HPLC yield to be 67% using ELSD (evaporative light scattering
detection). The product mixture was purified directly by flash
column chromatography giving an isolated yield of 38%. Further
material was obtained indicating the higher level of conversion,
but this material could not be further purified.


Scheme 3 Application of the methodology to a larger peptide.


Interestingly, although the trans isomer was the major product,
in this case we did observe the cis isomer as a minor component,
(trans : cis, 8 : 1).


In summary, we have shown that two single, protected amino-
acids can be functionalized with olefinic groups respectively at
the N and C termini, and subsequently undergo cross-metathesis
with high product selectivity. Furthermore, we have shown the
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applicability of this methodology to significantly larger peptides.
The high level of trans selectivity, coupled with the ease of synthesis
of the precursors, suggest this reaction could have a number of
applications in chemical biology.
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The direct three-component Mannich reactions of O-benzyl
hydroxyacetone with p-anisidine and aromatic or aliphatic
aldehydes in the presence of an L-threonine-derived catalyst
afforded anti-1,2-amino alcohols in good-to-excellent yields
and with enantioselectivities of up to 97%. This study is the
first demonstration that direct three-component Mannich
reactions can be promoted by a primary amino acid in water.


The asymmetric Mannich reaction1 is one of the most powerful
carbon–carbon bond-forming reactions for the construction of
optically enriched b-amino carbonyl compounds and their deriva-
tives. Recently, the groups of Trost,2 Shibasaki,3 and Jorgensen4


reported direct Mannich-type reactions between ketones and
preformed imines, whereby chiral zinc or copper complexes were
utilized as catalysts. Because of the versatility of the synthons
obtained from Mannich reactions, it is highly desirable to
obtain either syn- or anti-products with high enantioselectivity.
While syn-selective Mannich reactions are common, enantios-
elective anti-selective Mannich reactions are considerably more
challenging.2b,3b,5 The ideal Mannich reaction would involve a
catalytic process employing directly the unmodified carbonyl
donor, amine and acceptor aldehyde in one pot.


Asymmetric reactions catalyzed by metal-free organic molecules
have become increasingly popular in recent years.6 The first
direct asymmetric three-component Mannich reaction catalyzed
by proline was reported by List and co-workers,7 followed by
excellent contributions from Barbas et al.8 Cordova and co-
workers also reported asymmetric three-component Mannich
reactions catalyzed by acyclic chiral amines or amino acids.9 Water
is an ideal solvent for chemical reactions due to its low cost,
safety and environmentally benign nature,10 and it has recently
been shown by the groups of Takabe, Barbas and Hayashi that
direct asymmetric aldol reactions and Michael reactions can be
catalyzed by proline-derived hydrophobic catalysts in water.11 We
have previously disclosed direct aldol reactions in water promoted
by hydrophobic primary amino acids.12 Herein, we report the
first highly enantioselective, direct three-component anti-selective
Mannich reactions in water promoted by organocatalysts derived
from threonine (Fig. 1).


We have been particularly interested in the development of
direct asymmetric three-component Mannich reactions in a purely
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Fig. 1 Structures of the catalysts screened.


aqueous system. Hydroxyacetone is a very useful donor, and its
Mannich reactions could furnish chiral 1,2-amino alcohols. In our
initial screening, we examined the reactions of hydroxyacetone,
p-nitrobenzaldehyde, p-anisidine and various organocatalysts in
the presence of water (Table 1). Virtually no desired product was
obtained when hydroxyacetone was used directly as a donor (entry
1), but silyl protection of the hydroxyl group resulted in donor
reactivity in aqueous media. Threonine-derived organocatalysts
(2a–c) (entries 7–9) were more effective than those derived
from serine (1a–c) (entries 3–5). In the absence of water, the
enantiomeric excess was lower (entry 6). Tryptophan and catalysts
4–7 were ineffective (entries 2 and 10–13). Hayashi’s catalyst11b


only afforded modest ee (entry 14). The combination of benzyl
protection and the utilization of 2b as catalyst led to the best
diastereoselectivity and enantioselectivity (entry 16).


The optimized reaction conditions were applied to Mannich
reactions employing various aromatic aldehydes (Table 2). The
reactions were anti-selective and the Mannich products were
obtained in excellent yields and with excellent enantioselectivities
in most cases. However, the result was less satisfactory in the case
of an electron-rich aromatic aldehyde (entry 10).


Mannich reactions involving aliphatic aldehydes were also inves-
tigated (Table 3). Our methods proved to be remarkably versatile,
affording the Mannich products with excellent enantioselectivities
for both branched and linear aliphatic aldehydes.


The relative and absolute configurations of the products were
established by converting the amino alcohols into their corre-
sponding Boc-protected oxazolidinones,7b and comparison with
the enantiomerically pure commercially available compounds. To
account for the stereochemical outcome, we propose that the
reaction follows the enamine mechanism and involves a transition
state as depicted in Fig. 2. The geometry of the enamines resulting
from O-benzyl hydroxyacetone and O-(tert-butyldiphenylsilyl)
threonine is Z, likely due to the hydrophobic interactions of
hydrophobic moieties or p–p stacking of the aromatic components.


In summary, we have demonstrated for the first time that
direct asymmetric three-component Mannich reactions can be
carried out in one pot in a purely aqueous system. The reactions
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Table 1 Screening of organocatalystsa


Entry Catalyst R1 Time/h Yieldb (%) Anti:sync eed (%)


1 2c H 24 <5 — —
2 L-Trp TBS 24 — — —
3 1a TBS 24 90 1 : 1 51
4 1b TBS 24 77 1 : 1 48
5 1c TBS 24 72 2 : 3 41
6e 2c TBS 24 76 1 : 1 57
7 2a TBS 24 76 7 : 2 95
8 2b TBS 24 91 2 : 1 90
9 2c TBS 24 82 1 : 1 71


10 4 TBS 40 85 1 : 3 0
11 5 TBS 120 <30 1 : 2 12
12 6 TBS 120 <30 1 : 3 0
13 7 TBS 120 <30 1 : 2 16
14 8 TBS 29 90 1 : 5 41 (75f)
15 2a Bn 24 92 4 : 1 81
16 2b Bn 24 90 6 : 1 93


a The reactions were performed with p-nitrobenzaldehyde (0.1 mmol),
p-anisidine (0.11 mmol), hydroxyacetone (0.3 mmol), and catalyst (0.01
mmol) in water (1 mmol) at room temperature. b Isolated yield. c The anti-
to-syn ratio was determined by 1H NMR analysis of the crude product.
d The ee of the anti-isomer was determined by chiral HPLC analysis. e Neat.
f The ee of the syn-isomer.


Table 2 Direct three-component Mannich reactions with aromatic alde-
hydes promoted by organocatalyst 2b in watera


Entry Product Time/h Yieldb (%) Anti:sync eed (%)


1 9 (R = 4-CN) 20 88 6 : 1 94
2 10 (R = 4-Br) 25 73 4 : 1 86
3 11 (R = 2-NO2) 30 95 20 : 1 97
4 12 (R = 2-naphthyl) 36 92 3 : 1 87
5 13 (R = 3-NO2) 26 90 7 : 1 88
6 14 (R = 4-CF3) 25 80 4 : 1 86
7 15 (R = 4-pyridyl) 5 98 13 : 1 97
8 16 (R = 3-pyridyl) 6 90 8 : 1 90
9 17 (R = 2-Cl,4-Cl) 24 90 6 : 1 88


10 18 (R = 4-Me) 36 87 3 : 2 62


a The reactions were performed with aldehyde (0.1 mmol), p-anisidine (0.11
mmol), O-benzyl hydroxyacetone (0.3 mmol), and catalyst (0.01 mmol) in
water (1 mmol) at room temperature. b Isolated yield. c The anti-to-syn
ratio was determined by 1H NMR analysis of the crude product. d The ee
of the anti-isomer was determined by chiral HPLC analysis.


promoted by the threonine-derived hydrophobic organocatalysts
are anti-selective and highly enantioselective, and applicable to
both aromatic and aliphatic aldehydes. Mechanistic studies and
the full extension of the reaction scope are currently being
investigated in our laboratory, and will be reported in due
course.


Table 3 Direct three-component Mannich reactions with aliphatic alde-
hydes promoted by organocatalyst 2b in watera


Entry Product Time/h Yieldb (%) Anti:sync eed (%)


1 19 (R = i-Pr) 23 57 3 : 1 92
2 20 (R = i-Bu) 22 70 2 : 1 90
3 21 (R = cyclohexyl) 20 63 5 : 1 93
4 22 (R = n-Pr) 23 53 3 : 1 91
5 23 (R = n-Bu) 20 52 2 : 1 91
6 24 (R = n-hexyl) 24 54 3 : 2 84
7 25 (R = phenylethyl) 20 50 3 : 1 86


a The reactions were performed with aldehyde (0.1 mmol), p-anisidine (0.11
mmol), O-benzyl hydroxyacetone (0.3 mmol), and catalyst (0.01 mmol) in
water (1 mmol) at room temperature. b Isolated yield. c The anti-to-syn
ratio was determined by 1H NMR analysis of the crude product. d The ee
value of the anti-isomer was determined by chiral HPLC analysis.


Fig. 2 The proposed transition state.
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A novel spiroacetal, (2S,6R,8S)-2-methyl-8-ethyl-1,7-dioxaspiro[5.6]dodecane (1), has been identified
from the volatile secretions of female B. tryoni by mass spectral analysis and synthesis of an authentic,
enantioenriched sample.


Introduction


Spiroacetals are widespread in the insect world,1 having been
identified in the volatile secretions of various species of bees,
wasps, beetles and fruit flies.2 To date, just over 30 constitutionally-
different spiroacetals have been characterised, representing
five basic ring systems: 1,6-dioxaspiro[4.4]nonanes (2), 1,6-
dioxaspiro[4.5]decanes (3), 1,6-dioxaspiro[4.6]undecanes (4), 1,7-
dioxaspiro [5.5]undecanes (5) and 1,7-dioxaspiro[5.6]dodecanes
(6) (Fig. 1). Until now, the 1,7-dioxaspiro[5.6]dodecane sys-
tem (6) was represented by a single example, 2-methyl-1,7-
dioxaspiro[5.6]dodecane (7), identified from the solitary bee
Andrena haemorrhoa3 and the fruit fly species Bactrocera cucumis,4


taxonomically close to B. tryoni. The constitutionally-new spiroac-
etal described herein is noteworthy as the second characterised
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Fig. 2 Enantioselective GCMS of the spiroacetals present in a pentane extract of female B. tryoni abdomens. Peak F set to 100 units.


Fig. 1 Spiroacetal ring systems.


member of system 6 and as the first example of a disubstituted
derivative. This work, therefore, enhances the overall landscape of
insect-derived spiroacetals.


We recently reported that female Bactrocera tryoni (Frogatt)
(Queensland fruit fly), the most destructive horticultural pest in
Australia,5 release a diverse suite of spiroacetals, which ranges
from nine to thirteen carbons and includes the presence of
unusual even carbon-numbered spiroacetals, as well as the novel
branched chain spiroacetal, (2S,6R,8S)–2-ethyl-2,8-dimethyl-1,7-
dioxaspiro[5.5]undecane ((2S,6R,8S)-14) (Fig. 2).6 The identifi-
cation of these spiroacetals was confirmed either by compari-
son of retention times and co-injection studies with authentic
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standards,7 or by comparison with the mass spectra of authentic
compounds.8


Progress in our ongoing biosynthetic investigations required
the identification and characterisation of an exceptionally minor
(<0.2% abundance) but biosynthetically-significant spiroacetal
component, observed to elute after (2S,6R,8S)-15 and the
previously reported amide, N-(3-methylbutyl)acetamide, in the
enantioselective GCMS trace (Fig. 3).


Fig. 3 (a) Enantioselective GC trace of a pentane extract of female
B. tryoni abdomens, showing newly identified spiroacetal 1. (b) Mass
spectrum of naturally occurring (2S,6R,8S)-1.


Results and discussion


As summarised previously,1 spiroacetals have characteristic frag-
mentation patterns which guide structural conclusions for un-
known compounds. This newly observed spiroacetal, with an
apparent molecular ion of 212, has fragment ions at m/z 197 and
183, corresponding to the loss of methyl and ethyl substituents,
respectively. Given this alkyl-substituent pattern, the fragment
ions at m/z 112, 115 and 125 are indicative of a methyl substituted
six-membered ring, and the ions at m/z 140 and 143 are suggestive
of an ethyl-substituted seven-membered ring (Fig. 4). Based on


this analysis, the component was considered likely to be 2-
methyl-8-ethyl-1,7-dioxaspiro[5.6]dodecane (1) and, therefore, a
constitutionally-new spiroacetal.


Fig. 4 Mass spectral fragmentation analysis of the newly-identified
spiroacetal.


To confirm this deduction, 1 was synthesised in racemic form
as outlined in Scheme 1. Oxidation (PCC) of alcohol 16 (syn-
thesised in five steps from commercially available 1,6-hexanediol,
see the ESI†), followed by addition of key alkyne 187 to the
resulting aldehyde (17) furnished propargylic alcohol 19 with the
required carbon backbone and oxygenation pattern. Oxidation
to ketone 20, followed by reduction of the triple bond, produced
the saturated ketone, ready for deprotection and cyclisation to
spiroacetal 1 under acidic conditions. However, even following
experimentation with a variety of acidic conditions (75% aqueous
acetic acid at 55 ◦C, trifluoroacetic acid in CH2Cl2 and tosic acid in
methanol) cyclisation repeatedly proceeded in low yield with the
formation of only one isolable diastereomer, which was purified by
a combination of flash chromatography and preparative GC. The
sole diastereomer was presumed to be the (E,E)-isomer,‡ with


‡ Substituted spiroacetals are designated (E)- when the substituent group
and oxygen atom of the alternate ring are on opposite sides of the reference
plane (the substituted ring) and (Z) when on the same side.


Scheme 1 Synthesis of 1 in both racemic and enantioenriched form. Reagents and conditions: (i) PCC, CH2Cl2, 83%; (ii) 18, n-BuLi, THF, −78 ◦C, 59%;
(iii) PDC, CH2Cl2, 84%; (iv) H2(g), Pd/C, THF, 92%; (v) TsOH·H2O, MeOH, 14%; (vi) 21, MeLi, THF, −40 ◦C, 84%; (vii) H2(g), Pd/C, Et3N, EtOAc,
90%; (viii) 75% AcOH, 55 ◦C, 31%.


1112 | Org. Biomol. Chem., 2007, 5, 1111–1117 This journal is © The Royal Society of Chemistry 2007







maximum anomeric stabilisation from two axially directed oxygen
atoms (Fig. 5).


Fig. 5 Observed NOE interactions in (E,E)-1 and possible (E,Z)-isomers.


This product bias presumably reflects, under reversible condi-
tions, the free energy differences between the possible isomers.
In comparison with [5.5] spiroacetals such as 2,8-dimethyl-1,7-
dioxaspiro[5.5]undecane (10) containing only six-membered rings,
the additional free energy of the seven-membered ring in 1 is best
counteracted in the (E,E)-manifold. Thus, it is understandable
that formation of the (E,E)-isomer‡ of 1, with two stabilising
anomeric effects (1.4 kcal mol−1 each),9 would be heavily favoured
in comparison with the (E,Z)-isomers, which would possess only
one such stabilising effect.


To demonstrate that the sole product was indeed the (E,E)-
isomer as rationalised above, comprehensive NMR analyses were
undertaken. Unsurprisingly, the spiroacetal exhibited an extended
region of overlapping protons, and 1D-TOCSY experiments were
utilised to isolate the two ring systems. Analysis of the multiplet
for H-2 (d 4.00, dqd, J 12.0, 6.3, 2.5 Hz), revealed one large and
one small coupling, consistent with an axial proton, confirming
an equatorial orientation for the methyl substituent and a chair
conformation for the six membered ring. The H-8 multiplet (d
3.77, dddd, J 10.3, 6.8, 4.8, 1.1) also displayed one large and
one small coupling to ring protons, suggestive of a pseudo-axial
orientation for the proton, and a pseudo-equatorial geometry for
the ethyl substituent. In addition, the downfield shifts for both
of these protons result from 1,3-diaxial interactions with oxygen
rather than with carbon,10 and suggest that the spiroacetal adopts
an (E,E)-configuration.‡ This is supported by the chemical shift
of the axial H-4 proton (d 1.95), again indicative of a 1,3-diaxial
interaction with oxygen (O-7). These analyses effectively eliminate
the formation of either of the (E,Z) isomers‡ (Fig. 5), as H-8 in
the first structure and H-4 in the second are 1,3-diaxial to a C–C
bond and so their chemical shifts would be expected to be upfield
of d 3.77 and d 1.95, respectively.


Furthermore, the anticipation would be that NOEs would be
observed between H-2 and H-8 for the (E,E) isomer‡ but not
for the (E,Z) isomers,‡ even though the more-flexible seven-
membered ring would not adopt the pseudochair conformation as
rigidly as the spiroacetal containing a six-membered ring. Indeed,
spatial interactions were identified between H-2 and H-8 and also
between H-2 and both the methylene and methyl groups of the
ethyl substituent (Fig. 5). This confirmed that the synthesised
spiroacetal was (E,E)-1, rather than either of the possible (E,Z)-
isomers.


Comparisons of the mass spectral data of synthetic (E,E)-
1 with that of the natural extract (Fig. 6B and 3B) identified
the natural spiroacetal as the novel (E,E)-2-methyl-8-ethyl-1,7-


Fig. 6 Total ion current (TIC) of enantioselective GC traces employing
single ion monitoring of m/z 212, 183, 143, 125, and 112. (a) Racemic
(E,E)-1. (b) Mass spectrum of synthetic 1. (c) Enantiomerically pure
(2S,6R,8S)-1. (d) Concentrated pentane extract of female B. tryoni
abdomens. (e) Co-injection of concentrated extract with racemic (E,E)-1.


dioxaspiro[5.6]dodecane, ((E,E)-1). The absolute stereochemistry
of (1) now required determination.


Synthesis of enantiomerically pure (E,E)-1 employed a
previously-developed methodology for the synthesis of enantiop-
ure spiroacetals.7 Thus, alkyne 21, synthesised from 4-pentyn-
1-ol in three steps (see the ESI†), on addition to key Weinreb
amide (2S)-227 provided unsaturated ketone (2S)-23 (Scheme 1).
Palladium catalysed reduction of the alkyne moieties, followed
by acetic acid-induced cyclisation, delivered only a single isolable
enantiomer of (E,E)-1 upon purification by flash chromatography.
This enantiomer necessarily possessed (2S,6R,8S) stereochemistry
and exhibited NMR and mass spectral data identical with those of
the racemic product. In agreement with our previous observations
on spiroacetal elution orders,6,11 (2S,6R,8S)-1 (possessing an (R)-
spirocentre) was found to elute after (2R,6S,8R)-1 under our
enantioselective GC conditions (Fig. 6A and C). To enable
retention time comparisons with the natural extract, single-ion
monitoring of several predominant spiroacetal fragmentations
(m/z 212, 183, 143, 125, 112) was employed to distinguish the
spiroacetals from amide, hydrocarbon and ester components
of the extract. From these retention times, (2S,6R,8S)-1 was
identified as the predominant isomer in vivo (Fig. 6D). This was
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confirmed by co-injection of the natural extract with the racemic
standard, which showed a marked increase in intensity for the
later-eluting (2S,6R,8S)-isomer in comparison with that of the
racemic standard (Fig. 6E, cf. A). This absolute stereochemistry
is in agreement with determinations for the major spiroacetals
found in B. tryoni volatiles viz (2S,6R,8S)-10, (2S,6R,8S)-12 and
(2S,6R,8S)-15 (Fig. 2,). However, the presence of a low level of
(2R,6S,8R)-1 could not be discounted, and so the enantiomeric
excess of the newly identified (2S,6R,8S)-2-methyl-8-ethyl-1,7-
dioxaspiro[5.6]dodecane (1), although high, is imprecise.


Given the diverse suite of spiroacetals that female B. tryoni
produce, it was of interest to determine whether the corresponding
known C11 spiroacetal, 2-methyl-1,7-dioxaspiro[5.6]dodecane (7)12


and the C12 spiroacetal 2,8-dimethyl-1,7-dioxaspiro[5.6]dodecane
(25) were also biosynthesised. As such, (E,E)-25 was synthesised
in racemic form following an analogous procedure to that used
for (E,E)-1, except that the initial alcohol (26) was one carbon
shorter (Scheme 2). Once again, a low yield of a single isolable
diastereomer was obtained after purification by preparative GC.


Scheme 2 Synthesis of (E,E)-25 in racemic form. Reagents and conditions:
(i) PCC, CH2Cl2, 65%; (ii) alkyne 18, n-BuLi, THF, −78 ◦C, 78%; (iii) PDC,
CH2Cl2, 86%; (iv) H2(g), Pd/C, THF, 96%; (v) TsOH·H2O, MeOH, 19%.


However, thorough scrutiny of the enantioselective GCMS
trace of the pentane extract of female abdomens failed to
reveal the presence of either spiroacetal 7 or 25. The clear
presence of the C13 spiroacetal, (2S,6R,8S)-2-methyl-8-ethyl-1,7-
dioxaspiro[5.6]dodecane (1), when the corresponding C11 and C12


spiroacetals are absent (or at vanishingly low concentrations) has
interesting biosynthetic implications.


Although the details of the origin of these spiroacetals in
B. tryoni is still uncertain, it is postulated to involve P450
catalysed oxidation of an alkyltetrahydropyranol precursor as the
penultimate biosynthetic step.13 It is therefore feasible that B. tryoni
may produce several components of its spiroacetal blend simply
by permitting a certain degree of regiochemical flexiblity in this
oxidation, in particular with longer chain precursors (Scheme 3).
These and related aspects of the biogenesis require studies with
suitable, labelled precursors.


Conclusions


In summary, the structure and absolute stereochemistry of
a novel spiroacetal from the volatile secretions of B. tryoni
has been determined to be (2S,6R,8S)-2-methyl-8-ethyl-1,7-
dioxaspiro[5.6]dodecane (1). This new compound is expected to


Scheme 3 Proposed penultimate biosynthetic step of spiroacetal biosyn-
thesis in B. tryoni.


play a pivotal role in determining the biogenesis of spiroacetals
in this pestiferous fruit fly species and consequently provide a
platform from which we aim to develop a novel inhibition-based
control method. The diverse range of spiroacetals produced by
B. tryoni also makes this fly an ideal model for studying the
biosynthesis of this class of compounds in insects.


Experimental


General methods


All reactions involving moisture or air sensitive reagents were
carried out under a nitrogen atmosphere in oven-dried glassware
with anhydrous solvents. THF and Et2O were distilled from
sodium and CH2Cl2 distilled from calcium hydride. Purifications
by flash chromatography were carried out using Scharlau silica
gel 60 (230–400 mesh). NMR spectra were recorded on either a
Bruker Avance AV500 MHz or AV400 MHz. CDCl3 and C6D6


were purchased from Cambridge Isotope Laboratories. 1H NMR
spectra were calibrated to 7.24 ppm for residual CHCl3 or 7.15 ppm
for C6D6. 13C NMR spectra were calibrated from the central
triplet peak, to 77.0 ppm for CDCl3 or to 128.0 ppm for C6D6.
Coupling constants are reported in Hz. GCMS data was recorded
on a Shimadzu GC-17A fitted with a DB5 column and attached
to either a Shimadzu GCMS-QP5050 or QP5000 detector. The
standard temperature program was: 100 ◦C for two minutes,
followed by a 16 ◦C min−1 temperature rise until 250 ◦C, which
was held for ten minutes.


Synthesis of racemic (E,E)-1


6-(tert-Butyldimethylsilyloxy)octanal (17). PCC (1.44 g,
6.68 mmol) was added portionwise to a solution of alcohol 16
(1.13 g, 4.34 mmol, see the ESI†) in dry CH2Cl2 (20 mL) and the
mixture stirred for two hours. Et2O (50 mL) was added to dilute
the mixture and the brown solution filtered through a celite/silica
plug. The organic filtrate was concentrated in vacuo and the crude
product purified by flash chromatography (1 : 20 EtOAc–hexane)
to give aldehyde 17 (0.93 g, 83%) as a colourless oil. Anal. found:
C, 65.1; H, 12.0. Calc. for C14H30O2Si: C, 65.1; H, 11.7%; dH


(500 MHz, CDCl3) 0.00 (3 H, s), 0.01 (3 H, s), 0.82 (3 H, t, J
7.4), 0.85 (9 H, s), 1.21–1.47 (6 H, m), 1.60 (2 H, pentet, J 7.4),
2.40 (2 H, t, J 7.4), 3.55 (1 H, pentet, J 5.6), 9.73 (1 H, bs); dC


(125 MHz, CDCl3) −4.5, −4.4, 9.5, 18.1, 22.3, 24.9, 25.9 (3 C),
29.7, 36.2, 43.9, 73.1, 202.7; m/z (EI) 257 (M+-1, 0.1%), 229 (3),
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201 (19), 173 (7), 159 (10), 131 (38), 109 (27), 75 (100), 73 (68),
67 (45).


2,11-Bis(tert-butyldimethylsilyloxy)tridec-4-yn-6-ol (19). Butyl-
lithium (1.2 M solution in hexanes, 3.0 mL, 3.60 mmol) was added
dropwise to a stirred solution of alkyne 18 (0.70 g, 3.53 mmol)
in dry THF (15 mL) at −10 ◦C under nitrogen. The solution
was stirred at −10 ◦C for 30 minutes and aldehyde 17 (0.83 g,
3.21 mmol) in dry THF (6 mL) added slowly by syringe. After
stirring for 30 minutes, saturated NH4Cl solution (20 mL) was
added, the organic layer diluted with Et2O (20 mL) and the layers
separated. The aqueous phase was extracted with Et2O (3 × 20
mL) and the combined organic extracts washed with H2O (20
mL) and saturated NaCl solution (20 mL), dried over MgSO4 and
concentrated in vacuo. Purification by flash chromatography (1 : 20
EtOAc–hexane) yielded a diastereomeric mixture of propargylic
alcohols 19 (0.86 g, 59%), as a colourless oil. Anal. found: C, 66.1;
H, 11.8. Calc. for C25H52O3Si2: C, 65.7; H, 11.5%; dH (500 MHz,
CDCl3) 0.012 (6 H, s), 0.044 (3 H, s), 0.051 (3 H, s), 0.83 (3 H, t, J
7.4), 0.862 (9 H, s), 0.864 (9 H, s), 1.19 (3 H, d, J 6.1), 1.21–1.48
(8 H, m), 1.59–1.68 (2 H, m), 1.70 (1 H, bs), 2.24 (1 H, dddd, J
16.4, 7.1, 2.0, 1.1), 2.35 (1 H, ddd, J 16.4, 5.6, 1.9), 3.55 (1 H,
pentet, J 5.6), 3.91 (1 H, sextet, J 6.1), 4.30–4.34 (1 H, m); dC


(125 MHz, CDCl3) −4.76, −4.65, −4.48, −4.44, 9.6, 18.10, 18.15,
23.3, 25.03 and 25.05, 25.41 and 25.43, 25.8 (3C), 25.9 (3C), 29.6,
29.7, 36.4, 38.1, 62.68 and 62.69, 67.62 and 67.63, 73.3, 82.70 and
82.72, 82.76 and 82.78; m/z (EI) 427 (M+−29, 0.1%), 399 (0.2),
267 (5), 185 (2), 173 (9), 159 (66), 119 (57), 103 (31), 75 (91), 73
(100).


2,11-Bis(tert-butyldimethylsilyloxy)tridec-4-yn-6-one (20).
PDC (1.35 g, 3.58 mmol) was added portionwise to a solution of
propargylic alcohols 19 (0.82 g, 1.79 mmol) in dry CH2Cl2 (30
mL) at 0 ◦C. The mixture was warmed to room temperature and
stirred for 20 hours. Et2O (30 mL) was added to dilute the mixture
and the solution filtered through a celite plug. The organic filtrate
was concentrated in vacuo and the crude oil purified by flash
chromatography (1 : 20 EtOAc–hexane) to yield propargylic
ketone 20 (0.68 g, 84%). Anal. found: C, 66.1; H, 11.4. Calc. for
C25H50O3Si2: C, 66.0; H, 11.1%; dH (500 MHz, CDCl3) 0.003 (3 H,
s), 0.007 (3 H, s), 0.048 (3 H, s), 0.056 (3 H, s), 0.82 (3 H, t, J 7.5),
0.855 (9 H, s), 0.863 (9 H, s), 1.22 (3 H, d, J 6.1), 1.20–1.46 (6 H,
m), 1.58–1.67 (2 H, m), 2.41 (1 H, dd, J 17.0, 6.5), 2.48 (1 H, dd,
J 17.0, 5.8), 2.50 (2 H, t, J 7.5), 3.54 (1 H, pentet, J 5.7), 3.99
(1 H, sextet, J 6.1); dC (125 MHz, CDCl3) −4.85, −4.66, −4.51,
−4.45, 9.5, 18.01, 18.12, 23.5, 24.3, 24.7, 25.7 (3 C), 25.9 (3 C),
29.7, 29.8, 36.2, 45.5, 66.9, 73.1, 82.0, 91.3, 188.1; m/z (EI) 455
(M+ +1, 0.01%), 425 (0.1), 397 (3), 265 (17), 221 (10), 195 (10),
169 (21), 159 (62), 115 (24), 103 (36), 75 (68), 73 (100).


2,11-Bis(tert-butyldimethylsilyloxy)tridecan-6-one (24). Pd/C
(60 mg, 10% wt Pd) was added to a stirred solution of propargylic
ketone 20 (0.61 g, 1.34 mmol) in dry THF (10 mL) and was
subjected to two evacuation/H2 cycles. The reaction was stirred
at room temperature, under an ambient pressure of hydrogen
(balloon) for 90 minutes before being filtered through a celite
plug and the filtrate concentrated in vacuo. The crude product
was purified by flash chromatography (1 : 20 EtOAc–hexane) to
afford saturated ketone 24 (0.57 g, 92%) as a colourless oil. Anal.
found: C, 65.7; H, 12.3. Calc. for C25H54O3Si2: C, 65.4; H, 11.9%;


dH (500 MHz, CDCl3) 0.002 (3 H, s), 0.007 (3 H, s), 0.018 (3 H, s),
0.020 (3 H, s), 0.82 (3 H, t, J 7.4), 0.86 (18 H, s), 1.09 (3 H, d, J
6.1), 1.18–1.67 (12 H, m), 2.359 (2 H, t, J 7.5), 2.363 (2 H, t, J 7.4),
3.54 (1 H, pentet, J 5.7), 3.76 (1 H, sextet, J 6.1); dC (125 MHz,
CDCl3) −4.74, −4.49, −4.44, −4.40, 9.6, 18.10, 18.13, 20.2, 23.7,
24.1, 25.0, 25.88 (3 C), 25.90 (3 C), 29.7, 36.3, 39.1, 42.7, 42.8,
68.3, 73.2, 211.2; m/z (EI) 457 (M+-1, 0.1%), 429 (0.04), 401 (5),
269 (16), 227 (10), 185 (19), 173 (18), 159 (15), 145 (25), 95 (19),
75 (100), 73 (66).


2-Methyl-8-ethyl-1,7-dioxaspiro[5.6]dodecane ((E,E)-1). TsOH·
H2O (69 mg, 0.36 mmol) was added to a stirred solution of
saturated ketone 24 (80 mg, 0.17 mmol) in MeOH (2 mL), and
the reaction stirred at room temperature for 22 hours. H2O (5 mL)
and pentane (5 mL) were added to the mixture and the layers
separated. The aqueous phase was extracted with pentane (3 × 5
mL) and the combined organic extracts washed with cold saturated
NaHCO3 solution (2 × 10 mL) and saturated NaCl solution (10
mL), dried over MgSO4 and concentrated cautiously in vacuo (the
rotary evaporator bath was chilled to 5 ◦C and receiving flask
0 ◦C). The crude product was purified by flash chromatography
(10% CH2Cl2 in pentane), and then further purified by preparative
GC (Shimadzu GC-9A, OV3 column, isothermal temperature of
150 ◦C) to give (E,E)-1 (5 mg, 14%). dH (750 MHz, C6D6) 0.93 (3
H, t, J 7.5), 1.09–1.19 (2 H, m), 1.18 (3 H, d, J 6.3), 1.21 (1 H, td,
J 13.0 and 4.1), 1.33–1.55 (7 H, m), 1.56–1.62 (1 H, m), 1.66–1.70
(1 H, m), 1.83–1.93 (3 H, m), 1.95 (1 H, qt, J 13.1 and 3.8), 3.77 (1
H, dddd, J 10.3, 6.8, 4.8, 1.1), 4.00 (1 H, dqd, J 12.0, 6.3 and 2.5);
dC (187.5 MHz, C6D6) 10.2, 19.8, 22.4, 22.8, 29.7, 30.7, 33.6, 35.1,
35.9, 42.5, 66.8, 71.9, 100.1; m/z (EI) 212 (M+, 1%), 197 (0.4), 183
(19), 168 (2), 154 (9), 143 (30), 140 (14), 125 (64), 115 (100), 112
(78), 97 (54), 83 (20), 69 (22), 55 (50), 41 (32); HRMS (ESI) found:
235.1671. Calc. for C13H24O2Na: 235.1674.


Synthesis of enantiomerically pure (E,E)-(2S,6R,8S)-1


(2S)-2,11-Bis(tert-butyldimethylsilyloxy)trideca-4,7-diyn-6-one
((2S)-23). To a cooled solution (−40 ◦C) of alkyne 21 (162 mg,
0.7 mmol, see the ESI†) in THF (20 mL) under an inert
atmosphere was added dropwise a solution of methyllithium
(0.7 M, 1.0 mL). The solution was left stirring for 30 min at the
same temperature and then Weinreb amide (2S)-22 (170 mg,
0.6 mmol) in THF (5 mL) was added dropwise. At the end of
the addition, the cooling bath was removed and after stirring for
another hour at room temperature, the reaction was quenched by
addition of a saturated NH4Cl solution (20 mL). After extraction
into ether (3 × 30 mL), the organic layer was washed with brine,
dried (MgSO4) and concentrated in vacuo. The crude residue was
purified by flash chromatography eluting with 5% ether in hexane
to afford (2S)-23 (190 mg, 84%) as a colourless oil. (Found:
C, 66.3; H, 10.4. Calc. for C25H46O3Si2: C, 66.6; H, 10.3%); dH


(400 MHz, CDCl3) 0.037 (3 H, s), 0.041 (3 H, s), 0.058 (3 H, s),
0.075 (3 H, s), 0.85 (3 H, t, J 7.5), 0.87 (18 H, s), 1.22 (3 H, d, J
6.1), 1.41–1.50 (2 H, m), 1.61–1.75 (2 H, m), 2.40–2.54 (4 H, m),
3.61 (1 H, quintet, J 5.8), 4.01 (1 H, sextet, J 6.1); dC (100 MHz,
CDCl3) −4.68, −4.66, −4.38, 9.2, 15.2, 18.01, 18.06, 23.7, 25.7,
25.8, 29.6, 30.0, 33.9, 66.9, 71.7, 82.2, 83.2, 91.8, 95.0, 161.2; m/z
(EI) 450 (M+•−15, 0.01%), 393 (8). 261 (9), 217 (10), 159 (38), 115
(18), 103 (26), 73 (100).
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(2S)-2,11-Bis(tert-butyldimethylsilyloxy)tridecan-6-one ((2S)-
24). Palladium adsorbed on charcoal (5 mg, 5%) was added
to a solution of (2S)-23 (175 mg, 0.4 mmol) in ethyl acetate
(5 mL) and triethylamine (0.2 mL). The flask was purged with
nitrogen, evacuated and stirred under hydrogen (balloon, 1 atm).
The reduction was followed by GC and when complete, the flask
was purged with nitrogen and the mixture filtered through a bed of
celite then concentrated in vacuo. The residue was purified by flash
chromatography (5% ether in hexane) to yield saturated ketone
(2S)-24 (160 mg, 90%) as a colourless oil. (Found: C, 65.1; H,
12.2. Calc. for C25H54O3Si2: C, 65.4; H, 11.9%); dH (400 MHz,
CDCl3) 0.006 (3 H, s), 0.012 (3 H, s), 0.023 (6 H, s), 0.83 (3 H, t,
J 7.3), 0.86 (18 H, s), 1.09 (3 H, d, J 6.0), 1.19–1.69 (12 H, m),
2.37 (4 H, t, J 6.6), 3.54 (1 H, quintet, J 5.7), 3.76 (1 H, sextet, J
6.0); dC (100 MHz, CDCl3) −4.7, −4.5, −4.42, −4.38, 9.6, 18.12,
18.15, 20.2, 23.7, 24.1, 25.0, 25.9, 29.7, 36.3, 39.1, 42.8, 42.9, 68.4,
73.2, 211.3; m/z (EI): 457 (M+• −1, 0.01%), 401 (2), 269 (9), 227
(8), 199 (12), 185 (14), 145 (27), 75 (100).


(2S)-2-Methyl-8-ethyl-1,7-dioxaspiro[5.6]dodecane ((E,E)-(2S,
6R,8S)-1). Saturated ketone (2S)-24 (140 mg, 0.3 mmol) was
added to an aqueous solution of acetic acid (6 mL, 75%) and
heated at 50 ◦C overnight. The solution was allowed to cool
to RT and extracted with pentane (4 × 30 mL). The organic
phase was added cautiously to ice cold NaHCO3 (20 mL, sat.)
and allowed to stir for 5 min. The pentane layer was separated,
dried with MgSO4 and concentrated cautiously in vacuo (the rotary
evaporator bath was chilled to 5 ◦C and receiving flask to 0 ◦C).
The crude oil was purified by flash chromatography eluting with
pentane to afford (E,E)-(2S,6R,8S)-1 (20 mg, 31%) as a colourless
liquid. Enantiomeric excess estimated by enantioselective GC to
be greater than 99.5%. Spectral data was identical to that reported
for racemic 1.


Synthesis of racemic (E,E)-25


6-(tert-Butyldimethylsilyloxy)heptanal (27). PCC (1.31 g,
6.08 mmol) oxidation of alcohol 26 (1.00 g, 4.06 mmol, see the
ESI†) in dry CH2Cl2 (20 mL) was performed as described for
the synthesis of aldehyde 17. Purification of the crude product by
flash chromatography (1 : 20 EtOAc–hexane) afforded aldehyde
27 (0.64 g, 65%) as a colourless oil. Anal. found: C, 63.9; H, 11.8.
Calc. for C13H28O2Si: C, 63.9; H, 11.55%; dH (500 MHz, CDCl3)
0.00 (3 H, s), 0.01 (3 H s), 0.85 (9 H, s), 1.08 (3 H, d, J 6.10),
1.25–1.45 (4 H, m), 1.56–1.65 (2 H, m), 2.40 (2 H, td, J 7.4, 1.8),
3.71–3.79 (1 H, m), 9.73 (1 H, t, J 1.8); dC (125 MHz, CDCl3) −4.8,
−4.4, 18.1, 22.1, 23.8, 25.3, 25.9 (3 C), 39.3, 43.9, 68.3, 202.7; m/z
(EI) 243 (M+-1, 0.1%), 187 (18), 159 (8), 145 (15), 131 (42), 95 (35),
75 (100), 73 (51).


2,11-bis(tert-Butyldimethylsilyloxy)dodec-4-yn-6-ol (28). De-
protonation of alkyne 18 (0.54 g, 2.72 mmol) with n-BuLi
(2.27 mL, 1.2 M solution in hexanes, 2.72 mmol) and addition
to aldehyde 27 (0.60 g, 2.45 mmol) in anhydrous THF (15 mL),
was carried out as described for the preparation of propargylic
alcohol 19. Purification by flash chromatography (1 : 20 EtOAc–
hexane) yielded a diastereomeric mixture of propargylic alcohols
28 (0.85 g, 78%) as a colourless oil. Anal. found: C, 65.3; H, 11.8.
Calc. for C24H50O3Si2: C, 65.1; H, 11.4%; dH (500 MHz, CDCl3)
0.017 (3 H, s), 0.021 (3 H, s), 0.044 (3 H, s), 0.051 (3 H, s), 0.859


(9 H, s), 0.864 (9 H, s), 1.09 (3 H, d, J 6.1), 1.19 (3 H, d, J 6.1),
1.21–1.47 (6 H, m), 1.58–1.70 (2 H, m), 2.24 (1 H, dddd, J 16.4,
7.1, 1.8, 1.0), 2.35 (1 H, ddd, J 16.4, 5.6, 1.9), 3.71–3.78 (1 H, m),
3.91 (1 H, m), 4.32 (1 H, tt, J 6.6, 1.9); dC (125 MHz, CDCl3)
−4.76, −4.72, −4.65, −4.41, 18.10, 18.14, 23.3, 23.8, 25.24 and
25.26, 25.6, 25.80 (3 C), 25.90 (3 C), 29.6, 38.1, 39.6, 62.67 and
62.68, 67.62 and 67.63, 68.49, 82.70 and 82.72, 82.78 and 82.76;
m/z (EI) 442 (M+, 0.1%), 385 (0.1), 293 (4), 253 (5), 159 (72), 119
(72), 103 (38), 75 (100), 73 (93).


2,11-bis(tert-Butyldimethylsilyloxy)dodec-4-yn-6-one (29).
PDC (1.36 g, 3.62 mmol) oxidation of propargylic alcohols 28
(0.80 g, 1.81 mmol) in dry CH2Cl2 (30 mL) was carried out as
described for the synthesis of propargylic ketone 20. Purification
by flash chromatography (1 : 20 EtOAc–hexane) gave propargylic
ketone 29 (0.68 g, 86%) as a colourless oil. Anal. found: C, 65.1;
H, 11.2. Calc. for C24H48O3Si2: C, 65.4; H, 11.0%; dH (500 MHz,
CDCl3) 0.006 (3 H, s), 0.012 (3 H, s), 0.046 (3 H, s), 0.054 (3 H,
s), 0.85 (9 H, s), 0.86 (9 H, s), 1.08 (3 H, d, J 6.1), 1.21 (3 H, d, J
6.1), 1.21–1.43 (4 H, m), 1.58–1.67 (2 H, m), 2.41 (1 H, dd, J 17.0,
6.5), 2.48 (1 H, dd, J 17.0, 5.7), 2.50 (2 H, t, J 7.5), 3.71–3.78
(1 H, m), 3.91 (1 H, sextet, J 6.1); dC (125 MHz, CDCl3) −4.85,
−4.76, −4.66, −4.42, 18.01, 18.10, 23.5, 23.8, 24.1, 25.1, 25.7 (3
C), 25.9 (3 C), 29.8, 39.3, 45.5, 66.9, 68.3, 82.0, 91.2, 188.1; m/z
(EI) 441 (M+ +1, 0.02%), 383 (3), 251 (11), 207 (14), 169 (22), 159
(90), 115 (23), 103 (43), 75 (71), 73 (100).


2,11-bis(tert-Butyldimethylsilyloxy)dodecan-6-one (30). Hy-
drogenation of propargylic ketone 29 (0.61 g, 1.38 mmol) with
Pd/C (60 mg, 10% wt Pd) and hydrogen gas in THF (10 mL)
as described for the synthesis of 24, afforded saturated ketone
30 (0.59 g, 96%) as a colourless oil, after purification by flash
chromatography (1 : 20 EtOAc–hexane). Anal. found: C, 65.0;
H, 12.0. Calc. for C24H52O3Si2: C, 64.8; H, 11.8%; dH (500 MHz,
CDCl3) 0.009 (3 H, s), 0.016 (3 H, s), 0.019 (3 H, s), 0.022 (3 H,
s), 0.85 (9 H, s), 0.86 (9 H, s), 1.08 (3 H, d, J 6.0), 1.09 (3 H, d, J
6.1), 1.20–1.45 (6 H, m), 1.47–1.66 (4 H, m), 2.360 (2 H, t, J 7.5),
2.364 (2 H, t, J 7.4), 3.71–3.80 (2 H, m); dC (125 MHz, CDCl3)
−4.7 (2 C), −4.4 (2 C), 18.10, 18.12, 20.2, 23.7, 23.8, 23.9, 25.4,
25.9 (6 C), 39.1, 39.4, 42.7, 42.8, 68.3, 68.4, 211.2; m/z (EI) 443
(M+-1, 0.03%), 387 (5), 255 (12), 213 (13), 199 (15), 185 (21), 163
(22), 145 (35), 119 (20), 75(100), 73 (69).


2,8-Dimethyl-1,7-dioxaspiro[5,6]dodecane ((E,E)-25). TsOH·
H2O (0.22 g, 1.16 mmol) was added to a stirred solution of
saturated ketone 30 (0.25 g, 0.56 mmol) in anhydrous MeOH (3
mL), and the reaction stirred at room temperature for 22 hours.
The mixture was diluted by the addition of pentane (10 mL),
and solid NaHCO3 added to basify the solution (pH 9). After
the addition of H2O (15 mL), the two phases were separated
and the aqueous phase was extracted with pentane (3 × 15 mL).
The combined organic extracts were washed with brine (20 mL),
dried over MgSO4 and concentrated cautiously in vacuo (the rotary
evaporator bath was chilled to 5 ◦C and receiving flask 0 ◦C). The
crude residue was purified by preparative GC (Shimadzu GC-9A,
OV3 column, isothermal temperature of 150 ◦C) to afford (E,E)-
25 (21 mg, 19%) as the only isolable product. dH (500 MHz, C6D6)
1.07–1.23 (3 H, m), 1.15 (3 H, d, J 6.3), 1.18 (3 H, d, J 6.3), 1.32–
1.47 (6 H, m), 1.59–1.67 (1 H, m), 1.82–1.91 (3 H, m), 1.97 (1 H,
qt, J 13.3, 3.9), 3.91–3.99 (2 H, m); dC (125 MHz, C6D6) 19.7, 22.4,
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22.7, 23.6, 29.9, 33.6, 35.7, 38.2, 42.7, 66.77, 66.82, 100.0; m/z (EI)
198 (M+, 3%), 183 (4), 154 (8), 129 (39), 126 (25), 125 (42), 115
(69), 112 (78), 111 (40), 97 (43), 83 (50), 69 (74), 55 (100), 41 (93);
HRMS (ESI) found: 221.1518. Calc. for C12H22O2Na: 221.1517.


Mass spectral data of 2-methyl-1,7-dioxaspiro[5.6]dodecane (7).
m/z (EI) 184 (M+, 10%), 169 (0.6), 154 (1), 140 (5), 125 (52), 115
(93), 112 (100), 97 (67), 83 (23), 73 (36), 69 (89), 55 (97), 41 (91)


Chiral GCMS conditions


Chiral GCMS analyses were performed on a Shimadzu GC-
17A, with a Shimadzu GCMS-QP5050 detector, using a 25 m
b-cyclodextrin column (0.22 mm internal diameter) at a column
pressure of 92.7 kPa and total flow of 8.7 ml min−1.


Temperature program: 40 ◦C for 2 minutes, 5 ◦C min−1 until
120 ◦C; 1 ◦C min−1 until 180 ◦C.


MS Parameters: single ion monitoring (SIM) m/z 212, 183, 143,
125, 112.


B. tryoni abdominal extracts


Female B. tryoni were laboratory reared on a standard artificial
diet of protein hydrolysate, sugar and water for 10–14 days post
emergence. The abdominal tips of 150 flies were then removed
by dissection and soaked in pentane (∼1 mL). The extract was
analysed under chiral GCMS conditions.


Mass spectral data of B. tryoni spiroacetals


2,7-Dimethyl-1,6-dioxaspiro[4.5]decane (8, isomer 1). m/z (EI)
170 (M+, 4%), 155 (4), 126 (15), 115 (14), 111 (7), 101 (100), 100
(27), 99 (13), 98 (87), 83 (30), 69 (15), 57 (24), 55 (59), 43 (83), 41
(41).


2-Methyl-1,6-dioxaspiro[4.5]decane (9, isomer 1). m/z (EI) 156
(M+, 2%), 141 (1), 128 (3), 112 (10), 101 (74), 100 (26), 98 (34), 83
(24), 55 (41), 43 (100), 41 (57).


2,7-Dimethyl-1,6-dioxaspiro[4.5]decane (8, isomer 2). m/z (EI)
170 (M+, 6%), 155 (4), 126 (9), 115 (9), 111 (7), 101 (100), 100 (22),
99 (9), 98 (76), 83 (27), 69 (16), 57 (28), 55 (54), 43 (98), 41 (56).


2-Methyl-1,6-dioxaspiro[4.5]decane (9, isomer 2). m/z (EI) 156
(M+, 5%), 141 (3), 128 (4), 112 (9), 101 (100), 100 (42), 98 (43), 83
(34), 55 (50), 43 (81), 41 (55).


(E,E)-2,8-Dimethyl-1,7-dioxaspiro[5.5]undecane ((2R,6S,8R)-
10 and (2S,6R,8S)-10). m/z (EI) 184 (M+, 12%), 169 (2), 140
(14), 125 (7), 115 (91), 114 (44), 112 (100), 97 (68), 83 (20), 69 (41),
55 (58), 43 (46), 41 (35).


(E,E)-2-Ethyl-7-methyl-1,6-dioxaspiro[4.5]decane ((E,E)-11).
m/z (EI) 184 (M+, 5%), 169 (3), 155 (27), 140 (10), 126 (7), 115
(100), 114 (33), 112 (59), 97 (66), 85 (35), 83 (23), 69 (33), 57 (42),
55 (65), 43 (83), 42 (57), 41 (58).


2,7-Dimethyl-1,6-dioxaspiro[4.5]decane (8, isomer 3). m/z (EI)
170 (M+, 20%), 155 (3), 125 (8), 115 (21), 112 (20), 101 (86), 100
(30), 98 (100), 83 (48), 70 (23), 69 (23), 56 (39), 55 (76), 43 (22), 42
(22), 41 (48).


(E,Z)-2-Ethyl-7-methyl-1,6-dioxaspiro[4.5]decane ((E,Z)-11).
m/z (EI) 184 (M+, 9%), 169 (3), 155 (38), 140 (11), 126 (7), 115
(100), 114 (27), 112 (69), 97 (77), 85 (43), 83 (31), 69 (52), 57 (40),
55 (91), 43 (70), 42 (49), 41 (54).


(E,E)-2-Ethyl-8-methyl-1,7-dioxaspiro[5.5]undecane ((2S,6R,
8S)-12). m/z (EI) 198 (M+, 19%), 183 (2), 169 (16), 154 (10),
140 (17), 129 (52), 128 (23), 126 (34), 115 (100), 114 (35), 112 (84),
111(42), 97 (65), 83 (52), 69 (55), 68(45), 55 (98), 43 (64), 41 (72).


(E,Z)-2,8-Dimethyl-1,7-dioxaspiro[5.5]undecane ((2S,6S,8R)-
13 and (2R,6R,8S)-13). m/z (EI) 184 (M+, 7%), 169 (3), 140
(4), 125 (5), 115 (100), 114 (34), 112 (40), 97 (78), 83 (10), 73 (17),
69 (45), 55 (44), 43 (44), 42 (26), 41 (39).


(2S,6R,8S)-2-Ethyl-2,8-dimethyl-1,7-dioxaspiro[5.5]undecane
((2S,6R,8S)-14). m/z (EI) 212 (M+, 2), 197 (3), 183 (13), 143
(15), 142 (11), 140 (8), 125 (37), 115 (21), 112 (33), 97 (19), 83 (29),
55 (93), 43 (100).


(E,E)-2-Methyl-8-propyl-1,7-dioxaspiro[5.5]undecane ((2S,6R,
8S)-15). m/z (EI) 212 (M+, 13), 169 (16), 143 (34), 140 (39),
140 (8), 125 (38), 115 (21), 114 (26), 112 (81), 97 (87), 83 (26), 69
(36), 55 (99), 43 (88), 42 (52), 41 (75).
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